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Water in cellulose: evidence and identification of immobile and mobile adsorbed 

phases by 2H MAS NMR 

E.L. Lindha,b,c,†, C. Terenzia,b,†,‡,*, L. Salménb,c, I. Furóa 

The organization of water molecules adsorbed onto cellulose and the supramolecular hydrated structure 

of microfibril aggregates remains one of the open and complex questions in the physical chemistry of 

natural polymers. Here, we investigate by 2H MAS NMR the mobility of water molecules in carefully 
2H-exchanged, and thereafter re-dried, microcrystalline cellulose. By subtracting the spectral 

contribution of deuteroxyls from the spectrum of hydrated cellulose, we demonstrate the existence of 

two distinct 2H2O spectral populations associated with mobile and immobile water environments, 

between which the water molecules do not exchange at the NMR observation time scale. We conclude 

that those two water phases are located at differently-accessible adsorption sites, here assigned to the 

cellulose surfaces between and within the microfibril aggregates, respectively. The superior 

performance of 2H MAS NMR encourages further applications of the same method to other complex 

systems that expose heterogeneous hygroscopic surfaces, like wood cell walls or novel biocomposites.  

 Introduction 

One of the leading challenges in the study of the ever-increasing family of new materials derived by 

cellulose - the most available and useful natural polymer - is to fully understand the way in which water 

molecules are organized upon adsorption onto the cellulose microfibrils.1-7 There are many entangled 

reasons why a definite answer to this apparently simple question, pertinent also to other systems,8 still 

seems to elude us. Cellulose has a strong affinity for other hydroxyl-bearing systems, specifically for 

small molecules like water. In addition, it has a complex supramolecular organization with anisotropic 

microfibrils – stabilized by van der Waals interactions and by a network of intra- and inter-molecular 

hydrogen bonds – joined into larger microfibril aggregates. As the detailed physico-chemical structure 

of cellulose remains itself a matter of lively debate, inhomogeneities such as (i) the site-specific 

reactivity of surface hydroxyls and (ii) the existence of crystalline and amorphous domains, differently 

accessible to adsorbed water, inherently add further complexities. 

Besides being of fundamental interest, the interaction of cellulose with water carries a lot of 

practical importance, too.  

As one well-known example, the mechanical properties and structural stability of cellulose9,10 

are intimately connected to its hydration state. As another example, the processing of cellulose by 
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enzymatic degradation also exhibits a water content dependence.11 Likewise, other biomolecules depend 

on water in order to function: in particular, the enzymatic activity of proteins typically ceases under dry 

conditions. Besides adjacent to protein surfaces, water in proteins may also exist as deeply-buried and 

strongly-hindered molecules, which may undergo very slow exchange with the surrounding mobile 

water phase, and thus can be seen as a structural element of the protein.12-18 Hence, understanding the 

state of immobile water molecules in hydrated natural polymers has a high biological relevance. 

Here, we investigate the state of the water adsorbed in cellulose (hereby referred to as WAC), 

i.e. of water molecules that exist in cellulose at moisture contents far below the fiber saturation point1, 

or, with alternative formulation, far below capillary condensation.2 This fraction is generally called 

“bound water”, typically further sub-classified as “strongly bound”, “moderately bound” or “weakly 

bound”, a nomenclature that is rather qualitative, prone to controversy and, thus, far from strict.3 Clearly, 

an unambiguous and quantitative classification of this water phase is not an easy task3,19 and we find 

that, in cellulose, there has been given little19 evidence that such phases exist as discrete populations. 

As we are going to demonstrate below by 2H magic-angle-spinning (MAS) NMR spectroscopy20 

measurements, two distinct WAC phases do exist in cellulose fibers as concerning mobility and resulting 
2H NMR behavior, with the minor population exhibiting molecular dynamics that is significantly slower 

than that shown by the other, more mobile, water population.  
2H NMR studies for the quantitative investigation of WAC must involve 2H2O molecules added 

to the system under highly controlled conditions during the sample preparation (to this point, essential 

in the present study, we will return later). Yet, the advantages of 2H NMR - over that of the more 

frequently chosen 1H nuclei - are several. First, 2H NMR is more selective, because the largest and 

unreactive part of cellulose – including non-exchangeable hydroxyl groups – does not contribute to the 

recorded 2H spectrum.21,22 Second, the dominant spectral broadening mechanism for cellulose-water 

systems with high 1H-density is the multi-spin dipole-dipole interaction20,23,24, of both intra- and inter-

molecular character. In addition, the 1H spectral sensitivity is even more reduced in heterogeneous 

samples for another reason, namely the magnetic-field inhomogeneity, which in turn provides a 6-fold 

larger line broadening (as set by the respective gyromagnetic factors) than that found in 2H spectra. In 
2H NMR the dominant spin interaction is instead the quadrupole coupling, of intra-molecular and single-

spin character. As a consequence, 2H nuclei are more sensitive probes of the intra-molecular dynamics 

of WAC than 1H nuclei, and this has been recently proven to be of practical advantage when studying 

water mobility in cellulose nanocomposites.25,26 In general, broad 2H NMR spectra of “Pake pattern” 

(or, “powder pattern”) character20,23,24,27 are expected for immobile molecules, as opposed to the narrow 

Lorentzian peaks typical of mobile domains, with characteristic motionally averaged spectral shapes for 

molecules experiencing intermediate dynamical regimes.26,28,29  

The most direct precursors and motivators to our present work are both 2H and 1H spectroscopic 

studies of WAC.30-32 Regarding 2H NMR spectroscopy directed toward detecting line shapes, there are 
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two main approaches. In conventional 2H single-pulse experiments, broad spectral components (say, 10-

20 kHz wide or wider) are not detected for instrumental reasons. Using such conventional 

measurements, Vittadini et al32 investigated cellulose samples with different water contents. At low 

water content, the authors reported no detectable 2H NMR signal, evidence which led those authors to 

the hypothesis that some water molecules may be rather immobile at those hydration levels. Earlier than 

the work of Vittadini et al32, Radloff et al31 used quadrupole echo (QE) as detection method on cellulose 

systems. This pulse sequence33, combined with the use of short (few μs) 90° pulses, refocuses the large 

quadrupolar broadening and, as a result, both broad and narrow spectral components can be detected. 

Radloff et al31 detected water molecules in sparsely hydrated cellulose samples that, at low temperature, 

exhibited dominantly broad 2H spectra, and thereby very slow molecular dynamics. More recently, 

Garvey et al30 used a more complex experimental scheme and detected, by 1H NMR, magnetization 

exchange between water and cellulose in paper. The magnitude of the observed exchange rate led the 

latter authors to the conclusion that some water molecules could be in a rather immobile state. Among 

the experimental schemes mentioned above, the most informative method is the one based on 2H QE 

NMR spectroscopy.31,34,35 Yet, a major shortcoming of that method is that the relevant 2H NMR intensity 

is spread over a large spectral range and, therefore, the signal-to-noise ratio (SNR) is inherently low. 

This makes it difficult to achieve reliable spectral subtraction or decomposition that is necessary for the 

identification and quantitation of distinct molecular populations,22,36 in our present case different water 

molecules with fast or, if any, slow molecular dynamics. 

Hence, here we rely mainly on a different approach: 2H MAS NMR. While the corresponding 

high-resolution solid-state method of 13C MAS NMR is a frequent tool for investigating cellulosic 

materials,37-40 2H MAS NMR has been used only sparingly for investigating cellulose systems41 (though, 

it is more popular in other bio-fibrous materials42) and has not been previously applied for detailed 

investigation of WAC. In general, 2H NMR relaxation experiments26,32,43 have been used in cellulose 

and related materials far less than corresponding 1H ones, even though the interpretation of the latter is 

complicated by various factors, some of which were mentioned above. Recently, 2H line-width data in 

hydrated hemicellulose/cellulose system reported by Terenzi et al26 provided information about fast 

exchange of water molecules between environments characterized by high molecular mobility.  

In 13C MAS NMR studies of cellulose, the main use of the method was to recover the chemical 

sensitivity by removing spectral broadening that obscures the isotropic chemical shift. For that purpose, 

it suffices to investigate the so-called central band. In the 2H MAS experiment presented below, we shall 

mainly rely on the spinning side bands20 (SSBs). The SSBs are located at integer multiples of the 

spinning frequency, their line width is not influenced by the static quadrupole coupling, and their 

intensities follow roughly the spectral shape in the QE-detected NMR spectra, but the SNR is higher for 

the individual narrow SSBs. As has been demonstrated previously in dry 2H-exchanged cellulose,44 2H 

MAS NMR provides useful information about the state of hydroxyls and the site-specific 1H-2H 
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exchange mechanisms.  Here we propose the use of 2H MAS NMR in cellulose containing adsorbed 

water in it. 

Experimental 

Materials and sample preparation. The cellulose samples consisted of microcrystalline cellulose (MCC) 

from cotton linters provided by Sigma-Aldrich, with a crystallinity 58 ± 3 % as estimated by 13C CP 

MAS NMR45  (triplicate samples). The N2-gas used was from Strandmøllen (purity approximately 

99.995 %). The 2H2O used was from Sigma-Aldrich (99.9 atom % 2H). Information regarding 

manufacturer and purity of the inorganic salts used are collected in Table S1 of SI. 

Since we intended to carry out hydrogen-deuterium exchange at maximum efficiency and 

reproducibility, we initially dried (using the same setup as presented below) all our cellulose samples so 

that residual 1H2O was efficiently removed. Indeed, never-dried and dried cellulose have slightly 

different structures (due to hornification46,47) and, thus, it was important for reasons of consistency to 

start from a controlled dry condition. The initial drying step lasted for a week, after which we observed 

no detectable decrease in the sample weight. 

After having been dried, each MCC sample was placed in a separate vessel containing saturated 
2H2O solution of a particular inorganic salt. The used salts and the achieved RH levels are described in 

Table S1 of SI. The RH measurements were performed using suitable data loggers (HOBO UX100-011 

and Testo 174H) placed inside the individual vessels. This equilibration step in controlled 2H2O 

atmosphere lasted for 17 days. The average weight increase shown in Fig. 1 in the 33-93% RH range 

arises mostly from the increase in the water content while, as observed by 2H NMR, a small fraction of 

it is caused by 1H-2H exchange in hydroxyl groups (see below). 2H MAS NMR measurements were 

performed on single replica samples within each series prepared at a given RH. The experimental trend 

in Fig. 1 seems to follow well the expected shape of an adsorption isotherm of type II.2  

Re-dried (partly-deuterated) MCC samples were then prepared by drying each sample, which 

was initially hydrated at a specific 2H2O atmosphere, directly in its own vial (for gravimetric 

measurements) or  MAS rotor. The drying was carried out in a heated vacuum chamber (set to 50 °C) 

connected to a vacuum pump (Alcatel, 2012AC), which generated a pressure of maximum 0.3 mbar 

inside the chamber. The vacuum-oven was placed inside a glove-box (that, for the hydrating step above, 

also contained the tightly-sealed vessels with the respective saturated salt solutions) and the scale 

(Mettler-Toledo ML104) for gravimetric measurements: hence, it was essential to constantly purge the 

glove-box with N2 gas in order to keep the relative-humidity (RH) level uniformly low (namely, under 

the detection limit of 2.5% for the used RH loggers, see above). This arrangement was necessary in 

order to minimize contact with atmospheric 1H2O vapor when handling the dry deuterated cellulose 

samples in the glove-box (e.g., when closing the cellulose-containing vials and MAS NMR rotors in an 

air-tight manner). In our experience, an exposure to environmental moisture of few tens of seconds 
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produces appreciable effects on the 1H-2H exchange. We note that even at 0.3 mbar some 1H2O vapor 

molecules could still remain in the vacuum-chamber and, in turn, unavoidably lead to a small re-

exchange of deuteroxyls in cellulose. This exchange was negligible over 24 hours of re-drying, which 

period in turn was long enough to allow a close to complete removal of the excess adsorbed water. It is 

important to stress here that for the MAS experiments the samples were dried while being within the 

MAS sample-holding rotor. 2H MAS NMR measurements were performed again on those individual 

samples that were investigated previously in their respective hydrated states.  

The mass difference for each MCC sample between its initial dry and re-dried states was on 

average of ca 1.4 wt%. Previous findings of Taniguchi et al48 point to a weight difference due to 

hydrogen-deuteron exchange in similar situations of only about 0.3-0.4 wt%. From the 2H MAS NMR 

intensities in dry deuterated cellulose (dominated by deuteroxyl groups, discussed in more detail below) 

we can estimate (after comparing the intensities to that of suitable reference material,36 in this case d5-

PMMA) that ca 0.4-0.5 wt% of the weight difference is due to exchanging hydroxyl protons to heavier 

deuterons and, therefore, the samples may contain about 1 wt% water after the re-drying procedure used 

here. We note that the samples investigated previously by Vittadini et al32 were initially dried by freeze-

drying. As it seems to be rather well established,49 such procedure may leave a few wt% of water 

adsorbed on cellulose, and thus the actual moisture contents in the samples of that work could not be 

reliably considered as reference for our study. 

 

Figure 1. Mass gain upon hydration, expressed as weight fraction of the initially dry cellulose (MCC) 

samples kept at selected relative humidities. The dashed line is a polynomial fit serving as a guide to 

the eye. The estimated standard deviation of +/- 0.5% is represented by the symbol size. 

2H NMR measurements. The 2H QE NMR spectra were recorded on a Bruker Avance II 300 

spectrometer equipped with a high-power static solenoid NMR probe. The samples were closed in an 

air-tight manner in short (5-mm) glass NMR tubes. The spectra were recorded at room temperature and 
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at a resonance frequency of 46.05 MHz. The length of the 90° pulse was calibrated to 2.3 µs. The spectra 

presented in Fig. 2 arise from QE-detected inversion recovery experiments performed by the 180 °- τinv-

90 °-τE-90 °-acq  pulse sequence. The echo delay was set to τE = 10 µs and the inversion times, τinv, were 

increased roughly in geometric progression (see Table S2 in SI). The recycle delay was set to 4 s, and 

the individual spectra were obtained by 2k scans. The spectra were created by Fourier transforming the 

time-dependent signal following the actual echo top (where this last procedure was implemented to 

avoid spectral distortions50). Whereas the pulse lengths were rather short, at short inversion times 

unavoidable imperfections in the 180 ° pulses caused signal distortion effects, mostly visible as slightly 

reduced intensities at the edges of the spectra. 

The 2H MAS NMR spectra were recorded on a Bruker Avance HD 500 spectrometer equipped 

with a high-power 4 mm MAS probe. The samples were conventional NMR rotors into which ca 40 mg 

of MCC (depending on the actual moisture content) was tightly packed. The rotor was air-tight as tested 

by observing a constant weight for dry samples before and after the NMR measurements. The 2H MAS 

NMR spectra were recorded at room temperature and at a resonance frequency of 76.1 MHz, using a 

sample spinning speed of 10 kHz. The length of the 90° pulse was calibrated to 3.2 µs. Each spectrum 

was collected with a minimum of 2k scans with a recycle delay of at least 4 s. When comparing the 2H 

MAS NMR signal intensity of the different samples, equilibrated at different RH values, the peaks 

(central peak and SSB manifold) in the spectra between -180 kHz and 180 kHz were integrated. 

Results and discussion 

In the first two sub-sections below, we illustrate and compare the different performances of QE and 

MAS solid-state 2H NMR spectra acquired in MCC samples that were previously hydrated over heavy-

water solutions and subsequently re-dried (thus, respectively, with and without WAC). Additionally, we 

perform a critical review of the limitations and sensitivity of the QE-based 2H NMR approach, already 

adopted a few decades ago for a similar purpose by Radloff et al.31 We then proceed to demonstrate, in 

sub-section 3.2, the superior capability of 2H MAS detection in aiding, under its much improved SNR 

conditions as compared to 2H QE NMR, the quantitative separation of signals arising from distinct 2H 

populations, namely deuteroxyls and adsorbed heavy-water molecules.  Finally, in sub-section 3.3 we 

identify different phases of adsorbed water with strikingly distinct degrees of mobility as is testified by 

their 2H NMR spectral shapes and line-widths. We put particular emphasis here on presenting the 

spectral quantification of the relatively small fraction of immobile WAC.  

 

Individual components within 2H QE NMR spectra of hydrated and re-dried cellulose.   

The 2H QE NMR spectrum of cellulose hydrated in heavy water, acquired using short high-power r.f. 

pulses, is necessarily a composite spectrum with at least two distinct populations.26,31 As heavy-water 

molecules enter the cellulose system, they (i) undergo exchange with some of the accessible44 surface 
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hydroxyl groups and (ii) are adsorbed onto the cellulose microfibrils. Due to their slow (with correlation 

times of microseconds or longer) and anisotropic molecular dynamics deuteroxyls are detected as a very 

broad (~ 200 kHz wide) 2H QE signal.22,44 Contrarily, more mobile adsorbed water molecules exhibit 

faster and isotropic molecular motions and thereby contribute to an intense narrow central peak in the 
2H QE spectrum. Yet, water molecules with more restricted dynamics may give rise to a sub-population 

that does not exhibit the same narrow spectral feature as that of mobile WAC. Addressing this latter 

issue in a quantitative way is the main point of the present paper.  

We found that, although both the spectral assignment and the molecular dynamics assessment 

are undoubtedly more straightforward in 2H than in 1H NMR measurements, properly analyzing the 

composite 2H NMR spectrum of hydrated cellulose in such a way that the different 2H contributions can 

be reliably identified and extracted is far from being a trivial task.  

Radloff et al31 based the separation of their QE-detected broad and narrow signals in cellulose 

on the different longitudinal relaxation times experienced by those individual signal components. One 

of the 2H populations was identified as water and the related spectrum could be recorded after 

suppression (by pre-saturation) of the signal of the other slow-relaxing component. For completeness, 

we report here in Fig. 2 our own 2H QE spectra detected in hydrated (2a) and re-dried (2b) MCC samples 

during an NMR inversion-recovery experiment. The narrow central line in Fig. 2a obviously arises from 

the mobile water molecules. The identification of the remaining spectral component(s) is less 

straightforward, given the low SNR of the measurements. Qualitatively, it is rather clear that there are 

more than one longitudinal relaxation times present even in the case of re-dried cellulose (see Fig. 2b). 

Yet, a more detailed analysis of those data, left alone a quantitative assignment of each distinct 
2H T1 population based on spectral deconvolution, remains prohibitively difficult for several reasons. 

First, the spectral shapes in cellulose re-dried after hydration are not31 the familiar Pake pattern27, 

probably because there exists in the cellulose system a distribution of the magnitude of quadrupole 

coupling and/or of restricted molecular motions.  

Second, in such an anisotropic material the 2H relaxation is also unavoidably anisotropic,51,52 

resulting in different 2H T1 values at different spectral frequencies. Third, the SNR is low due to the 

broad distribution of 2H frequencies in the QE spectrum. The latter issue presents a major limitation in 

quantitative studies of 2H-1H exchange kinetics in cellulose, as lengthening the experiment time (in order 

to average the signal over more acquisitions) far beyond a day as used here is both impractical for 

kinetics studies and may also result in contamination of the deuterated sample by atmospheric water 

during measurements. 

Regarding the main outcome of the results reported by Radloff et al,31 at 300 K the spectral 

component that they assign to water seems to contain both a narrow peak and a broad peak. The latter 

spectral component was recorded by suppressing (with the use of a short recycle delay) any signal 

exhibiting long longitudinal relaxation times.  
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However, in dry deuterated MCC cellulose the 2H MAS signal from 2H-exchanged hydroxyl 

groups exhibits a rather fast-relaxing (with longitudinal relaxation time T1 in the order of 40-60 

milliseconds) component.44 Assuming similar relaxation behavior also in hydrated cellulose one is led 

to conclude that the method used by Radloff et al,31 while yielding an intensity reduction by a factor of 

ca 4-6, does not provide complete suppression of the deuteroxyl signal. Hence, the broad spectral 

component reported by those authors, and attributed merely to water molecules, instead likely contained 

significant contribution from deuteroxyls at room temperature. The water contribution to the broad 

spectral component appeared to be dominant only upon lowering the temperature down to 190 K, which 

was a natural consequence of slowing down the molecular motions of adsorbed water molecules. 

Recently, the same experimental strategy (2H QE with and without saturation filter) was also applied to 

the state of water in hydrated chitosan.53 Assumedly, some of the limitations discussed above may apply 

in that case, too. 
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Figure 2. Time-evolution of the 2H QE NMR spectra of MCC hydrated at 93% RH of 2H2O (a) and 

then re-dried (b). Spectra were recorded at set inversion times (see list of delay times in SI) after an 

180∘ inversion pulse, thus reflecting the longitudinal relaxation of the nuclear magnetization. The inset 

in (a) shows the central peak for the fully-relaxed spectrum of hydrated MCC. Spectral intensities are 

all normalized to the integral amplitude of the equilibrium spectrum in (a). 

We note here that an additional problem in the data of Radloff et al31 is that, at their alleged water content 

of only 1-2 wt %, they detected a relatively intense narrow peak in the 2H spectrum. As reported by 

Vittadini et al,32 and further verified by us on our MCC samples (data not shown), at such low nominal 
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water contents a narrow peak is definitely missing in the conventional 2H spectrum of cellulose. This 

seems to point to the possibility of very inhomogeneously dried samples or of some other imperfections 

in the sample preparation process used by Radloff et al.31 

Individual components within 2H MAS NMR spectra of hydrated and re-dried cellulose. 

For reasons illustrated in the previous section, the 2H NMR approach pursued here relies not on QE but 

on MAS detection. Figures 3a and 3b show the spectra obtained, respectively for samples after being 

hydrated at 33% and 93 % RH of 2H2O (spectra in magenta) and after subsequent re-drying (spectra in 

black). The envelope of the SSB peaks in MAS spectra roughly follows the spectral shape observed in 

the static QE spectra of Fig. 2. Hence, in Fig. 3a one can distinguish a dominant narrow central peak for 

the MCC sample hydrated at 33% RH, which is entirely missing in the spectrum of the same sample 

after re-drying. We note here that a slightly elevated central intensity could be expected in the 2H MAS 

spectral manifold even if the respective static spectrum lacks a central line – this is due to more intricate 

details of rotational averaging.54 

The spectra in Fig. 3 are very broad and exhibit SSBs at integer multiples of the spinning 

frequency offset from the central frequency. Clearly, they arise from 2H nuclei residing within molecules 

that undergo little re-orientational dynamics and the observed spectral broadening is here due to static 

quadrupole coupling. We note that the paired spectra in Figs. 3a and 3b were recorded under identical 

conditions, including the same sample filling factor, and that the samples were all dried within the MAS 

rotors. 

The SNR in the MAS spectra is clearly much higher than that in the QE spectra of Fig. 2. Indeed, 

the SNR for a given narrow SSB is roughly υrot/∆1/2, where υrot is the sample spinning frequency, while 

∆1/2 is the line width of the individual SSB. Hence, upon MAS at 10 kHz and with ∆1/2 ~ 400-500 Hz, 

the SNR of individual SSBs is more than one order of magnitude higher than that obtained, under the 

same experimental conditions, for the QE spectrum. 

The other point regarding data in Fig. 3 is that the dry, partly-deuterated, state was obtained by 

re-drying the same sample from its respective hydrated state, whose characteristic spectrum is also 

reported within the same figure. This is important because the amount of hydroxyl groups exchanged in 

a cellulose sample depends on the actual amount of water that has been adsorbed in it.48 A careful re-

drying procedure is expected to leave unaltered the deuterated hydroxyl groups, which thus are the sole 

contributors to the broad SSB manifold in the dry spectra of Fig. 3. 

Since drying does not remove 2H or 1H from hydroxyls, but only those in water, the difference 

between each pair of spectra in Fig. 3 must provide the spectrum that arises merely from the heavy-

water molecules in the respective hydrated system. The spectral difference for each pair of spectra in 

Fig. 3, along with the additional difference spectrum obtained for another MCC sample prepared at 

intermediate hydration level (namely, 58% RH of 2H2O), are reported in Fig. 4. 



 
11 

 

 

Figure 3. (a) 2H MAS NMR spectra of a hydrated (at 33% RH of 2H2O, magenta) and then re-dried 

(black) MCC sample, both shown in full scale (top) and magnified (bottom) to illustrate the signals 

arising respectively from mobile water (intense central peak) and from the other deuterium-containing 

fractions of the sample (the SSBs spread over a broad frequency range). The spectra are normalized 

relative to the maximum amplitude in the hydrated spectrum. The insets show the central line (top) 

and a selected SSB (bottom). (b) Same as in (a), but for a MCC sample hydrated at 93% RH of 2H2O. 
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The sole assumption behind the adopted subtraction procedure as method yielding results significant for 

the state of water is that the spectral shape of the macromolecular deuteroxyl 2H signals in each sample, 

as measured after hydration and after subsequent re-drying, remains the same. 

 

Figure 4. 2H MAS NMR spectra of water in MCC samples hydrated at different relative humidities of 
2H2O atmosphere. The central lines are truncated at different thresholds; all spectra are relative to the 

maximum intensity of the spectrum at 93% RH (bottom), while the spectra at RH of 58% (middle) and 

33% (top) are shifted vertically for better visibility. Magnified spectra for better visibility are shown in 

SI. 

If anything, one could expect to observe a possible spectral narrowing for the deuteroxyl signals upon 

hydration, if the presence of more water permits faster dynamics of surface hydroxyls. In the latter case, 

the difference spectra in Fig. 4 should as a consequence exhibit negative peaks at the spectral edges of 

each SSB (while closer to the centre the peaks should be positively contributed by deuteroxyl deuterons). 

This is not observed (see also magnified spectra in SI), thus showing that the spectra arising from the 
2HO groups in cellulose are rather insensitive (within our experimental uncertainty) to the removal of 

adsorbed water.  

In addition, if our statement that the spectra in Fig. 4 arise solely from water is true, their total 

(central line + SSBs) integral intensity must be roughly proportional to the mass difference between the 

hydrated/re-dried paired states (although this mass difference includes also a < 0.5 wt% contribution 

from the proton-deuteron exchange48 in some hydroxyl groups, see below). As shown in Fig. 5 this is, 

indeed, the case. We can thus safely conclude that the spectra in Fig. 4 are actually representative of the 

sole contribution arising from adsorbed heavy-water molecules.  

When considering the mass-signal relation one must also recall that, upon putting initially dry 

cellulose in a heavy-water atmosphere, the resulting increase of the mass, ∆m, is contributed by (i) the 

adsorption of a number n(2H2O) of heavy-water molecules and (ii) the 1HO – 2HO exchange occurring 
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at a number n(2HO) of selected hydroxyl sites. As shown below in Eq. 1a, the gravimetric water 

contribution exceeds that of 2HO groups by a factor of 20. 

 

Figure 5. Behavior of the total integral NMR intensity of the water spectra as in Fig. 4 (black filled 

circles) as a function of the mass difference upon re-drying (see RH levels in Fig. 1). The dashed black 

line is a linear fit with zero-intercept. The separate integral intensities for the central peak (blue empty 

circles) and for the SSB manifold (red empty triangles) are also shown. The average standard 

deviation for the total intensity points is +/- 1%. 

On the other hand, Eq. 1b shows that in the corresponding increase of the NMR signal (in arbitrary 

units), ∆I, the water:deuteroxyls ratio is only 2, meaning that the relative contribution of deuteroxyls to 

∆I is 10 times larger than that to ∆m, as described in the following: 

∆m = [n(2H2O) ∙ 20 + n(2HO) ∙ 1]  g/mole        (1a) 

∆I ∝ n(2H2O) ∙ 2 + n(2HO) ∙ 1.     (1b) 

These equations formalize the reason why it is necessary, when obtaining the spectra in Fig. 4, to subtract 

the signal for the dry state that was prepared from the respective hydrated state of the same cellulose 

sample. As is clear from previous studies,48 n(2H2O) varies between samples prepared at different RH 

values: higher RH leads to larger increase of mass. 

The corresponding contribution to ∆m is deceptively small,48 only 0.2-0.3% of the total cellulose 

mass. Yet, when normalized to the mass of the adsorbed water (recall Fig. 1), such contribution is ca 

one order of magnitude higher, a few %. As is shown in Eqs. 1a and 1b, the gravimetric contribution of 

a proton-deuteron exchange is 20 times smaller than that due to the adsorption of a water molecule. Yet, 

the same difference in terms of 2H NMR intensity growth is only a factor 2. This clarifies the observation 
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in Fig. 3a, where the deuteroxyl signal dominates the broad spectral component despite its < 0.5 wt% 

gravimetric contribution.48 Conversely, subtracting from the spectrum of cellulose hydrated at a low RH 

that of a re-dried sample prepared at a high RH may even yield negative SSBs. 

The behavior of the immobile water component. The water spectra in Fig. 4 present two distinct 

contributions, one narrow (represented by the central peak) and one broad (the SSB manifold at offset 

frequencies at multiples of the spinning speed). Since the two spectral contributions are distinct, the first 

statement is that the water populations yielding them do not exchange with each other on a time scale 

(∼ 10 μs) in the order of the inverse width of the broad spectral component. It is difficult to imagine that 

water molecules adjacent to each other can refrain from exchanging their positions over such a long 

time. Hence, the most plausible explanation is that, within the cellulose system, the molecules in the two 

inferred water phases have completely different locations, separated by multiples of water molecular 

dimensions. Below, we label the WAC subpopulation that yields the narrow peak as “mobile WAC” 

and the one that yields the SSB manifold outside the central peak as “immobile WAC”. Within these 

two broad populations, there might exist respective distributions of molecular properties; this latter point 

is not addressed here in any detail. As illustrated in Fig. 6, the line width of the central peak (blue empty 

circles) decreases strongly with increasing RH. Hence, we can conclude that the molecules in the mobile 

WAC phase become more mobile upon increasing hydration. Consequently, the regions within the 

cellulose system where the mobile WAC phase resides must permit extensive water-water contact, in 

turn further promoting faster molecular motions upon increasing water content.  

On the other hand, the line width of the immobile WAC phase changes much less (less than 

two-fold) in the 33-93% RH range and, as is shown in Fig. 4, also the shape of the water SSB manifold 

remains roughly the same upon increasing hydration. Moreover, the residence time for the immobile 

WAC phase remains longer than 10 μs over the full range of hydration. From these observations we 

infer that there is only limited water-water contact at the sites where the molecules of the immobile 

WAC phase reside. The line width of the deuteroxyl peaks in the hydrated samples remains roughly the 

same, as is witnessed by the line width data for the total SSB manifold (Fig. 6, at 33% RH the total SSB 

line width is dominated by that of deuteroxyls). 

The spectral shape of the signal from immobile WAC is clearly not that of a Pake pattern27 (see 

Fig. 4). Yet, although it lacks the characteristic “90˚-peak” of the Pake pattern, it presents a shoulder at 

ca 70 kHz. For rigid water molecules in ice,55 the location of the 90˚-peak is at ca  
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where 
2

220Q

e qQ

h
   Hz is the quadrupole coupling constant of 2H in water molecules.23,24,55 Hence, 

the water molecules in the immobile WAC phase exhibit some limited motion, but are clearly strongly 

hindered and cannot isotropically re-orient. It also seems probable that there is a distribution of 

molecular properties within this phase.  

In clear contrast, the central peak from the mobile WAC phase presents no splitting. While a 

splitting smaller than the spinning speed does not manifest itself in the MAS spectrum, the central line 

in our static QE spectra (see inset in Fig. 2a) also lacks splitting. In some studies and at certain degrees 

of hydration, small (few kHz) splitting of the corresponding water signal in QE spectra was 

observed.32,34,35 

 

Figure 6. The line width of the central peak (blue empty circles) and the average line width of the SSB 

manifold (black filled and red empty triangles) in, respectively, the measured 2H MAS spectra (as in 

Fig. 3) and the difference 2H MAS spectra (as in Fig. 4). The dotted lines serve as a guide to the eye, 

the standard deviation for the individual points is below symbol size. 

Hence, we can conclude that the water molecules in the mobile WAC phase exhibit fast and essentially 

isotropic re-orientational dynamics. The evidence (up to 75% RH) of a larger line width for the mobile 

WAC than that for the immobile WAC is a consequence of complete averaging18,19,51,52 of the quadrupole 

coupling to a negligible residual value in the mobile WAC signal. In the immobile WAC, anisotropically 

restricted molecular motions retain a large part of the quadrupole coupling un-averaged (hence the broad 

SSB manifold) and thereby without contribution to the MAS line width (that is, transverse relaxation). 

If one assumes that (i) the re-orientational motional averaging in the mobile WAC phase is 

characterized by a single correlation time τc and that (ii) the only coupling to be averaged is the total 

quadrupole coupling of 2H nuclei in water molecules, the value of τc can be estimated from the line width 

∆1/2 as23,24 
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Of course, the motional averaging can be a multi-step process, in which case distinct characteristic 

correlation times will be distributed around the mean estimate given by Eq.(3). In the immobile WAC, 

the motionally averaged fraction of the quadrupole coupling is almost an order of magnitude less than 

that in the mobile WAC. Hence (consider Eq. 3), the data in Fig. 6 indicate that the mean motional 

correlation time in the immobile WAC is always (even at 33% RH) much longer than that in the mobile 

WAC. 

Regarding the specific location of the water molecules in the mobile and immobile WAC phases, 

it is well established that the adsorption sites in cellulose are hydroxyl groups to which water molecules 

may hydrogen-bond.56,57 The question that remains to be addressed is: what is the distinct location of 

the hydroxyl sites in cellulose that are responsible for the distinct behaviors of the mobile and immobile 

WAC phases? Clearly, what locations may be considered as available in cellulose depends on which 

structural model one accepts. In our explanation below, we rely on the well-established model58 where 

the basic cellulose unit, the microfibril, is associated into microfibril aggregates. In this model, there 

appear to be two distinct types of cellulose surfaces that are both able to expose hydroxyl groups. One 

is the outer surface of the aggregates, sometimes also termed as the external surface59, which does not 

necessarily face air: indeed, the microfibril aggregates are largely in contact with each other or with 

hemicellulose. This contact may involve hydrogen bonds between microfibrils which face each other 

while belonging to different microfibril aggregates, and/or hydroxyls belonging to hemicellulose. The 

other surface is instead at the interface between microfibrils within the same aggregate. Across this 

surface, often termed the internal surface59, numerous hydrogen bonds join the microfibrils that belong 

to the same aggregate.60 Despite earlier suggestions that cellulose surfaces within aggregates are 

inaccessible to solvents40, it has been shown that moisture is able to penetrate between microfibrils to 

some extent.43 Hence, we propose here that the mobile WAC consists of inter-aggregate water molecules 

adsorbed at the external surfaces, while water molecules responsible for the observed immobile WAC 

phase reside at intra-aggregate microfibril interfaces. 

Assumedly, the microfibril-microfibril contact within the aggregates is more regular and 

stronger than the contact between different aggregates.60,61 If so, swelling of the aggregates and thereby 

the resulting microfibril-microfibril separation is limited since it proceeds against strong inter-fibrillar 

forces. That limitation must be weaker at the external surfaces. Thereby, the mobile WAC phase can 

increase more upon increasing hydration while the immobile water phase should exhibit limited growth 

and/or saturation. This is indeed one feature that is clear in Fig. 5. 

The arrangement of hydroxyl groups along the internal surfaces is plausibly regular. If, in 

addition, the regularity is such that binding sites appear with favorable geometry for coordinating water 
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molecules from several directions,62,63 water molecules at those sites will be strongly and rather rigidly 

bound. It is for that reason that they exhibit slow and anisotropic re-orientational dynamics and yield the 

spectral signature of immobile WAC. Strong binding also favors adsorption at those sites, until they 

become saturated at higher RH. Hence, one expects that at low hydration levels the immobile WAC 

phase is dominant. Indeed, as shown in Fig. 5, the amount of the mobile and immobile WACs is roughly 

the same at our lowest explored hydration level.  The mobile WAC phase, not affected by saturation, 

becomes dominant at higher RH. 

The supposed organization of surface hydroxyls along/across the internal surfaces in such way 

that they may coordinate water molecules well is, of course, speculative. However, based on what we 

know of organic (and, inorganic) hydrates,13,64 immobile water molecules in them require exactly that 

type of arrangement. Comparison with crystalline hydrates with water molecules coordinated within the 

crystalline lattice13,64 may even tempt one to explore less conventional models. Hence, by analogy, 

another possible speculative location for the immobile water molecules would then be in-between the 

cellulose chains in the “paracrystalline”65,66 outer region of the microfibrils. What we currently know 

about cellulose does not support an interpretation of the presently reported and other findings67 in terms 

of water molecules penetrating all the way into the microfibril core. 

Conclusions 

In the present work, we report the first direct experimental proof of the existence of an immobile 

adsorbed water phase in hydrated cellulose. In addition, we describe and validate a robust experimental 

approach that allows to separate and quantitatively measure the mobile and immobile water populations 

in cellulose. By directly probing the 2H NMR MAS spectral response in 2H-exchanged cellulose, the 

organization of water in distinct environments is manifested in the form of two separate, narrow and 

broad, spectral components undergoing slow molecular exchange. Such unambiguous distinction of 

water sub-populations in a complex material like cellulose has not been experimentally accessible via 

previously explored 2H QE NMR measurements, due their prohibitively low SNR. Also, reproducible 

and quantitative (gravimetric and NMR) data require that lengthy drying/hydration steps and highly 

controlled sample handling protocol during and after the 2H-1H exchange process are followed.  

Looking at the present results and at the existing models for the cellulose structure, we propose that the 

here quantified mobile water fraction adsorbs at the external surface of microfibril aggregates, i.e. at 

aggregate-aggregate interfaces, while the newly-detected immobile water fraction adsorbs at the 

interfaces between microfibrils belonging to the same aggregates. We envisage future experiments 

(including the characterization of the re-drying kinetics) to validate or further refine the model 

preliminarily suggested here. Similar measurements in other and more complex systems that expose 
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different hydrated interfaces, such as chitin, chitosan53 or native wood cell walls,68 are both feasible and 

desirable. 
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The different salts, used for creating the different humidities, are listen in Table S1. 
 
Table S1. The different inorganic salts used to prepare the saturated salt solutions with different relative humidities, both 
literature data1,2 and own measurements. 

Salt RH  RH (measured) Vendor Purity 

MgCl2 33-34% 32-35% Merck ≥98% 

NaBr 65% 57-59% Kebo ≥99% 

NaCl 76-78% 75-76% Merck ≥99.5% 

KNO3 94-96% 91-93% Sigma-Aldrich ≥99% 

 

In Table S2 is the different delays of the two inversion-recovery 2H QE NMR experiments 
presented, which delays that are shown in Figure 2 is also highlighted. 
 
Table S2. The different delays of the inversion-recovery 2H QE NMR spectra, spectra shown in Figure 2 are marked with *. 

Delay times (s) 
Dry Hydrated (93% RH) 

0.00023* 0.00017* 
0.000529 0.000289 
0.001217 0.000491 
0.002798* 0.000835 
0.006436* 0.00142* 
0.014804* 0.002414 
0.034048* 0.004103* 
0.078311* 0.006976 
0.180115 0.011859* 



 
 

2

0.414265* 0.02016* 
0.95281 0.034272* 

2.191462* 0.058262* 
 0.099046 
 0.168378* 
 0.286242 
 0.486612* 
 0.82724 
 1.406308 
 2.390724 
 4.064231* 
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