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Abstract 
The human society of today has a significantly negative impact on the environment and 

needs to change its way of living towards a more sustainable path if to continue to live on a 

healthy planet. One path is believed to be an increased usage of naturally degradable and 

renewable raw materials and, therefore, attention has been focused on the highly abundant 

biopolymer cellulose. However, a large drawback with cellulose-based materials is the 

significant change of their mechanical properties when in contact with water. Despite more 

than a century of research, the extensively investigated interaction between water and 

cellulose still possesses many unsettled questions, and if the answer to those were known, 

cellulose-based materials could be more efficiently utilized. 

 It is well understood that one interaction between cellulose and water is through 

hydrogen bonds, established between water and the hydroxyl groups of the cellulose. Due to 

the very similar properties of the hydroxyl groups in water and the hydroxyl groups of the 

cellulose, the specific interaction-induced effect on the hydroxyl groups at a cellulose surface 

is difficult to investigate.  Therefore, a method based on 2H MAS NMR spectroscopy has been 

developed and validated in this work. Due to the verified ability of the methodology to 

provide site-selective information regarding the molecular dynamics of the cellulose 

deuteroxyl groups (i.e. deuterium-exchanged hydroxyl groups), it was shown by 

investigating 1H-2H exchanged cellulose samples that only two of the three accessible 

hydroxyl groups (on the surface of cellulose fibrils) exchange with water. This finding was 

also verified by FT-IR spectroscopy, and together with MD simulations we could establish 

that it is O(2)H and O(6)H hydroxyl groups (of the constituting glucose units) that exchange 

with water. From the MD simulations additional conclusion could be drawn regarding the 

molecular interactions required for hydrogen exchange; an exchanging hydroxyl group 

needs to donate its hydrogen in a hydrogen bond to water.  

Exchange kinetics of thin cellulose films were investigated by monitoring two 

different exchange processes with FT-IR spectroscopy. Specific information about the two 

exchanging hydroxyl/deuteroxyl groups was then extracted by deconvoluting the changing 

intensities of the recorded IR spectra. It was recognized that the exchange of the hydroxyl 

groups were well described by a two-region model, which was assessed to correspond to two 

fibrillary surfaces differentiated by their respective positions in the fibril aggregate. From 

the detailed deconvolution it was also possible to estimate the fraction of these two surfaces, 

which indicated that the average aggregate of cotton cellulose is built up by three to four 

fibrils.   
2H MAS NMR spectroscopy was used to examine different states of water in cellulose 

samples, hydrated at different relative humidities of heavy water. The results showed that 

there exist two states of water adsorbed onto the cellulose, differentiated by distinct different 

mobilities. These two states of water are well separated and had negligible exchange on the 

time scale of the experiments. It was suggested that they are located at the internal and 

external surfaces of the fibril aggregates. 
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By letting cellulose nanofibrils undergo an epoxidation reaction with a mono epoxide 

some indicative results regarding how to protect the cellulose material from the negative 

impact of water were presented. The protecting effect of the epoxidation were examined by 

mechanically testing and NMR spectroscopy. It was proposed that by changing the dominant 

interaction between the fibril aggregates from hydrophilic hydrogen bonds to hydrophobic 

π-interactions the sensitivity to moisture was much reduced. The results also indicated that 

the relative reduction in moisture sensitivity was largest for the samples with highest 

moisture content.  
 

Keywords: cellulose, water, hydrogen exchange, deuterium, NMR spectroscopy, FT-IR 

spectroscopy 
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Sammanfattning 
Dagens samhälle har stor negativ inverkan på miljön och för att vi ska kunna fortsätta leva 

på vår planet behöver vårt levnadssätt förändras till att vara mer miljömässigt hållbart. En 

av dessa förändringar tros vara att öka användandet av återanvändbara råvaror och naturligt 

nedbrytbara produkter. Detta har medfört ett växande intresse för att öka användningen av 

den rikligt bildade biopolymeren cellulosa. En stor nackdel med många av de 

cellulosabaserade materialen är dock att deras mekaniska egenskaper oftast försämras i 

kontakt med vatten. Trots att detta har varit välkänt i många decennier, och att det minst 

lika länge har forskats på interaktionen mellan vatten och cellulosa, så finns det många 

olösta problem som förhindrar en mer omfattande användning av cellulosabaserade 

kompositer. 

 Det är välkänt att vatten och cellulosa interagerar genom att deras hydroxylgrupper 

skapar vätebindningar med varandra, men på grund av att dessa två typer av 

hydroxylgrupper är kemiskt väldigt lika så är det problematiskt att specifikt undersöka 

cellulosans hydroxylgrupper i interaktionen med vatten. För detta ändamål har det i det här 

arbetet utvecklats och validerats en metodik baserad på 2H MAS NMR spektroskopi. När 

metodiken sedan applicerades på cellulosaprover med deuteroxylgrupper (d.v.s. 

deutererade hydroxylgrupper) kunde den generera platsspecifik information rörande de 

olika deuteroxylgruppernas dynamik i cellulosa. Det kunde dessutom visas att endast två av 

de tre hydroxylgrupperna är i väteutbyte med vatten. Detta kunde även ses med FT-IR 

spektroskopi, som tillsammans med molekyldynamik simuleringar också kunde identifiera 

dessa till att vara hydroxylgrupperna O(2)H samt O(6)H på cellulosans glukosenheter.  De 

molekyldynamiska simuleringarna indikerade också att en hydroxylgrupp behöver agera 

vätedonator i en vätebindning med vatten för att kunna genomföra ett väteutbyte. 

 I avhandlingen undersöktes också väteutbyteskinetiken med FT-IR spektroskopi och 

genom att dekonvulera de uppmätta förändringsspektra så kunde hydroxylgruppsspecifik 

information rörande deras kinetik erhållas. Ytbyteskinetiken följde en två regions modell 

som kunde likställas med en utbytesprocess som sker i två skilda delar av 

cellulosamaterialet. Det föreslogs att dessa två områden är lokaliserade till två olika 

fibrillytor i fibrillaggregaten, de inre och de yttre fibrillytorna. Den detaljerade information 

som erhölls från dekonvuleringen gav, via antaganden om fibrilltvärsnittytans form, en 

indikation på att medelantalet fibriller i fibrillaggregaten (för den använda 

bomullscellulosan) var tre till fyra stycken. 

 2H MAS NMR spektroskopi användes till att undersöka olika tillstånd hos vatten som 

adsorberats till cellulosan. Resultaten visade att det existerade två tillstånd av adsorberat 

vatten, åtskilda genom att ha vitt skilda spektralbredder i NMR spektrumet. Det kunde också 

förmodas att dessa två tillstånd av vatten är väl separerade i cellulosan då det förelåg ett 

försumbart fysiskt utbyte (på tidskalan för mätningarna) mellan dessa två populationer av 

vattenmolekyler. Det föreslogs därför att dessa två regioner i cellulosan är lokaliserade till 

de interna samt externa ytorna av fibrillaggregaten. 



viii 

 Genom att undersöka hur vatten påverkar nanofibrillerad cellulosa, som reagerat 

med en mono epoxid, gick det att få en bättre förståelse för vad som behövs för att förhindra 

vattnets negativa effekt på cellulosakompositens mekaniska egenskaper. Epoxideringens 

skyddande effekt studerades genom att testa några utvalda mekaniska egenskaper hos dessa 

kompositer med olika vattenhalter, och jämföra resultaten mot ett icke-epoxiderat 

referensprov vid samma vattenhalt. Det föreslogs att genom att epoxideringen ändrar den 

dominerande interaktionen mellan fibrillaggregaten i cellulosan, från hydrofila 

vätebindningar till hydrofoba π-interaktioner, så minskades fuktkänsligheten drastiskt. 

Resultaten indikerade också att den relativa skyddseffekten av epoxideringsreaktionen var 

större när kompositerna testades vid ett högre vatteninnehåll.  

 

Nyckelord: cellulosa, vatten, väteutbyte, deuterium, NMR spektroskopi, FT-IR 

spektroskopi  
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1. Introduction 

During the 20th century the human population doubled twice and the energy demand eight 

times,1 and the human population is expected to be almost doubled again during the 21th 

century.2 This strongly growing human population puts a huge pressure on the ability of the 

society to produce enough materials and energy to keep up with the considerably increasing 

demands. This has so far mainly been solved by accelerating the extraction of fossil fuels, 

but the ways of how the fossil fuels are used today have a large negative impact on the 

environment on earth. Both the increasing emission of carbon dioxide and the increasing 

amount of accumulated waste of non-biodegradable materials in the nature are two great 

challenges humanity is facing and the main route towards a sustainable society is believed 

to involve a change directed towards an increasing usage of biomaterials in the production 

of energy and materials.3,4  

Raw materials from living organism are often compatible with water and thereby 

hygroscopic in nature. This can often be used as an advantage; take toilet paper as an 

example, the tissue needs strength when it is used but then it also needs to be able to 

disintegrate not to clog the sewers. However, many fossil-based polymers are used for their 

hydrophobic properties and/or resilience against degradation, and a direct substitution 

with, for instance, hydrophilic cellulose raises some challenges. Due to paper-making and 

cardboard-making industries much research have been carried out to get a better 

understanding of how the produced paper-based materials respond in moist conditions and 

how to decrease the negative impact of water on the mechanical properties of their 

products.5-10 Nevertheless, there are still a lot of unanswered questions regarding the 

underlying properties of the cellulose materials; such as why cellulose is hygroscopic but still 

insoluble in water11, what creates the hysteresis in the water-sorption curve of cellulose12 and 

what is the molecular explanation of the upward bend of the water-adsorption curve at 

higher relative humidities?13,14 

1.1. Cellulose 

1.1.1. From tree to molecule 

Nature has, through an extensive trial-and-error process, managed to create a well-

functioning ecosystem on earth. This evolution has created an impressive variety of large 

biomacromolecules to solve a vast variety of biochemical tasks, such as creating catalysts 

(enzymes) to speed up slow chemical reactions, or polysaccharides to give protection and 

strength to the cell wall of higher plants. This cell wall constitutes of a complex hierarchy of 

differently aligned layers containing the polysaccharide cellulose (see Figure 1a), which gives 

a high mechanical stability without adding too much weight to the final construction.15 The 

composite structures of the cell wall are at the same time very flexible and a tree or a straw 

are able to bend in the wind without breaking.16 
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Figure 1 – (a) The different alignments of the cellulose fibrils in the different layers of the cell wall 

of a typical tree cell.17 (b) The commonly used conceptual picture of the cellulose fibril aggregate: here 

four cellulose fibrils embedded in hemicelluloses and surrounded by lignin. Figure (1a) is reprinted 

with permission from Jonas Brändström. 

A closer look of these cell-wall layers of wood reveals that the cellulose fibrils (also often 

mentioned as microfibrils) are bundled together in fibril aggregates, incorporated in a 

matrix of lignin and other more branched polysaccharides named hemicelluloses (Figure 

1b).18 Different cellulose-containing materials, produced by different plants, are very similar 

in morphology and differs mainly in their relative fractions of cellulose and the other non-

glucose components. Among the higher plants is the cotton plant one of the spices that is 

producing a plant tissue of highest cellulose content.19,20 

The fibrils themselves are built up by a number of parallel cellulose chains, where the 

chains are polymers of 1-4 linked β-D-glucopyranose (glucose) monomers, see Figure 2.21  

 

Figure 2 – Two 1-4-linked β-D-glucopyranose molecules of a cellulose chain, the numbers indicates 

the positions of the carbon atoms in the glucose rings. 

1.1.2. Morphology of extracted fibril aggregates 

When producing cellulose and cellulose products from the cell wall, the purpose of the used 

process is mainly to remove other wood components (mainly lignin and for some products 

also hemicelluloses). This removal generates surfaces of the cellulose fibrils that no longer 

is covered and is therefore more exposed to the solvent used in the process. It is rather 

a) b) 
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reasonable to imagine that, if the solvent is removed, these new uncovered surfaces inside 

of the fibril aggregates (Figure 1b) can establish favorable interactions between them and 

form more tightly packed fibrils.22 This is also what happens when cellulose is dried and it is 

manifested as an irreversible reduction of surface area, often called hornification.22-24 During 

the removal of water is not only the internal surfaces of the fibril aggregates interacting, also 

the external fibril surfaces of the aggregates comes in close contact with each other. 

However, due to a lower degree of coordination between the fibril aggregates,25 there 

probably exists a lot of irregularities and the interaction between these fibril surfaces are not 

as optimized as in the case inside of the aggregates. These regions between the fibril 

aggregates are therefore also more easily accessed by adsorbed molecules than the regions 

inside of the fibril aggregates. 

1.1.3. Fibril morphology 

When the cellulose chains of the fibrils are arranged in such an ordered fashion as pictured 

in Figure 1b, these domains of the cellulose are defined as crystalline. In these cellulose 

crystals, the glucose monomers are ordered in such a way that all hydrogens (directly bonded 

to carbon) are aligned perpendicular to the plane of the glucose ring and all the hydroxyl 

groups (OH) are aligned parallel to the same plane. This two-sided asymmetry gives the 

chains two different kinds of surfaces, one that is interacting favorable through van der 

Waals forces and one that is highly susceptible to interact through hydrogen bonds. These 

two prominent interfaces results in a very stable packing of the chains inside the fibrils; the 

chains are aligned in large hydrogen-bonded sheets that are stacked on top of each other.26 

The sheets are also tilted with respect to the surfaces of the fibrils, which gives the surfaces 

a hydrophilic character.27 The cellulose fibrils are often pictured as having a simplified 

quadratic cross-section (as shown in Figure 1b), but it is probably only close to the reality in 

very large fibrils, such as in Valonia (a green algae).27,28 The size and shape tend to vary with 

the producing organism, which clearly can be seen if comparing measured dimensions of 

celluloses originating from different species (Table 1). The sizes also have a tendency to 

depend on the used extraction method.29,30 The most common processes use acid or basic 

chemicals, heating or mechanical forces to liberate the cellulose fibrils and all of these have 

a tendency to degrade the cellulose polymers. However, some contradicting results have also 

been reported where the treatments were shown to increase the diameter of the fibrils 

through crystallization of the more disordered cellulose chains at the surface of the fibrils.30  

The size of the crystalline fraction of the cellulose has a strong influence on the 

mechanical properties of the material.31 There exists several methods for determine the 

relative amount of crystalline and amorphous fractions in cellulose, for example X-ray 

diffraction and NMR spectroscopy.32 The relative fraction of crystalline material is often 

mentioned as the crystallinity index (CI), this because the amount of crystalline material 

cannot be measured directly, it can only be determined in relation to the total amount of 

material in the examined sample. 
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Table 1 – The different estimated sizes, shapes and CI of cellulose fibrils, produced by different 

organisms.28-30,33-39 

Group Species Cross section Dimension (nm) CI (%) 
Algae Valonia Quadratic 10-35 >80 
Algae Micrasterias Rectangular 5-30 >80 
Algae Cladophora - 10-30 95 
Bacteria Acetobacter Quadratic/Rectangular 4-7/5-30 65-79 
Animal Tunicate Hexagonal 10-12 - 
Higher plants Ramie - 3-15 44-47 
Higher plants Cotton Quadratic/Rectangular 6-9 65 
Higher plants Tree (dissolving pulp) Quadratic 3-5 (10-30) 43-56 
Higher plants Maize Hexagonal 2-5 - 

 

The crystalline interior of cellulose fibrils exists in four different (known) polymorphs. They 

are denoted by the roman numbers I-IV and the cellulose I polymorph is the most dominant 

structure in nature. However, it is not the most thermodynamically stable one; when 

cellulose I is completely dissolved and subsequently re-crystallized, the more stable 

polymorph cellulose II is formed.35 A property that has been utilized when creating man-

made fibers out of cellulose, where the re-crystallization process is carried out in such a 

fashion that it crystallizes into fibers (more commonly known as Rayon or Viscose).29 

Furthermore, it has been shown that cellulose I is constituting of two different sub-

polymorphs: Iα and Iβ (see Figure 3). 40  

 

Figure 3 –The two different crystalline unit cells of cellulose I: Iα (blue dashed lines) and Iβ (red solid 

lines). (a) The cross section of a cellulose fibril is pictured with 36 different cellulose chains (grey 

rectangles) running into the plane of the figure, which also is the direction of the c-axis of the two unit 

cells. The numbers indicates the different lattice planes of the unit cells. The numbers 1, 2, 3 and 4 

represent the planes (110), (010), (100) and (1-10) of Iα, respectively, (200), (110),(1-10) and (010) of 

Iβ. (b) The two crystal unit cells shown in a three dimensional projection. The repeating pattern of one 

cellulose chain in cellulose Iα (c) and two cellulose chains in cellulose Iβ (d), the alignment of the 

chains along the c axis.29 Reproduced by permission of The Royal Society of Chemistry. 

Cellulose Iα is the dominating polymorph in primitive organism such as bacteria and algae 

but it is never 100% Iα, the reason is most likely because some fractions always convert to 



Introduction 

5 

the more thermodynamically stable Iβ polymorph. Cellulose Iβ has been found to be the 

dominating polymorph in higher plants (cotton, ramie, wood etc.) and tunicates.21 

 The non-crystalline parts of the cellulose materials, the regions of less ordered 

chains, are believed to be present at the crystalline surfaces and in some bulk regions of 

disordered chains (amorphous).41,42 These non-crystalline regions are also the parts of the 

cellulose that are interacting with the absorbed water molecules through hydrogen bonds 

and hydrogen exchange.7,43,44 

1.1.4. Hydrogen bonds and hydroxyl groups 

The hydrogen bond appears between two electronegative atoms (mainly N, O or F) with a 

hydrogen atom positioned in-between them, covalently attached to one of these electron-

withdrawing atoms. The nature of this interaction can be described as something between a 

covalent bond and an electrostatic interaction.45 The alternating alignment of the glucose 

monomer in the cellulose chains makes it possible for the OH groups to create a large 

number of beneficial hydrogen bonds, both between two neighboring chains (interchain) 

and between two connected glucose monomers in the same chain (intrachain).  The 

existence of the hydrogen bonds has been known for a very long time, but it was first in the 

beginning of the new millennium that all the positions of the crystalline hydroxyl groups in 

cellulose Iβ could be determined. It was concluded that there existed two main patterns, 

where the difference mainly is in the donator/acceptor behavior of the O(2)H and O(6)H 

groups, see Figure 4.46 Despite the actual pattern, both networks are establishing the 

intrachain hydrogen-bond between O(3)H and O(5). This bond have also been determined 

to be the most stable of the three47-50 and is also believed to have a major role in the 

mechanical properties in the chain direction of the cellulose.51,52 Even though both pattern 

were shown to co-exist,  the pattern with O(3)H - - - O(5), O(2)H - - - O(6) and O(6)H - - - 

O(3) dominate (Figure 4a).46 

  

Figure 4 – The two suggested hydrogen-bond patterns of cellulose Iβ, where it clearly can be seen 

that the main difference is the switched hydrogen acceptor/donator behavior of the O(6)H and O(2)H 

groups.29 Figures adapted from reference29 with permission from The Royal Society of Chemistry. 

a) b) 
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Despite the fact that the other two hydrogen bonds of the dominating hydrogen-bond 

pattern (O(6)H- - - O(3) and O(2)H- - -O(6)) are of less mechanical importance along the 

chains, they play a major role in the forming of the sheets of cellulose chains in the crystalline 

parts of the cellulose.53 They are also less stable than the O(3)H- - - O(5) hydrogen 

bond,49,50,54 which makes them more exposed for chemical reactions. This property is 

important in the derivatization of the cellulose, where the different reactivity of the three 

hydroxyl groups are the key to the selectivity of the used chemical reactions.35,47 

1.1.5. Water adsorption in cellulose 

The existing states of adsorbed water in cellulose can be concluded to essentially two 

different states:55,56 

 Free water (also called bulk water or capillary water), which exists in larger 

voids of cell-wall tissues such as in the cell lumens of the wood cell.  

 Non-freezing bond water located in the cell-wall, adsorbed onto the wood 

components. 

The free water has been shown to only exist above the fiber saturation point (FSP), which is 

defined as the water content of the fiber material at 99.93% RH and 20°C (i.e. when the solid 

content of the material is saturated with water).14,57-59 The non-freezing bond water has been 

implied by FT-IR spectroscopy60 and nuclear magnetic resonance (NMR) spectroscopy61-64 

to constitute of two types of water, named loosely bond water and strongly bond water. 

This naming originated from the belief that they differentiated by different strong hydrogen 

bonds to the cellulose, but this identification can be somewhat misleading. The underlying 

reason of the difference between these two kinds of water is still unknown and does not need 

to originate from different bond strengths. However, it has been hypothesized that they may 

exhibit different molecular mobilities.61,63,64 

Water sorption at different relative humidities (RH) is well investigated and the 

sorption curves (Figure 5a) are similar to that of other well characterized polymer.65,66 

Nevertheless, despite this well examined behavior, the underlying (molecular) mechanisms 

of the sorption are still not completely understood. There are suggestions about two-step-

adsorption processes like the Hailwood-Horrobin sorption model (monolayer adsorption in 

small voids and polylayer adsorption in larger voids)12 or the parallel exponential kinetics 

(PEK) model (were the adsorption is built up by two exponential time-dependent processes, 

defined as one slow and one fast adsorption process).13,67,68 The last model thereby suggests 

that there are two kinds of environments of the adsorbed water molecules, perhaps located 

at different surfaces of the cellulose.69  
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Figure 5 – (a) A typical water absorption curve of cellulose (from cotton), showing the absorption 

hysteresis and the three different parts of an absorption process.12 In the first region (1), often very 

short and weak in cellulose, the water content is quickly increased. The second region (2) corresponds 

to a longer and flat increase and, finally, the third region (3) is where the curve bends slightly upwards. 

(b) A picture of the water density around a cellulose crystal (with the cellulose chains pointing into 

the plane of the figure), generated by molecular-dynamics (MD) simulations of cellulose in water.43 

Figure a is adapted from reference12 with permission from Wiley and figure b is reprinted from 

reference43 with permission from Elsevier. 

Regarding how sensitive cellulose is to water moisture and how easily water is absorbed, it 

is quite surprising that cellulose is insoluble in water.11 Researchers have naturally been 

focused on breaking the extensive hydrogen-bond network as the key to successfully dissolve 

cellulose, but when it has been shown that cellulose can be dissolved by some ionic liquids 

(which often can be regarded as an amphiphilic solvent) also the van der Waals interactions 

have started to gain interest.70,71 This amphiphilicity of cellulose is also visualized by 

different simulations with water; the regions between the sheets of cellulose chains in fibrils 

are repelling water molecules,43,72 see Figure 5b. 

1.2. Spectroscopic investigation of cellulose-water interactions 

To address the interactions between cellulose and water it is demanded to use techniques 

that can acquire signals from the moieties (i.e. the OH groups) that are responsible of the 

actual interactions, and both FT-IR and NMR spectroscopy have that capability. 

1.2.1. FT-IR spectroscopy 

It has been many different approaches of using FT-IR spectroscopy to investigate the effect 

of water on cellulose, where one of the most successful tools have been to use deuterium 

exchange to isotopically label the exchanging hydroxyl groups in the cellulose.44,73-80 Also 

polarized IR light have been used to get information regarding the different dominating 

bond directions within and between the cellulose chains.44,74-76 More elaborated experiments 

have been combining dynamic mechanical analysis (DMA) with FT-IR spectroscopy to 
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distinguish the different vibrating moieties that are affected by added mechanical stress.74,81-

83 FT-IR spectroscopy have also been used solely by comparing the change in the peak 

intensities between spectra collected during different experimental conditions.5,49,60,74,75,78,79 

1.2.2. NMR spectroscopy 

When using NMR spectroscopy to investigate the cellulose-water interaction, the number of 

different possibilities are increased in comparison with FT-IR spectroscopy. This is an 

advantage arising from the fact that NMR has the ability of monitoring different nuclei 

separately; hydrogen (1H)84-86, deuterium (2H)61,63, carbon (13C)40-42,87,88 and oxygen (17O)89. 
2H is for example commonly used when studying motions in anisotropic matters,90 because 

the magnitude of its quadrupolar interaction is relatively small (in comparison with other 

nuclei with spin number larger than 1/2)91 and it is possible to acquire a complete 2H 

spectrum with the use of regular solid-state-NMR equipment and pulse sequences. 

Furthermore, with NMR spectroscopy there is also a vast variety of different kinds of pulse 

sequences91 that can be used to investigate different interactions of the spins,62,78,92,93 and it 

is also possible to use magnetic gradients to measure translational diffusion94-96 or spatial 

distributions of spins (images).97 
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2. Experimental section 

2.1. Introduction to spectroscopy 

The discovery that atoms constitute of a nuclei (built up by protons and neutrons) 

surrounded by electron(s)98 was an important milestone in molecular science. It made it 

possible to develop the different and useful spectroscopic techniques of today. Techniques 

that have given us the tools to investigate matters from the sub-atomic level and all the way 

up to the level of the universe. 

2.1.1. Electromagnetic radiation 

When an atom or molecule relaxes from a higher to a lower energy state, it emits a photon 

carrying the same energy as the difference between those two states. This quantized energy 

is the origin of many sources of electromagnetic radiations and the frequency of the emitted 

photon is correlated to the energy difference of the two energy states by Planck’s constant 

(h):99  

E h  .       [1] 

Correspondingly, to interact with atoms you also need to apply this quantized amount of 

energy. In Figure 6 is different frequency regions of electromagnetic waves summarized 

together with the corresponding molecular properties they are connected to.45  

 

Figure 6 – The frequencies of different electromagnetic waves and their corresponding interactions 

with molecules and atoms.45,100 

2.1.2. Spin 

All the three elemental building blocks of atoms (electron, proton and neutron) have the four 

intrinsic properties of mass, charge, magnetism and spin.101 The latter property is described 

by a certain spin number (I), which only can take values of multiples of ½. The spin number 
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determines the number (2I + 1) of different spin states the elemental particle of spin I can 

take.  Further, the spin state is defined by the quantum number m, which can take the values 

of -I, -I + 1, …, I - 1, I. Some common nuclei and their spin number are listed in Table 2, the 

table also includes the natural abundance and the gyromagnetic ratio (γ) that both are 

important in NMR spectroscopy. 

Table 2 – Different atomic nuclei and their spin number, natural abundance and gyromagnetic 

ratio.91 

Atom Spin number, m Natural abundance (%) Gyromagnetic ratio, γ (107 Hz/T) 
1H 1/2 99.99 4.258 
2H 1 0.01 0.654 
12C 0 98.93 - 
13C 1/2 1.07 1.071 
14N 1 99.63 0.308 
15N 1/2 0.37 -0.432 
16O 0 99.76102 - 
17O 5/2 0.04 -0.577 
19F 1/2 100.00 4.008 
23Na 3/2 100.00 1.127 
31P 1/2 100.00 1.725 

 

2.2. FT-IR spectroscopy 

The electromagnetic waves in the mid-infrared region (12-120 THz, 400-4000 cm-1) of the 

light spectrum can be used to investigate how molecules are vibrating, i.e. how two (or more) 

covalently bonded atoms are moving relative to each other. The simplest vibrating system is 

a molecule constituting of only two atoms. The bond of this molecule has only one vibration 

mode: the stretch (and contraction) of the bond. This stretching can approximately be 

described as a harmonic oscillator with two masses connected through a spring. The 

vibration frequency (νvib) can then be calculated by the reduced mass (µ) of the two bodies 

and the strength (spring constant) of the bond (k):103,104 

1 2

1 2

mm

m m
 


       [2] 

vib

k


 .       [3] 

However, for the vibration to be IR active (i.e. be able to interact with IR light), the vibration 

needs to change the dipole moment over the vibrating bond.104 Moreover, due to the fact that 

the vibrating frequency is connected to the mass of the involved atoms and the strength of 

the bond (Equation 3), IR spectroscopy is a sensitive and reliable tool for identifying 

different chemical compounds.100,105 IR spectroscopy is also special in the sense that the 

frequency of the absorbed IR light actually has the same frequency as the affected vibration 
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itself.  This is because a vibration needs to be in a state of resonance and the frequency 

difference between the two resonance states of lowest energies in a harmonic oscillator (the 

fundamental transition) is the same as the frequency of the ground state.104 Thereby is the 

frequency of the absorbed electromagnetic light (Equation 1) the same as the vibrating 

frequency of the vibrating atoms in Equation 3. 

In the early years of IR spectroscopy, the amount of absorbed light was recorded one 

frequency at the time, which was very time consuming. Then, when the computer entered 

the field and it became possible to use Fourier transformation (FT), the Michelson 

interferometer were incorporated in the spectrometer (invented by A. Michelson in the late 

19:th century)106 and it became possible to record all frequencies more or less 

simultaneously. The Michelson interferometer (shown in Figure 7a) is mainly built up by a 

beam splitter and two mirrors, where one is movable along the path of the IR beam. The 

beam splitter divides the incoming light from the light source into two different pathways. 

The two separated light waves are then reflected back to the beam splitter by mirrors. Some 

of the lights will then converge and travel out from the beam splitter in the direction of the 

sample and the detector. If the two mirrors are located at the same distance from the beam 

splitter, the outgoing light will not be affected more than by having a reduced intensity (due 

to the amount of light reflected back to the light source). However, if one of the mirrors is 

movable, the distance the light travels in that particular pathway can be altered. The 

changing of the position of the movable mirror will then create a phase difference of the 

lights (of the same wavelength) from the two different pathways. If this difference is equal 

to uneven multiples of half of the wavelength of the light, a destructive interference will occur 

and the intensity of the converged (outgoing) light-waves will be zero. In a similar way will 

the opposite, constructive interference, happen if the difference is multiples of one 

wavelength of the incoming light. This can, for example, be seen at position zero in the 

interferogram created by the by the Michelson interferometer (Figure 7b). At this position, 

both paths are of the same length and all the different light waves (coming from the 

polychromatic source) will have constructive interference. 
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Figure 7 – (a) A schematic overview of the Michelson interferometer with the three main parts: beam 

splitter, stationary mirror and movable mirror. (b) The characteristic IR interferogram of the 

incoming beam from the light source, created by the Michelson interferometer when the movable 

mirror is moved.100 

The interferogram (Figure 7b) is a superimposition of sinusoidal waves (one for each 

wavelength of light) that are depending on the inherent wavelengths of the electromagnetic 

waves themselves and the movement of the mirror. If applying a Fourier transformation to 

the recorded interferogram, the length-depending signal is converted to be dependent on 

the reciprocal of the length (cm-1), called wavenumber.106 The measured IR absorbance, 

A(ν),  at each wavenumber (ν) is defined as the negative logarithm of the transmittance, T(ν):  

      
 

sample

background

I
T

I





      [4] 

    logA T    , 99    [5] 

where Isample(ν) is the recorded (Fourier transformed) light intensity with a sample in-

between the interferometer and the IR-light detector, and Ibackground(ν) is the recorded 

(Fourier transformed) light intensity without a sample (often called background spectrum). 

A(ν) is the absorbance spectrum and also the FT-IR spectrum.  

There are two main types of IR detectors used when recording spectra: pyroelectric 

or photoconductive ones. The former uses a heat-sensitive capacitor, built from a 

pyroelectric crystal such as deuterated triglycine sulphate (DTGS). The DTGS detector has 

the benefits of operating at room temperature, but has a lower sensitivity and resolution 

than the photoconductive detector. However, the latter detector (often made of a mercury-

cadmium-telluride alloy) is needed to be cooled down with liquid N2 to function properly. 
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2.2.1. Experimental aspects 

All recorded transmission FT-IR spectra were made with a FTS 6000 spectrometer (Digilab 

Inc., Randolph, MA, USA). To be able to follow the relatively fast-changing intensities, the 

recording time of each spectrum was needed to be kept short but still with sufficient number 

of scans to have a working signal-to-noise ratio of the spectrum. Therefore, a scanning speed 

of 37.5 kHz was utilized and most often a resolution of 4 cm-1 was used. This quite low 

spectral resolution made it sufficient to use a normal DTGS detector. 

All baseline corrections were carried out, if not stated otherwise, by fitting a cubic 

polynomial to groups of points located at lower and higher wavenumbers (2100-1800 cm-1 

and 3950-3650 cm-1) relative to the 1HO and 2HO peaks in each spectrum. The regions were 

chosen due to the absence of IR-active vibrations in them. 

2.3. NMR spectroscopy 

In nuclear magnetic resonance (NMR) spectroscopy it is, as the name indicates, the 

properties of the nuclei that are used, more precisely the properties of the spins (spin-

angular moments and magnetic moments). All spin states of the same spin have identical 

energies in absence of a magnetic field, but, due to the magnetic property of the spins, the 

spin states get different energies when interacting with a magnetic field. This is called the 

Zeeman splitting or the Zeeman effect (see Figure 8).  

 

 

Figure 8 – Illustration of the Zeeman splitting and the dependence of the energy levels on the 

strength of the magnetic field. Three different nuclei are shown: 1H (I = 1/2), 2H (I = 1) and 23Na (I = 

3/2). Each energy level is indicated by its corresponding quantum number m.  

The energy splitting can, in a simple way, be explained by the alignment of the magnetic 

moment of the spin state in relation to the external magnetic field, a very strong and static 

field generated by the NMR magnet. The spin state, which has the magnetic moment parallel 

to the external field, has a lower energy than a spin state aligned against the field (this is true 

for a spin with a positive gyromagnetic ratio and we will therefore continue to assume this 

throughout the text).101 The difference between the energy levels of the different spin states 

is proportional to the gyromagnetic ratio (γ) and the strength of the sensed (local) magnetic 

field:107 
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(1 ) oE h B    ,        [6] 

where the local magnetic field is described by the externally applied magnetic field (B0) and 

a shielding factor (σ). The strong applied magnetic field will also create a force that strives 

to align the magnetic moment of the spins in the direction of the magnetic field. But due to 

the spin-angular momentum of the spins, they instead start to precess around the direction 

of the external magnetic field. This precessing frequency, i.e. the Larmor frequency, is (via 

combining Equation 1 and Equation 6) determined by the gyromagnetic ratio and the 

strength of the local magnetic field: 

 0 01 B     .       [7] 

The shielding factor (σ) includes all the different interactions that alter the magnetic field 

the spin is sensing. The name originates from the fact that the applied field induces a change 

in the electron structure surrounding the nucleus, and this creates an induced magnetic field 

typically opposite to the external magnetic field. The total magnetic field at the nuclei will 

then be weakened (shielded). This particular shielding effect is the reason why NMR 

spectroscopy is such a powerful tool when it comes to distinguish between different 

molecules in chemistry; it is possible to detect these small frequency differences of the 

precessing spins of different molecular environments. Equation 7 also implies that two 

identical spins will precess with different Larmor frequencies if different external fields are 

applied. Therefore, the use of chemical shift (δ) was introduced, which removes the 

dependence of the applied magnetic field by referring to a reference compound:107 

   
ref
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 .       [8] 

Here is ν the measured frequency of the investigated spins and νref the frequency of the 

reference, measured in the same applied magnetic field. In the case of 1H, 2H and 13C it has 

been decided to use tetramethylsilane (TMS) as a reference molecule.108 

2.3.1. Acquiring the NMR signal 

Even though NMR spectroscopy uses electromagnetic radiation (radio waves) to excite the 

nuclear spins in the sample, it deviates from other commonly used spectroscopic techniques 

in the acquisition of the signal. In most other spectroscopies, the samples are investigated 

by registering the, by the sample, emitted or absorbed energy. In NMR it is instead the 

precession of the very small net nuclear-magnetization of the sample that is detected, a net 

magnetization that originates (as previously described) from the destruction of the energy 

degeneracy of the different spin states of the nuclei (illustrated in Figure 8). These new 

energy levels will not be equally populated. The spins (in thermal equilibrium) are instead 

distributed according to the Boltzmann distribution, generating a larger population of spins 
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in the lowest energy state. Consequently, this leads to a net nuclear magnetization of the 

sample that is parallel to the external magnetic field (often denoted as the z direction), see 

Figure 9a.107 

 

Figure 9 – (a) At equilibrium there is a net magnetization along the direction of the z-axis. (b) When 

a pulse along the x-axis is applied, the net magnetization is turned in a perpendicular fashion towards 

the negative y-axis. 

Even though the foundation of NMR spectroscopy is quantum mechanics, there are ways of 

picturing some of the basic manipulations of the spin system in a more simplified classical-

mechanical manner. The trick is to view the net magnetization and the manipulation of the 

net magnetization as vectors, which is called the vector model. When a radio frequency (RF) 

pulse of suitable frequency (i.e. energy) is applied to the sample, the magnetic component of 

the RF field acts with a torque on the net magnetization and turns it away from the direction 

of the applied magnetic field (see Figure 9b). Subsequently, the interaction between the 

strong external magnetic field and the tilted net magnetization will cause the net 

magnetization to precess around the direction of the external field. The frequency of this 

precession will be the same as for the individual spins (the Larmor frequency). To further 

simplify the evolution of the spins, it is possible to transform the coordinate system to a 

system where the coordinate axes are rotating and changing direction with time, the so called 

rotating frame. If the rotating axes are set to rotate with the Larmor frequency, the net 

magnetization will appears as being static in the coordinate system (as is pictured in Figure 

9); instead of having a very exotic rotating pattern, the net magnetization is simply turned 

into the x-y plane of the rotating coordinate-system when the RF pulse is applied.107  

A sample often includes many different spin populations with different chemical 

shifts. Therefore, to be able to excite all available spins, the RF pulse needs to be able to 

simultaneously generate a broad range of frequencies. This can be done if a strong (high 

amplitude) RF pulse is applied during a short period of time, often in the range of 

microseconds.101,109 Nevertheless, due to instrumental limitations, it is not possible to 

generate an RF pulse as short as one wishes with a homogenous amplitude over a very broad 

range of frequencies. Unfortunately, this is often demanded when investigating quadrupolar 

nuclei in solid materials, which has the implications that the peak intensities at the edges of 
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the broad solid spectrum may not be accurate and, therefore, are the spectral shapes needed 

to be considered with care.109 The applied RF pulse is generated in an RF coil, which is 

surrounding the sample inside of the NMR magnet. The coil also acts as an RF receiver. After 

the net magnetization has been turned into the x-y plane (with a 90˚ pulse), and precesses 

around the z axis, it induces a voltage in the RF coil. This voltage is then measured with 

suitable electronic equipment that, among other things, manages to separate very small 

differences (down to below 1 Hz) in Larmor frequencies of several hundreds of MHz.107 This 

recorded signal is called the free induction decay (FID) (see Figure 11d for an example). 

When the net magnetization is turned into the x-y plane, the simple connection 

between the vector model and the spin states is lost and quantum mechanics is needed to 

fully be able to explain the evolution of the spins. It is, for example, not possible to explain 

the appearance of the net magnetization in the x-y plane by using the different populations 

of the different spin states (a feature often called coherence).101 Anyhow, even if the 

comfortable connection is momentarily lost, the vector model can still be helpful to facilitate 

the understanding of how some of the basic NMR spectra is acquired.  

2.3.2. Spin interactions used in NMR 

It was earlier stated in relation to Equation 7, that there exist many different interactions 

that could alter the local magnetic field at the nucleus. One of these interactions is the ability 

of the different spins to influence each other with their own intrinsic magnetism, which is 

called the dipole-dipole interaction or the dipolar coupling (the word dipole is referring to 

the magnetic dipole of the spin and should not be confused with the electrical dipole). There 

are two kinds of dipole-dipole interactions; one direct that is dependent of the angle between 

the external magnetic field and the vector between the interacting spins, and one indirect 

that is not angular dependent (often called J-coupling). The two above mentioned magnetic 

interactions exist for all nonzero spins, but there are also electrostatic interactions that can 

affect the energy levels of different spin states. These interactions arise due to the fact that 

the nuclei with spins I >1/2 have a distribution of electrical charges that is not spherically 

symmetric. This renders the energies of the spin states to be dependent on their alignment 

with the surrounding electric field gradients. Among these electrostatic interactions is the 

electric quadrupolar interaction (often referred to as quadrupolar interaction or 

quadrupole coupling) the strongest. In similarity with the direct dipolar coupling and the 

quadrupole coupling, a part of the chemical shift interaction is also anisotropic and depends 

on the angle (θ) between the external magnetic field and the principal axes describing the 

interaction; this is denoted as chemical shift anisotropy (CSA). All these angular dependent 

interactions have in common that their angular dependence has a factor that is proportional 

to the term: 
2(3cos 1)  , and if θ changes sufficiently fast (in relation to the NMR 

observation time scale) the term will be averaged out to zero and these anisotropic 

interactions will not be seen in the NMR spectrum.110 This is often the case in liquids where 

the high mobility of the molecules makes them to quickly tumble and, consequently, rapidly 

and randomly alter θ. This difference between a solid and a liquid sample is demonstrated 
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in Figure 10 (note the two vastly different frequency scales of the spectra). The simulated 

quadrupolar echo 2H NMR spectrum of a solid sample of methacrylic acid (Figure 10a), 

where all anisotropic interactions are present, is dominated by the quadrupole coupling. In 

the 2H NMR spectrum of the liquid sample of methacrylic acid (Figure 10b) the angular 

dependent interactions are instead averaged out and only the isotropic chemical shifts and 

the J-couplings are visible. 

 

Figure 10 – Simulated 2H NMR spectrum (Larmor frequency of 76.1 MHz) of solid (a) and liquid (b) 

methacrylic acid. The narrow peaks of the methyl and the methylene groups are clearly separated in 

the spectrum of a liquid sample. The severely overlapping broad peaks in the solid sample shows no 

such features, instead the quadrupolar interactions are dominating. 

2.3.3. Relaxation 

After the net magnetization has been turned away from the z direction by an RF pulse (Figure 

9b) the spin system is in an excited and non-equilibrium state and will strive to reach its 

equilibrium state (with the net magnetization along the z direction) again. These processes 

back to thermal equilibrium are in NMR terms named as relaxation and are divided into two 

main categories: longitudinal relaxation (also called T1-relaxation or spin-lattice relaxation) 

and transverse relaxation (also called T2-relaxation or spin-spin relaxation). As the names 

indicate, the longitudinal-relaxation process describes the recovery of the net magnetization 

along the z axis and the transverse relaxation process the vanishing of the net magnetization 

in the x-y plane. Both processes originate from small fluctuations of the local magnetic fields 

at the position of the spins, and these small fields will stepwise and in a random manner 

recover the spin ensemble to its equilibrium position. These fluctuating local fields are 

produced by the motions of the atoms and molecules that modulates the spin interactions 

over time, such as the quadrupole coupling, dipole coupling, CSA and spin-rotation (here 

ordered by their strength).101 The changes of the interactions have the consequence that the 

precessing frequency of each spin varies with time and generates a time dependent phase 

difference between the spins. One effect of these accumulated phases of the spins is that it 



18 

spreads out the net magnetization in the x-y plane and the registered FID decreases with 

time (see illustrations in Figure 11). 

 

Figure 11 – (a-c) The small fluctuating local fields generates a distribution of the precessing 

frequencies of the spins and results in a time dependent spreading of the net magnetization in the x-

y plane. This affects the measured amplitude of the induced voltage in the RF coil and the signal 

decreases with time, the FID (d). 

The FID will then have a decay that is characterized by the time constant T2, which also will 

be inversely correlated to the full width at half height (FWHH) of the corresponding peak in 

the spectrum (the Fourier transformation of the FID). In a similar fashion the often 

exponential recovery of the longitudinal magnetization is connected to the time constant 

T1.
107  

The time intervals by who the local magnetic field changes significantly are 

connected to the motions of the nuclei; every time the atom/molecule collide with another 

atom/molecule its motion may change and thereby also the local field. The average time 

between that the motion of an atom/molecule changes is called the correlation time (τc). It 

turns out that the values of the relaxation time constants change differently with τc, see 

Figure 12.101 
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Figure 12 – The τc dependence of the two relaxation time constants (logarithmic x axis). 

The τc dependence of T2 implicates that a reduction in molecular mobility always generates 

broader spectral lines. The relation between T1 and τc is, however, somewhat more complex; 

the curve shows a minimum that means that a decreased molecular mobility actually also 

(in contrast to the T2 behavior) can generate an increased relaxation time. This has the effect 

that the waiting time between acquiring NMR spectra (with maximum intensities) of static 

samples often needs to be inconveniently long compared to liquid samples.101 

 The T2 relaxation (i.e. the broadening of the spectral line-shapes) can be divided into 

two different relaxation mechanisms; the homogenous broadening resulting from 

fluctuating local magnetic fields and the inhomogeneous broadening arising from non-

uniform magnetic fields inside the sample volume.107,111 The latter is possible to counteract 

by using a 180˚ pulse placed in between two delays of equal duration, a pulse sequence called 

spin echo (see illustration in Figure 13).112  
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Figure 13 – The evolution of individual spins during a spin-echo pulse sequence. After the starting 

90˚ pulse (a) the spins first are spread out in the x-y plane (a-c). Subsequently the spins are inverted 

around one of the axis (here around the y axis) by applying a 180˚pulse along the ±y axis (c-d). 

Thereafter comes a second delay (d-f) of the same length as the first delay. After this second delay are 

the spins refocused again (f). 

The criteria for the spin echo to work is that the magnetic field at the position of each spin is 

unchanged during the time period of the spin-echo pulse sequence. This last criteria can for 

example be disturbed by molecular diffusion and, even if this displacement of the molecules 

decreases the efficiency of the spin echo, it can be used to indicate the movement of the 

molecules. This is therefore utilized in diffusion NMR by introducing a controlled magnetic 

inhomogeneity through the sample by applying a known magnetic field gradient.113 

2.3.4. Magic angle spinning 

In a static sample, where the mobility of the nuclei is hindered, the anisotropic interactions 

are no longer averaged to zero and the angular dependence of the different local 

environments of the spins start to affect the line shapes in the NMR spectrum. Fortunately, 

there is a way to handle the resulting spectral broadening: if the sample is aligned at an angle 

to the external magnetic field (θR) and is rapidly rotated around its own axis, the average 

angular dependence of the anisotropic interactions can be substituted as follows:  

 2 2 21
3cos 1 3cos 1 3cos 1

2 R      ,   [9] 

where θ is the angle between the external magnetic field and the principal axis describing 

the tensors of the interaction (see Figure 14).110  
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Figure 14 – A schematic illustration of the different angle definitions of a rotating sample in a 

magnetic field. 

Equation 9 shows that if the angle (θR), which can be chosen by the spectroscopist, is set to 

54.736° the expression becomes zero and this angle is called: the magic angle. However, 

there is a limitation, the spinning speed (νrot) is often required to exceed (or be similar as) 

some of the line-broadening effects of the corresponding interactions. Routine 

instrumentations of today are using spinning speeds of 15-30 kHz, but there are 

commercially available NMR probes that can reach as high spinning speed as 111 kHz*. 

Spinning speeds of 15-30 kHz are often sufficient to remove CSA and heteronuclear dipolar 

couplings, but to remove the stronger homonuclear dipolar coupling higher speed is often 

demanded.110 In Figure 15a it is demonstrated how an increased spinning speed can improve 

the resolution of the 1H MAS NMR spectrum of glycine. However, even at these high 

rotational speeds, the line widths are still broad in comparison to the line-widths of below 1 

ppm that commonly appear in liquid 1H NMR spectra (compare with Figure 10b).114  

                                                           
* The limitations are set by the material of the sample containers (the rotors) which are 
disintegrating at too high rotational speeds, because of the large centrifugal forces generated by the 
rapid rotation (at 15 kHz, a rotor diameter of maximum 4 mm can be used). 



22 

 

Figure 15 – (a) 1H MAS NMR spectrum of glycine at different spinning speeds.115 (b) 2H MAS NMR 

spectrum of deuterated cellulose recorded with 10 kHz spinning speed, insert shows the 

corresponding static quadrupole echo 2H NMR spectrum. Figure a is reprinted from reference115 with 

permission from Elsevier. 

When the spinning speed is less than the line broadening effects of the interactions, a 

spinning sideband (SSB) manifold appears in the spectra, as can be seen in Figure 15b. This 

broad line shape appears mainly because of the strong quadrupole coupling of the 2H nuclei 

(but still one of the smallest among quadrupolar nuclei) spread the frequency range to 

almost 400 kHz.  

In a static spectrum one specific local environment of the spins only gives spectral 

intensity at its corresponding frequency. Yet, in the MAS spectrum the same specific local 

environment contributes to the intensities of all the different SSBs at different frequencies.116 

To be able to explain this, it is important to understand the lack of physical connection 

between the alignment of a nuclear spin and its mass; the spin can change alignment without 

turning the nuclei and vice versa. This implies that a nucleus at a specific position in the 

rotor is changing its alignment (relative the external magnetic field) when the rotor is rotated 

but the magnetic vector of the spin is not, the spin will have the same alignment throughout 

the entire rotor evolution. However, when the rotor contains an anisotropic sample, all the 

angles between the different principal axis of the interactions and external magnetic field 

are changing with the rotor rotation and thereby also the local magnetic field at the position 

of the spin. This means that when the rotor is spinning the local magnetic field of each spin 

also changes with time. The changing frequencies makes the different spins to accumulate a 

phase difference relative to each other and the apparent T2 value is shortened and the FID 

signal is rapidly lost (see the very beginning of Figure 16). Nevertheless, the accumulated 

spread of frequencies during the first half of the rotor period is refocused (i.e. cancelled) 

during the second half of the rotor evolution. This is called rotational echo and is 

characteristic for a FID generated under MAS conditions,110 see Figure 16. The rotational 

echo can be compared to the refocusing effect of the spin-echo pulse sequence. 
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Figure 16 – A characteristic appearance of a FID, acquired under MAS conditions, the rotational 

echos are highlighted by dots. 

Moreover, these rotational echoes are also the reason for the appearance of the SSB in the 

MAS NMR spectrum. When the different Larmor frequencies of the spins are modulated 

with the rotational echoes, the Fourier transformation of the FID causes the intensity from 

the spins in a particular environment to split up and become distributed over a set of peaks 

centered at the isotropic chemical shift ±nνrot (n = 0,1,2,3,…).116,117 

Using MAS when recording an NMR experiment does not only improve the 

resolution and the signal-to-noise ratio (increases when the intensities are concentrated in 

SSB instead of being spread out over the whole spectral width) of the spectrum. MAS also 

removes anisotropic relaxation, which otherwise could generate complex relaxation 

behaviors.118  

2.3.5. Experimental aspects 

The NMR experiments have been carried out at two different NMR spectrometers; a Bruker 

Avance II 300† MHz equipped with a 4 mm MAS probe or a 5 mm high-power probe with 

horizontal sample alignment, and a Bruker Avance HD 500† MHz equipped with a 4 mm 

MAS probe. All spectra were recorded at 25˚C (if not stated otherwise) and with a rotor 

spinning speed of 10 kHz if recorded under MAS conditions. 

2.4. Additionally used techniques 

2.4.1. Dynamic vapor sorption 

This technique was used to investigate the removal of 1H2O (from a cotton-linter-based 

cellulose sample) in an atmosphere of dry air. For this was a dynamic vapor sorption (DVS) 

instrument from Surface Measurement Systems UK Ltd used. The experiment constituted 

of two subsequently executed blocks. The first block kept the sample in 50% relative 

humidity (RH) for 12.5 hours and the second block dried the sample with 0% RH for 25 

                                                           
† 1H-resonance frequency (Larmor frequency) 
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hours. The experiment was carried out with a sample of approximately 20 mg and the 

temperature was kept at 32°C.  

2.5. Preparing the samples 

2.5.1. Water activity 

The activity of water (vapor) is often measured as relative humidity (RH), where the actual 

vapor pressure of water is related to the saturation pressure of water in that particular 

condition. In a laboratory, without controlled climate, it is not uncommon that the RH varies 

between 30-80% depending on seasons and weather. Already at a low level of RH (such as 

5%) a couple of percentage of the mass of an equilibrated cellulose sample is water.12 This 

implies that to be able to measure a sample in a dry atmosphere, the sample needs to be well 

separated from ambient water in the surrounding laboratory atmosphere. Since adsorption 

is very fast at normal RH, the samples can gain a moisture content (MC) of a couple 

percentage even if it has been in the laboratory atmosphere for only a couple of minutes.68,69 

Therefore, it is not only the long-time protection of the samples that is crucial, the level of 

water in the experimental system is also needed to be kept at a minimum all the time, which 

severely complicates sample handling throughout experiments. 

One frequently used method of drying cellulose is to dry the material at an elevated 

temperature in an oven, most commonly at 105˚C.119 It has also been clearly demonstrated 

that more water is released when higher temperatures are used during the desorption 

process.120 However, it should be noted that this also may lead to changes in the cellulosic 

material.121,122 To minimize the possible influence of the heating, water can instead be 

effectively removed by using vacuum. This is also beneficial because the decreased 

concentration of the surrounding water-vapor molecules reduces the interchange with the 

adsorbed water molecules, which can be important in studies regarding deuterium 

exchange. 

2.5.2. Preparing cotton linter for measurements 

Microcrystalline cellulose (MCC) powder produced from cotton linter was used for the NMR 

measurements, while a cotton linter with longer fibers (CL) was needed in the FT-IR 

experiments. When using the FT-IR spectrometer in transmission mode, it is crucial to use 

an amount of material that allows some fraction of the IR light to pass through the 

investigated sample. Therefore, due to the difficulties in pressing enough thin tablets of 

MCC, the MCC powder was not suitable for this experiment, and instead was CL used to 

create thin randomly-oriented cellulose films of sufficient low density. The films of CL had 

an approximately thickness of 50-100 µm. 
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2.5.3. Sample handling 

The drying of the samples were carried out inside vacuum ovens at approximately 50˚C and 

with a pressure of below 1 mbar. Due to the highly hygroscopic behavior of dry cellulose, the 

contact with normal water needed to be minimized when the samples were handled outside 

of the vacuum oven. In the case of the NMR samples, the vacuum oven was placed inside a 

glove box, and every time the samples were transferred in and out from the oven the glove 

box was pre-flushed with N2 gas (Figure 17a). Subsequently, to protect the cellulose from 

normal water when placed inside the NMR spectrometer, the samples were sealed by the 

NMR rotors themselves or by NMR tubes wrapped in para-film. Both these sealing 

procedures were carried out inside of the glove box. In the case of the FT-IR samples, a 

custom-made sample holder was created, that contained both IR-transparent windows and 

tube connections for flushing it with N2 gas (Figure 17b). The sample holder made it possible 

to transfer the samples between the vacuum oven and the FT-IR spectrometer. When the 

FT-IR samples were deuterium exchanged and needed to be transferred between the sample 

holder and the container with deuterium atmosphere, the procedure was carried out inside 

of a simplistic plastic glove-box from Air Science. In both of the used glove boxes, a RH level 

of maximum 3% was maintained and was continuously monitored by data loggers. 

 

Figure 17 – (a) In the case of the NMR experiment the samples were mainly handled inside a glove 

box, pre-flushed with N2 gas. The picture also shows the custom-made vacuum oven suited inside the 

glove box. (b) This custom-made sample holder with IR-transparent windows and N2-gas connections 

was used to prevent the samples for FT-IR measurements to come in contact with normal water. 
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2.5.4. Generating atmospheres of different relative humidities 

The heavy-water (2H2O) atmospheres of different RH were in most cases generated inside 

desiccators containing 2H2O (saturated with suitable inorganic salts). However, when 

deuterium exchange was monitored in real-time by FT-IR measurements, the humid 

atmosphere was needed to be applied directly into the sample holder (Figure 17b). A custom-

made humidifier was assembled for this purpose, generating an adjustable stream of 2H2O 

vapor by bubbling N2 gas trough liquid 2H2O (see a schematic overview in Figure 18). 

 

Figure 18 – Schematic illustration of the custom-made humidifier, used in the exchange-

experiments that were followed in real-time by FT-IR spectroscopy. 
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3. Summary of the research 

The main results from the research that was carried out are presented in this chapter. As 

mentioned in the introduction, a better understanding of the interaction between water and 

cellulose is important to be able to design cellulose-composite materials where the negative 

effect of moisture is minimized or completely prevented. The cellulose-water interaction is 

mainly governed through the hydrogen bond between the polar hydroxyl groups in cellulose 

and the adsorbed water molecules. However, before a hydrogen bond can be established, the 

water molecule needs to come in contact with the hydroxyl group and the accessibility of 

those hydroxyl groups becomes vital. When investigating these kinds of systems, where the 

interacting moieties constitute of similar chemistry (hydrogen atoms covalently bonded to 

oxygen atoms), it can be troublesome to separate them from each other. Accordingly, we 

developed an NMR methodology (presented in Paper I) that made it easier to investigate the 

water accessible hydroxyl groups of cellulose. This methodology was then used, together 

with FT-IR spectroscopy and molecular dynamics (MD) simulations, to investigate the 

particular water-hydroxyl group interaction of the accessible hydroxyl groups in cellulose 

(Paper II). Paper III extends the FT-IR examination from Paper II to include a kinetic study 

that revealed some information regarding what surfaces (of the cellulose fibrils) that are 

susceptible to hydrogen exchange with water. Paper IV investigates the behavior of the 

different kinds of water that are present in the cellulose at different relative humidities. 

Finally, the moisture sensitivity of the mechanical properties of epoxy modified cellulose was 

studied by mechanically testing and NMR spectroscopy (Paper V). This gave some 

interesting information regarding the role of the fibril-fibril interaction when it comes to 

moisture sensitivity of cellulose composites.    

3.1. Hydrogen-exchanging hydroxyl groups 

To be able to investigate the hydroxyl groups in cellulose it is important to control the 

amount of water in the investigated cellulose material. Therefore, it is demanded to have a 

well specified condition of the system where the examination/measurement takes place. The 

controlled and specified conditions are also mandatory to be able to compare the results 

from different experiments. 

3.1.1. Removal of water molecules 

To get an estimate of the time needed for sufficient drying, the drying of thin cellulose films 

were monitored by FT-IR spectroscopy (Paper III). It could be shown that already after 

approximately one hour in a vacuum oven, most of the water have been removed from the 

thin film of cotton linter (Figure 19a). However, the results also revealed that the signal 

continued to slightly decrease also after 90 hours of drying at these conditions (50˚C and <1 

mbar). It should be noted that before the first FT-IR spectrum has been recorded, the sample 

has been exposed to a flow of N2 gas for approximately 10-15 min and, therefore, has a large 

amount of the water already been removed when this first spectrum is acquired. This has the 
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consequence that this small decrease in intensity (after 90 hours of drying) is more or less 

negligible in comparison to the starting intensity of water.  

The drying was also investigated with DVS, where an MCC-powder sample 

(equilibrated in 50% RH) was dried under a flow of dry air (Figure 19b). It is reasonable to 

presume that the drying kinetics of the two different samples of cotton linter (powder and 

thin film) differ due to the geometric differences and the powder could be expected to have 

a somewhat slower kinetics. However, when comparing our measurement with previously 

reported DVS runs with cellulose fibers,69 the drying seems to be happening at a similar time 

scale. 

 

Figure 19 – (a) Change of the FT-IR intensity of the 1HO peak when vacuum drying a sample pre-

equilibrated in a 1H2O atmosphere of approximately 93% RH. (b) The decreasing mass of a MCC 

sample (pre-equilibrated in 50% RH) under the influence of a flow of dry air in a DVS measurement. 

The plotted points represent the average value from duplicate samples in one single experiment for 

the FT-IR experiment, and the DVS experiment only shows single values from one specific 

measurement. 

Both the different drying methods used here seemed to reach steady-state. But, it is safe to 

assume that when using lower pressure and higher temperature the drying process is able to 

remove more of the adsorbed water. This implies that even if a drying experiment reaches 

an apparent steady-state or equilibrium state, one cannot be sure to actually have reached a 

state completely free from water molecules.  

3.1.2. Developing a tool for investigating deuteroxyl groups 

Even though NMR spectroscopy has been successfully used to investigate different states of 

water inside of the cellulose,61,63,89,94 these approaches are not suitable when deuteroxyl-

specific information is wanted. Instead, when investigating solid deuterium-containing 

materials, one often relies on the motional dependence of the line shape (effective 

quadrupolar splitting) of the quadrupolar echo (QE) 2H NMR spectrum. An example of this 

motional effect can clearly be seen in Figure 10a, which shows a significant difference in the 

quadrupolar splitting of the methyl and methylene groups. This difference arises from the 
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fact that the methyl group can rotate around its axis along the C-C bond that reduces the 

effective quadrupolar coupling with roughly a factor of 2/3.123 However, if there are no 

significant differences in the quadrupolar splitting of the deuteroxyl groups (Figure 15b), the 

separation is left to be handled by some other measurable parameters, such as the T1 

relaxation, which is affected by faster motions than the spectral band-shapes.124 However, 

relaxation measurements in anisotropic samples have the drawback of a possible complex 

anisotropic relaxation and to suppress this it is needed to add MAS to the 2H NMR 

experiment. The measurements then benefit from both getting an increased signal-to-noise 

(S/N) ratio and the reduction (or complete removal) of the possible anisotropic relaxation 

in the sample.118 Additionally, the removal of the anisotropic relaxation opens up for a more 

simplified spectral deconvolution, because the relaxation (at different frequencies in the 

spectra) of each spin population can now be assumed to have a single component. This has 

also recently been used to investigate samples including 2H spin-populations with distinct 

different chemical shifts. However, significantly different chemical shifts made the use of 

relaxation obsolete for the actual identification of the different spin populations (the 

relaxation measurements was in this case used for investigating the mobilities of the 

moieties).125 To identify the different hydroxyl groups in cellulose, which all appear in the 

range of 4-6 ppm in the liquid NMR spectrum,114,126 the methodology needed to use the 

different relaxation times of the deuteroxyl groups to be able to separate them in the 2H MAS 

NMR spectrum (Paper I). The limits of the developed method was additionally explored by 

generating inversion-recovery 2H MAS NMR spectra of two artificial spin populations, with 

varying differences in the chemical shift and in the T1-relaxation parameters (Figure 20).   

 

Figure 20 – A mapping of the limits in the parameter differences that are needed for the method to 

be able to separate the two spin populations contributing to the simulated inversion-recovery 2H MAS 

spectra. The figure is reprinted from Paper I with permission from Elsevier. 

The results showed that with a (relatively poor) signal-to-noise ratio of ten, the method still 

manages to completely separate the two populations if they have either a factor three 

difference in the T1-relaxation constant or a chemical-shift difference of 50% of the full width 
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at half height (FWHH) of the peaks (the FWHH of the two peaks were assumed to be the 

same).  

3.1.3. Exchanging hydroxyl groups 

By using this newly developed NMR method to investigate a dried (pre-deuterium 

exchanged) cellulose sample of relatively high crystallinity, it become possible for the first 

time to extract hydroxyl-group-specific NMR information regarding the individual hydroxyl 

groups in samples of cellulose (Paper I and Paper II). The methodology was able to confirm 

some older, and somewhat summary, notions regarding that only two out of three accessible 

hydroxyl groups are in hydrogen exchange with water under normal conditions‡.48,74,78 

These findings could also be confirmed by the FT-IR experiments when monitoring 

the change of IR intensities during both a fast exchange (of a pre-dried unexchanged 

cellulose-sample) and a slow re-exchange (of a deuterium-exchanged cellulose sample) 

experiment. The deconvolution of the changing intensities of the FT-IR experiments (Paper 

II) best described the experimental data when assuming only two spectral peaks assigned to 

hydroxyl groups.  

3.1.4. Identification of the exchanging groups 

Normally, when using NMR spectroscopy, the chemical shifts of the different hydroxyl 

groups in cellulose would be an excellent tool to identify those two hydroxyl groups that 

become deuterated in contact with 2H2O. However, due to the nature of cellulose this 

information does not exist in the literature. Cellulose is, as previously discussed, not soluble 

in water or other commonly used solvents,11 which prohibits the use of liquid NMR 

spectroscopy. Nevertheless, even if it were possible to dissolve cellulose in water, it would be 

still problematic to measure 1H chemical shifts of hydroxyl groups due to the rapid hydrogen 

exchange between water and the hydroxyl groups. This rapid exchange under normal 

condition prohibits the appearance of non-overlapping single peaks from the hydroxyl 

groups.101 To handle insolubility, shorter but water soluble glucose oligomers have instead 

been used as model systems of cellulose in water.26,114,127 Still, this does not avoid the 

experimental problem of the rapid hydrogen exchange, but can be solved by using water-

mixtures with lower freezing points, which enables liquid NMR at sub-zero temperatures.114 

These experiments could report 1H chemical shifts of approximately 5.9 ppm for 1HO(6) and 

6.4-6.6 ppm for 1HO(2) and 1HO(3) (with 1HO(3) at a slightly higher chemical shift of those 

two groups).114 When comparing these reported values of the chemical shifts of the hydroxyl 

groups with our own extracted chemical shifts of 2HO(2) and 2HO(6) in Paper II, the 

chemical-shift difference is in very close agreement, but the absolute chemical shifts deviate 

to some extent (see Table 3). A probable explanation for this deviation is the small but 

significant difference in the molecular environments in the liquid and the solid 

states.108,128,129 Also the existence of the isotropic second-order quadrupolar interactions in 

our 2H NMR measurements (compared to the lack of the same in the 1H NMR measurements 

                                                           
‡ Normal temperature and pressure, defined as 20˚C and 1 atm (≈ 1.01 bar).  
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used in the literature) can have an effect on the measurements of isotropic chemical shifts.130 

It should be noted that this latter effect is expected to be similar for all three deuteroxyl 

groups and therefore have a minor effect on the relative chemical shifts.  

Table 3 – The globally fitted results of the deconvolution of the FT-IR and NMR experiments. All 

FT-IR values are calculated means of duplicate samples in two series of measurements. In the case of 

NMR, the average values are calculated from five different dry (pre-deuterium exchanged) MCC 

samples. The error value indicates one standard deviation. 

   2HO(6) 2HO(2) 1HO(6) 1HO(2) 

N
M

R
 Chemical shifta (ppm) 5.4 ± 0.2 5.9 ± 0.3   

T1 (s) 0.052 ± 0.024 0.44 ± 0.24   

Fraction of total peak area (%) 41 ± 2 59 ± 2   

F
T

-I
R

 Wavenumber (cm-1) 2546 ± 3 2461 ± 2 3460 ± 10 3240 ± 10 

Fraction of total peak area (%) 29 ± 2 71 ± 2 32 ± 1 68 ± 1 

aOnly three of the samples were chemical-shift calibrated. 

Unfortunately, the very similar chemical shift of 2HO(3) and 2HO(2) leads to that the 

extracted chemical shifts are not enough to completely identify the two exchanging hydroxyl 

groups. Additionally, the lack of any information on hydroxyl-group-specific relaxation 

makes that the extracted T1 values of the deuteroxyl groups are not fully distinctive (Table 

3). However, the knowledge regarding the high stability of the intra-chain hydrogen bond 

O(3)H- - -O(5) makes it more probable that the peak at 5.9 ppm belongs to the 2HO(2) group. 

But to make a stronger claim, an additional technique is needed and one way is to utilize the 

joint strength of using both NMR and FT-IR spectroscopy to investigate our cellulose-water 

systems. 

The ability of FT-IR to distinguish between the strength of the vibrating bond (i.e. at 

what wavenumber specific vibrations are absorbing IR light), makes it a good tool for 

extracting hydroxyl/deuteroxyl-group-specific information. However, there has not been a 

total agreement regarding the actual wavenumbers of the stretching vibrations (3600-3000 

cm-1) of the 1HO(6) and the 1HO(2) hydroxyl groups.75,131 By examining the available 

literature, it could be concluded in Paper III that the most probable order (according to the 

identified wavenumber regions) of the three different hydroxyl groups is: 1HO(6) > 1HO(3) 

> 1HO(2). It should be noted that in some publications during the past years, it has been 

indicated that the often used assignments of one particular hydroxyl group to one specific 

region of wavenumbers may not be straightforward. It has been shown that the prominent 

hydrogen-bond network in the cellulose crystals generates coupled vibrations. These 

coupled vibrations then manifest contributions from each hydroxyl groups to all the three 

identified wavenumber regions of the stretching vibrations of the hydroxyl groups in the FT-

IR spectrum.54,132 However, our investigation is focused on the non-crystalline regions of the 

cellulose that have a less distinct network of hydrogen bonds and the coupling can be 

assumed to have a much weaker influence on the spectral shape.133 To further make sure that 



32 

only the exchanging groups are needed to be considered, the deconvolution of the FT-IR 

spectra was carried out from calculated difference spectra, which exclude the peaks 

originating from the inaccessible parts of the cellulose.134  

The deconvolution of the FT-IR intensities was carried out by using the Voigt 

distribution, a function created by convoluting a Lorentzian and a Gaussian function.135,136 

The nature of the Voigt function makes it useful when fitting spectral peaks that are 

broadened by both homogenous broadening (for example relaxation mechanisms) and 

inhomogeneous broadening (such as distributions of vibrations). The results from the 

deconvolution of the changing IR intensities could then directly identify the two exchanging 

hydroxyl groups as 2HO(6) and 2HO(2) (see Table 3 and Paper II). These results then 

qualitatively confirm the results generated in the NMR experiment.  

The two experiments also agree rather well regarding the quantitative amount of 

each exchanged hydroxyl group (Table 3). However, the reason why the groups at O(2) are 

exchanging to a larger extent (ca 60% of the total peak intensity) than the groups at O(6) is 

still to be explored, but there is a distant possibility that some of the extra intensity identified 

to belong to 2HO(2) actually could be unremoved water. When the hydrated cellulose is dried 

and fibril-fibril contacts are created between the fibril aggregates some water could be 

captured there.22,137 However, the amount of water that is needed to increase the intensity 

with approximately  50% (if assuming the same amount of exchanged groups for both O(2) 

and O(6)) makes it highly unlikely that all the additional intensity originates solely from 

trapped water. 

 To get a better understanding of the molecular aspects of the hydrogen/deuterium 

exchange, a molecular dynamics (MD) simulation was carried out. A cellulose Iβ crystal 

surface (1 -1 0) in water was simulated during 10 ns and the average numbers of hydrogen 

bonds between the different atoms were estimated (Figure 21). 

 

Figure 21 - The average amount of different hydrogen bonds during the MD simulation of a cellulose 

Iβ crystalline surface (1 -1 0) surrounded by water molecules (Paper II). The stacks show to what 

oxygen the hydroxyl groups of the cellulose are donating their hydrogens (stacks pointing upwards), 
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and to what oxygen (in the cellulose molecules) water is donating its hydrogen (stacks pointing 

downwards). The figure is reprinted from Paper II with permission from Elsevier. 

Even though similar simulations have been carried out earlier,43,48 the simulation carried out 

here was executed during a longer time interval and with newer and updated force fields, 

which gives a more reliable result due to better statistics and better description of the 

cellulose polymer.138 The simulations clearly visualized that the O(3)H- - -O(5) hydrogen 

bonds were very stable and more or less undisrupted throughout the simulation. As 

displayed in Figure 21, the 1HO(3) group accepts as many hydrogens as the 1HO(6) group 

and the large difference is instead found in the donating behavior. 1HO(3) is almost 

exclusively donating its hydrogen to the intrachain O(5), while the 1HO(6) is mainly donating 

its hydrogen to water molecules. This finding suggests that to exchange its hydrogen, the 

hydroxyl group needs to be able to donate the hydrogen to the exchanging moiety (in this 

case water). The results from the MD simulations also indicate that it is easier for the water 

molecule to donate its hydrogen to 1HO(6) than to 1HO(2), which could be a consequence of 

steric hindrance.26 

3.1.5. Quantitative estimates of exchange 

In NMR spectroscopy the intensity is simply proportional to the actual number of spins 

generating the signal. This property makes NMR rather straightforward to use for direct 

quantitative measurements, as compared to FT-IR spectroscopy where the molar 

absorptivity can deviate considerably (for example between different vibrational modes of 

the same molecule)139. Therefore, a rough estimate of the number of exchanged hydroxyl 

groups was observed in an MCC sample (23 ± 5%§) by using PMMA-d5 as an external 

reference (Paper II). This result agrees rather well with the theoretical estimate where 28% 

of the hydroxyl groups in MCC (CI value of 58 ± 3%§) may be exchanged by water. The 

estimate is using the assumptions that all hydroxyl groups of the non-crystalline chains are 

in contact with adsorbed water and that only 2/3 of these groups are exchanging deuterium 

with water (see details in Paper II). 

3.2. Water and the interacting fibril surfaces 

Through the NMR and FT-IR experiments, we were able to both directly and indirectly 

observe the existence of two states of bound water below the FSP of cellulose. From the 

identified fractions of the two kinds of bounded water, it was further possible to give some 

suggestions regarding the number of fibrils in the fibril aggregates. 

3.2.1. Different states of water 

It turned out that by using 2H MAS NMR spectroscopy it became relatively straightforward 

to identify at least two different states of bound water in the cellulose samples of MCC (Paper 

IV). Even if the only thing needed was to record a 2H MAS NMR spectrum of heavy water in 

                                                           
§ Calculated from three different samples. 
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celluloses, the actual experimental set up required to be rather carefully designed to be able 

to generate this kind of spectrum without getting signal originating from the cellulose. One 

crucial step was the removal of water, which needed to be done in such a controlled fashion 

that the loss of 2H intensity (when comparing the 2H MAS NMR intensity before and after 

drying) essentially originated from the removed water and not from re-exchanged 

deuteroxyl groups of the cellulose. Moreover, the cellulose mass and the distribution of the 

material inside the MAS NMR rotor were needed to be identical when acquiring the two 

spectra, otherwise could the change in intensity be a result of different amount of material 

in the rotors or different filling factors in the probe. The controlled removal of water was 

solved by drying the cellulose by the same drying procedure as already mentioned (with a 

drying time of approximately one day). The mass and distribution of cellulose was solved by 

letting the removal of the water be carried out with the cellulose still inside the rotor. An 

example of the acquired spectra and the calculated difference spectra are visualized in Figure 

22a-b. 

 

 

Figure 22 – Spectra showing the 2H NMR MAS spectrum (a) of a MCC sample equilibrated in an 
atmosphere with heavy water (75% RH), the spectrum of the same sample after drying (b) and the 
corresponding difference spectrum (c) of the two recorded spectra. The lower parts of the figures show 
magnifications of the spectra above. 

As can be clearly seen in the difference spectrum of Figure 22c, both a broad and a narrow 

component of the intensity of the spectra are lost during the removal of water. The narrow 

spectral component needs to originate from a 2H population whose mobility is sufficiently 

fast to completely average out the static quadrupolar coupling, while the broad component 

must arise from 2H nuclei with very limited mobilities. We, thereby, define these two kinds 

of water molecules as mobile and immobile water. Additionally, the spectral width of the 
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broad component is similar to the width of the covalently bonded 2HO groups of cellulose 

(recapture Figure 15b), which indicates that those molecules are very strongly immobilized 

on the order of NMR time scale. The two distinct line shapes of the removed water (Figure 

22c) also indicates that the two corresponding fractions of water are not in exchange. The 

only logical explanation of this behavior is that the two kinds of water are located in different 

parts of the cellulose that are rather well separated from each other.  

3.2.2. Water-interacting surfaces of fibril aggregates 

The existence of two water components may appear as a consequence of different 

interactions with the surrounding cellulose chains. Hence, a rather straightforward 

suggestion is that these two regions of the cellulose that interact differently with water are 

two different surfaces of the fibrils in the fibril aggregates. The close proximity between two 

fibril surfaces inside of the fibril aggregates generates an environment with possibilities for 

multiple contact points between one water molecule and the cellulose chains,140,141 which 

would restrict the mobility of water molecules as demonstrated in Paper IV. These two kinds 

of surfaces in the fibril aggregate are often referred to as slowly accessible surfaces located 

at the internal surfaces of the fibril aggregates and readily accessible surfaces located at the 

external surfaces of the fibril aggregates (Figure 23).69,142 

 

Figure 23 – A fibril aggregate of three cellulose fibrils (12 x 12 chains), each fibril is built up by 

generalized fibril cross-sections of hexagonal shape (Paper III). The cellulose chains are aligned in 

the direction perpendicular to the plane of the cross-section. The accessible hydroxyl groups are 

colored accordingly to their accessibility: blue (readily) and red (slowly). 

It has also been seen in silicates that the restricted mobility of immobile water only can be 

achieved if the water is incorporated in the crystalline structure and not if it is solely 

adsorbed onto an external surface of a crystal plane.143 This suggests that the cellulose chains 

at the internal surfaces of the fibril aggregates have a relative highly ordered structure,137 

otherwise they would not be able to immobilize the water molecules to this extent. A high 

order would probably also lead to the possibility of a more energetically favored interaction 

between two adjacent fibril surfaces,140,141 which is a requirement for the observed swelling 
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resistance of the fibril aggregates and the consequential inseparability of the constituting 

fibrils when soaked in water. 

 In the case with FT-IR spectroscopy, two different 1H-2H exchanging surfaces of the 

fibril aggregates could be recognized. The sample holder made it possible to investigate the 

kinetics of the exchange with cellulose in situ (Paper III). By deconvoluting the collected 

difference spectra (Figure 4, Paper III), the time-dependent exchange kinetics of the 

different hydroxyl groups could be examined. It could then be seen that the changing 

intensities of the exchanging 1HO/2HO groups are well described by a parallel exponential 

function, which is in line with earlier results where the parallel exponential kinetic (PEK) 

model have been fitted to the kinetics of water adsorption.67,69 From the knowledge that the 

exchange mainly takes place at the surfaces of the fibrils, and if it is assumed that the 

hydrogen-exchange rate itself is much higher than the rate of water adsorption, the good fit 

of the exchange kinetics with the PEK model suggests that the exchange takes place at two 

different surfaces of the cellulose. Again, we propose that these two different surfaces of the 

cellulose are the internal and external surfaces of the fibrils in the fibril aggregates. 

3.2.3. Estimation of cross section and size of fibril aggregates 

From the measured CI values for the cotton linter: 58 ± 3% (MCC) and 70 ± 2%** (CL), it is 

possible to make an educated guess of the lateral dimensions of the cellulose fibrils by 

assuming some simple geometries of their cross section (and assuming that only the 

cellulose chains at the surfaces of the fibrils can be considered as disordered/amorphous). 

The two most used shapes of the cross section of the fibrils is the pure quadratic shape18,29,87 

and a more hexagonal shape30,34,78,144,145, where the latter is probably closer to reality for 

processed cellulose30 from higher plants146. If assuming a hexagonal shape derived from a 

quadratic shape by removing three cellulose chains in two of the corners (as pictured in 

Figure 23), a CI of 58% could corresponds to a cross section of 9x9 chains and a CI of 70% 

to 12x12 chains. From the d-spacing between cellulose chains in the cellulose Iβ crystalline 

unit cell (0.61 nm and 0.53 nm)29 the estimated size of these fibrils would be 4.8 x 5.5 nm 

(MCC) and 6.4 x 7.3 nm (CL) respectively. These values are close to the reported fibril sizes 

of 6-9 nm for cellulose in cotton linters (Table 1). 

The results from the fit of the PEK model to the exchange kinetics (Table 2, Paper 

III) show that the fractions of the two surfaces of adsorption are not equally large. The 

fraction of the readily accessible surface is almost two times larger than the slowly accessible 

surface. This fraction of the two kinds of accessible surfaces can be used to estimate the size 

of the fibril aggregates by changing the configurations of fibrils (12x12 chains) in the fibril 

aggregate (Table 4, Paper III). A comparison to the experimental results indicates that the 

average number of fibrils in the fibril aggregates then could be somewhere between 3 and 4. 

If again using the lateral sizes of the unit cell of the cellulose Iβ crystal, the fibril aggregates 

of the CL samples could be expected to have a thickness of 12-14 nm, which is in good 

                                                           
** Calculated from two different samples. 
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agreement with the reported size of cellulose whiskers produced from cotton linters (14 ± 5 

nm).147 

3.2.4. Fibril-fibril interaction 

In Paper V cellulose nanofibrils (CNF) were reacted with hydrophobic phenyl glycidyl ether 

(PGE) in an attempt to generate a cellulose composite (CNF-g-PGE) with low moisture 

sensitivity. To compare and to locate the reason of the decreased influence of the adsorbed 

water a reference sample with the same fraction of the PGE (35 wt% PGE) was created, but 

with the vital difference that in this sample PGE was pre-polymerized and then blended with 

the pure CNF (CNF-b-PGE). The same mass ratios of PGE/CNF, together with the similar 

size of the PGE oligomers (2-3 PGE monomers), made it possible to compare the two 

samples according to their difference in the chemical linking between PGE and CNF 

(physical adsorption vs. covalent bonding). The composites were explored by mechanical 

testing at different levels of MC (equilibrated in 5% RH, 50% RH and totally soaked in 

distilled water), see plotted stress-strain curves in Figure 24. The curves demonstrates a 

rather considerably improved water stability of the CNF-g-PGE. 

 

Figure 24 – Stress-strain curves of epoxidated CNF (CNF-g-PGE) compared with PGE-blended CNF 
(CNF-b-PGE) in different moist states. 

There is a couple of interesting aspects that can be discussed from the presented stress-strain 

curves; (i) even though the yield of the reaction have been maximized, the composite is still 

affected by moisture (even at low moisture contents), and (ii) the  largest improvement is at 

larger MC. The first observation indicates that, even though this specific reaction has been 

proved to be maximized in the aspect of maximum amount of PGE grafted to the cellulose, 

there obviously exists fibril-fibril connections that can be broken by the adsorbed water. This 
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perhaps indicates that it is crucial to choose a reaction pathway that is able to modify all of 

the water-accessible hydroxyl groups to prevent the influence from adsorbed water. The 

second observation is probably a consequence of water obstructing the fibril-fibril 

interactions, which could be expected to be of utmost importance to the mechanical stability 

of cellulose-based composites. Above 50% RH, the activity of the adsorbed water induces an 

accelerated swelling in neat cellulose (recapture the upward bend in the sorption curves of 

Figure 5a and Figure 1 in Paper IV). The amplified swelling is believed to be a result of that 

less force is needed to pull fibrils apart upon increased fibril separation (caused by already 

adsorbed water). It was suggested that CNF-g-PGE is not as affected as CNF-b-PGE due to 

its more undisrupted fibril-fibril interactions. At maximum swelling, when the sample has 

been completely saturated with water the importance of water-insensitive fibril-fibril 

connections becomes very clear. The underlying reason of these supposed strong fibril-fibril 

connections in CNF-g-PGE could be that when the PGE is covalently attached to the hydroxyl 

groups of CNF, the interactions between two accessible fibril surfaces changes from being 

hydrophilic (hydrogen-bonds between hydroxyl groups) to being hydrophobic (pi-stacking 

between aromatic groups) and, thereby, less disrupted by water (see Figure 4 in Paper V).  
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4. Concluding remarks 

A useful NMR method for investigating solid material with spin populations of small 

chemical shift differences was presented. The developed methodology was successfully 

verified and validated to separate spin populations with chemical-shift differences of only a 

few tenths of a ppm. By utilizing the method for investigating the deuterium exchanged 

hydroxyl groups in cellulose based on cotton linters, it was possible to prove some notion 

regarding the lack of hydrogen/deuterium exchange at the 1HO(3) hydroxyl group. The claim 

was further strengthened by using a similar experimental set up with FT-IR spectroscopy 

and by MD simulations. The latter could also give some indication regarding the interactions 

needed for a hydrogen exchange to occur; the hydroxyl group must be able to donate its 

hydrogen to water to be able to exchange the hydrogen. This finding is of great importance 

for the understanding of the different molecular interactions in cellulose materials. The 

inability of water to break the intra-chain hydrogen bond O(3)H---O(5) severely decreases 

the flexibility of the long cellulose chains in water. This stiffness of the chains reduces the 

entropy gain from the dissolution process, which is an important factor for the insolubility 

of cellulose in water. 

 By following the hydrogen/deuterium exchange over time with FT-IR spectroscopy, 

it was possible to show that the exchange kinetics of the hydroxyl groups followed a model 

of parallel exponential kinetics. This implies that the exchange takes place at two different 

fibrillary surfaces of the cellulose material, which were suggested to be the outer (readily 

accessible) and inner (slowly accessible) fibril surfaces of the fibril aggregates. It was also 

possible to estimate that the fibrils in the aggregates are arranged in such way that 2/3 of 

the total available fibril surface is readily accessible. If assuming hexagonal cross-sections of 

the fibrils, this would correspond to fibril (12 x 12 chains) aggregates constituting of roughly 

three to four fibrils on average, arranged in bundles. The resulting diameter of these 

aggregates would then also agree well with the size of cotton cellulose whiskers. 

 Also, when investigating 2H2O hydrated cellulose (MCC), it could be concluded that 

there exist two states of water. This was in line with the results from the exchange kinetics 

followed by FT-IR measurements results regarding the existence of two different adsorption 

sites in the cellulose. The NMR results also showed that the two water populations seemed 

to be well separated and they appeared to have distinctly different mobilities. 

 The last part of the thesis deals with a chemically modified cellulose sample 

(epoxidized CNF) and how the hydrophobization of the water-accessible hydroxyl groups 

decreases the negative influence of adsorbed water on the mechanical properties of the 

cellulose composite. It could be shown that the interactions between the fibrils are of great 

importance when it comes to preserving the good mechanical properties of the moist 

material. 

  



40 

5. List of abbreviations  

CI Crystallinity index 

CL Cotton linters with long fibers 

CNF Cellulose nanofibrils 

CSA Chemical shift anisotropy 

D2O/2H2O Heavy water 

DMA Dynamic mechanical analysis 

DVS Dynamic vapor sorption 

FID Free induction decay 

FT Fourier transformation 

FT-IR Fourier transform infrared 

FWHH Full width at half height 

MAS Magic angle spinning  

MC Moisture content 

MCC Microcrystalline cellulose 

MD Molecular dynamics 

NMR Nuclear magnetic resonance 

OD/2HO Deuteroxyl group 

OH/1HO Hydroxyl group 

PEK Parallel exponential kinetics 

PGE Phenyl glycidyl ether 

PMAA Poly (methacrylic acid) 

PMMA Poly (methyl methacrylate) 

QE Quadrupolar echo 

RF Radio frequency 

RH Relative humidity 

SSB Spinning sideband 

T1 Longitudinal (spin-lattice) relaxation time constant 

T2 Transverse (spin-spin) relaxation time constant 

TMS Tethramethylsilane 
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