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Abstract 
The cell wall is required for many aspects of plant function and 

development. It is also an accessible and renewable resource utilized both 

in unrefined forms and as raw material for further development. 

Increased knowledge regarding cell wall structure and components will 

contribute to better utilization of plants and the resources they provide. 

In this thesis aspects of the primary cell wall of Populus trichocarpa and 

Nicotiana tabacum are explored. 

In Publication I a method for isolation and biochemical 

characterization of plant glycosyltransferases using a spectrophotometric 

or a radiometric assay was optimized. The radiometric assay was applied 

in Publication II where the proteome of the plasmodesmata isolated 

from P. trichocarpa was analyzed. Proteins identified belonged to 

functional classes such as “transport”, “signalling” and “stress responses”. 

Plasmodesmata-enriched fractions had high levels of callose synthase 

activity under ion depleted conditions as well as with calcium present. 

The second part of the thesis comprises the alteration of the cell wall of N. 

tabacum cells and A. thaliana plants through in vivo expression of a 

carbohydrate binding module (CBM) (Publication III). In tobacco this 

resulted in cell walls with loose ultrastructure containing an increased 

proportion of 1,4-β-glucans. The cell walls were more susceptible to 

saccharification, possibly due to changes in the structure of cellulose or 

xyloglucan. Arabidopsis plants showed increased saccharification after 

mild pretreatment, suggesting that heterologous expression of CBMs is a 

promising method for cell wall engineering. In Publication IV cellulose 

microfibrils (CMFs) and nanocrystals (CNCs) were extracted from the 

transgenic cells. CNC preparation resulted in higher yields and longer 

CNCs. Nanopapers prepared from the CMFs of the CBM line 

demonstrated enhanced strength and toughness. Thus, changes to the 

ordered regions of cellulose were suggested to take place due to CBM 

expression. 

Keywords: Callose synthase, carbohydrate-binding module, cell wall 

engineering, cellulose microfibril, cellulose nanocrystal, 

glycosyltransferase, mass spectrometry, plasmodesmata, Populus, 

primary cell wall, radiometric assay, spectrophotometric assay. 
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Sammanfattning 

Cellväggen har en avgörande roll för många aspekter av funktion och 

utveckling hos växtcellen. Den utgör en tillgänglig och förnybar resurs 

både i sin obearbetade form och som råmaterial för vidare förädling. 

Ökad kunskap rörande cellväggens struktur och sammansättning skulle 

därför bidra till bättre nyttjande av växter och de råvaror de 

tillhandahåller. I den här avhandlingen undersöks olika aspekter av den 

primära cellväggen hos Populus trichocarpa och Nicotiana tabacum. 

I Publikation I optimeras en spektrofotometrisk och en radiometrisk 

metod för biokemisk karakterisering av gykosyltransferaser från växter. 

Den radiometriska metoden tillämpas sedan i Publikation II där 

proteomet hos plasmodesmata från P. trichocarpa celler kartlades. 

Identifierade proteiner tillhörde funktionella klasser så som ”transport”, 

”signalering” och ”stress”. Plasmodesmata anrikade membranfraktioner 

hade förhöjda nivåer av kallos-syntas aktivitet både vid frånvaro av joner 

och med kalcium. 

Den andra delen av avhandlingen består av in vivo uttryck av en 

kolhydratbindande modul (CBM) i tobak och Arabidopsis plantor för att 

introducera förändringar i cellväggen (Publikation III). Detta 

resulterade i cellväggar med porös ultrastruktur innehållande mer 1,4-β-

glukaner. Cellväggarna var lättare att bryta ner till kolhydratmonomerer 

vilket kan bero på att strukturen hos cellulosa eller xyloglukan förändrats. 

Arabidopsis plantor var också lättare att bryta ner efter en mild 

förbehandling vilket tyder på att heterologt uttryck av CBM är en lovande 

metod för att manipulera cellväggen. I Publikation IV extraherades 

mikrofibriller av cellulosa och nanokristallin cellulosa från de transgena 

tobakscellerna. Framställningen av nanokristallin cellulosa från celler 

som uttryckte CBM gav högre utbyte och kristallerna var längre. 

Nanopapper tillverkat från mikrofibrillerna visade på ökad styrka och 

seghet. Detta tolkades som att uttrycket av CBM hade lett till 

förändringar i de organiserade regionerna av cellulosa. 

Nyckelord: Glykosyltransferas, kallos-syntas, kolhydratbindande modul, 

masspektrometri, cellulosa mikrofibriller, nanokristallin cellulosa, 

plasmodesmata, Populus, primär cellvägg, radiometrisk analys, 

spektrofotometrisk analys. 
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1. Introduction 
 

This section aims to give a general background to the field of plant cell 

walls, their carbohydrate components and the enzymes responsible for 

their synthesis. To contextualize the individual publications further, short 

reviews are also given on the structure and function of plasmodesmata, 

cellulose nanofibrils and carbohydrate binding modules. 

This thesis is comprised of four publications and is divided into two 

distinct parts; the first part is more fundamental as it includes the 

optimization of two methods for assaying glycosyltransferases and the 

application of one of these assays in research regarding the cell wall 

spanning structure plasmodesmata. The second is on the engineering of 

cell wall properties by transgene expression and the subsequent 

characterisation of the cell wall and cellulose properties thereof. The two 

parts presented share a common thread in the investigation of the 

properties of the primary cell wall of suspension cultured plant cells. 
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1.1. The plant cell wall 

From an environmental point of view cell walls are an attractive raw 

material as they are renewable, recyclable and their cultivation in the 

form of forest represents a large carbon sink. Both the agricultural and 

forest industries rely on high-throughput production to make relatively 

low-cost bulk products. They also generate a great deal of waste, largely 

cell wall based, which could be redirected into production of high-value 

applications. Development of such new cell wall based materials and 

products have been a major focus of the scientific community and 

research and development sectors for the last decade. This has brought a 

growing need for deeper knowledge of all aspects of cell walls to be able to 

use the raw material they provide in the most efficient way. Basic 

research covering cell wall structure, function and regulation is important 

in order to provide the strongest foundations for future applications. 

As plants are stationary beings, they have a need to withstand and adapt 

to changing and adverse conditions. The plant cell wall helps them do this 

through providing a structure that is recalcitrant yet still has a highly 

adaptable organisation. The cell wall surrounds the plant cell; it is a 

physical first line of defence, structural load bearer, mediator of cell-cell 

adhesion and definer of shape. As it has many roles to fill it is not 

surprising that there is great variation in the composition and shape of 

the cell wall. Depending on the cell type, developmental stage and 

species, the cell wall is adapted to meet the plants requirements. 

Furthermore, walls within one cell can vary locally in structure, 

showcasing how precisely regulated the architecture of the cell wall is. 

The plant cell wall is mainly made up of polysaccharides (and lignin in the 

case of secondary cell walls), unlike bacterial cell walls where 

peptidoglycans are the main constituents, fungi that have a large amount 

of glucans in addition to some chitin and animal cells that mostly lack cell 

walls. The current plant cell wall model consists of a cellulose network 

crosslinked by hemicelluloses within a pectic matrix (Figure 1A) (Carpita 

and Gibeaut, 1993; Cosgrove, 2005). In certain specialized cells there is 

also a secondary cell wall present. While descriptions of plant cell primary 

and secondary walls often focus on structural and compositional 

differences one should keep in mind that a distinction can also be made 

on the developmental state of the cell, where the primary cell wall 
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surrounds the protoplasts of growing cells and therefore needs to be 

dynamic and adaptable, while the secondary cell wall is more static as it is 

found in cells where cell enlargement has ceased. 

However, when discussing the finer details of composition and structure 

it is important to keep in mind that the model is assembled from results 

from many fields of research and that it is not necessarily an absolute 

faithful representation of the in vivo situation. In view of the variation 

found in cell wall structure it is also important to remember that the 

model varies a great deal depending on what species, tissue and cell type 

it represents. 

 

1.1.1. Cell wall structure 

Middle lamella and pectins 

The middle lamella is a pectin-rich region that sticks adjoining cells 

together (Figure 1A and 1B). The pectic polysaccharides 

(homogalacturonan, rhamnogalacturonan I and rhamnogalacturonan II) 

are hypothesised to form domains through covalent and non-covalent 

linkages, leading to a highly hydrated matrix. Depending on the tissue 

and its developmental stage, the type of polysaccharides and level of 

crosslinking in the pectic matrix varies (Vincken et al., 2003). Ca2+ 

bridges are responsible for the establishment of a 3D network of 

homogalacturonan, and boron bridges are formed between 

rhamnogalacturonan II molecules (Morris et al., 1982; Ishii et al., 1999; 

Vincken et al., 2003). This matrix is also present in the primary cell wall 

where it encases the other cell wall polysaccharides. The network is 

important both for cell wall mechanical properties and for the porosity of 

the matrix. 

Primary cell wall 

The primary cell wall is formed by a load-bearing cellulose network cross 

linked and coated with hemicelluloses (Figure 1A). The matrix is further 

intermeshed with pectic polysaccharides that are hydrated, allowing for 

the cell wall to comprise a large aqueous gel fraction; about 75% of the 

matrix is water (Cosgrove, 1997). The aqueous phase allows for transport 

of solutes within the wall and plays an important role in enabling 

extensibility of the wall, allowing the cell to expand. The primary cell wall 
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is therefore flexible, but at the same time needs to be strong enough to 

control the size and shape of the cell and withstand the intracellular 

turgor pressure. It is generally thin (50-200 nm) (Albersheim et al., 

2011), in comparison to the secondary cell wall that can become several 

micrometers thick (Doblin et al., 2010). 

 

 

 

Figure 1. Model of the plant primary cell wall (A) (adapted with permission from Sticklen, 

2008).Transverse section of cells forming secondary cell walls showing cell wall hierarchy 

(B). Cellulose microfibril orientation in primary cell wall (P) is random while secondary cell 

walls contain layers (S1, S2, S3) with differently oriented cellulose microfibrils (C). 
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A typical primary cell wall contains, in dry weight, about 40% pectins, 

30% hemicelluloses, 25% cellulose and the remainder is protein (Taiz and 

Zeiger, 2010). These numbers are however variable depending on species 

and cell type. Typically, the primary cell walls of higher plants have been 

divided into two different structure types: Type 1 is rich in hemicellulose 

(essentially xyloglucans) and pectic polysaccharides and is present in 

most angiosperms, while Type 2 is found in monocots and contains a 

reduced amount of xyloglucan and pectins in favour of mixed-linkage 

glucans and glucuronoarabinoxylans (Carpita and Gibeaut, 1993). The 

cellulose content of primary cell walls is lower compared to secondary cell 

walls and consists of both crystalline forms and substantial amounts of 

less ordered cellulose (Sturcová et al., 2004; Thomas et al., 2013). 

The primary cell wall further consists of a fraction of proteins. These can 

be divided into proteins, glycoproteins and proteoglycans. The insoluble 

protein group includes structural proteins such as hydroxyproline-rich 

glycoproteins (HRGPs), glycine-rich proteins (GRPs) and proline-rich 

proteins (PRPs) and the soluble proteins include enzymes, lectins and 

transport proteins. As the cell wall forms part of the cell´s protection 

from pathogens it also contains defence proteins and is an important 

source of signalling molecules (reviewed in John et al., 1997; Lagaert et 

al., 2009). 

Secondary cell wall  

In connection with the end of cell growth and differentiation, a second 

cell wall can be deposited between the primary cell wall and the plasma 

membrane (Figure 1B). This secondary cell wall is structurally and 

functionally specialized, conveying the rigidity and strength to the cell 

wall that is needed for upright growth and transportation of water within 

the plant.  

The secondary cell wall is divided into three layers (S1-3) defined by the 

microfibril angle of the cellulose microfibrils within each layer (Figure 1B 

and 1C), leading to a resilient structure. The secondary cell wall is 

composed of approximately 40-80% cellulose, 10-40% hemicelluloses, 

the remaining 5-25% being lignin, with a small amount of proteins 

(Kumar et al., 2016). In angiosperms the hemicelluloses are for the most 

part glucuronoxylans and glucomannans (except in monocots where 

glucuronoarabinoxylans are dominant), and in gymnosperms they are 
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galactoglucomannans and glucuronoarabinoxylans (Scheller and Ulvsko, 

2010). A substantial constituent of the secondary cell wall is the phenolic 

polymer lignin. It has high molecular weight and a complex and 

heterogeneous structure formed mainly of monomers of p-

hydroxycinnamyl alcohols (monolignols) (reviewed in Vanholme et al., 

2010). 

 

1.1.2. Cell wall growth 

In order for the cell to grow the primary cell wall must expand. The great 

morphological variation seen in plant cells is achieved by utilizing 

variations in structure and stress distribution within the cell wall and 

localized enzymatic activity. The orientation of the microfibrils 

determines to a certain degree in what direction cell expansion takes 

place. Cells are inclined to grow perpendicular to the aligned fibrils, 

leading to anisotropic growth (Probine and Preston, 1962; Kerstens et al., 

2001; Suslov and Verbelen, 2006). The ways in which a cell grows is 

called either diffuse growth (reviewed in Braidwood et al., 2014) where 

the cells expand equally in all directions, or tip growth (reviewed in 

Rounds and Bezanilla, 2013), which is an expansion of the cell in one 

direction only. Tip growth relies on weakening of the cell wall by 

acidification and expansion through the formation of a Ca2+ gradient 

together with the action of cytoskeletal components and vesicular 

trafficking. Pollen tubes and root hairs are cell types representative of tip 

growth. Diffuse growth or an intermediate form of the two growth types is 

found in most other cell types. 

Due to its high water content and viscoelastic properties, the primary cell 

wall allows for expansion while being able to counterbalance the turgor 

pressure from the cell interior. Plant cells expand by loosening the cell 

wall structure, a process called stress relaxation, while simultaneously 

allowing the turgor pressure in the cell to press the protoplast outwards 

against the cell wall (Cosgrove, 2005). The cell wall matrix is then forced 

to give way and expand outwards. As this is taking place, new cell wall 

material is being synthesized, reinforcing the new wall structure and 

preventing the wall from thinning through stretching. This expanding 

movement of the cell wall components is believed to be due to cellulose 

microfibrils and their associated polymers separating or sliding from each 
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other (Marga et al., 2005). The phenomenon is termed polymer creep. 

Cell wall loosening is hypothesised to be achieved by modification of 

polymer cross-linking. Extensibility of the cell wall may be altered by both 

cell wall modifying enzymes, such as endo-transglycosylase/hydrolase 

enzymes (Takeda et al., 2002; Park et al., 2003; Miedes et al., 2011; Park 

and Cosgrove, 2012b) and by other cell wall-loosening agents such as 

expansins. These are a group of small proteins that bind carbohydrates 

(similar to carbohydrate binding modules, see section 1.4.) and loosen 

noncovalent interactions between polysaccharides under low pH 

conditions, leading to so-called acid growth (reviewed by Cosgrove, 2015). 

 

1.1.3. The plasma membrane and the plasmodesmata and their 

relationship with the cell wall 

Plasma membrane 

The plasma membrane (PM) consists of a phospholipid bilayer, which 

also comprises glycolipids, sterols and proteins. It is a diffusional barrier 

separating the outside of the cell from the cytosolic inner content. The 

membrane upholds gradients important for many cell functions and 

contributes vesicle transportation to and from the cell´s interior. 

The protein portion of the membrane is found either embedded in the 

bilayer or attached to the surface through post-translational 

modifications. These proteins are involved in many important cellular 

functions, for instance signal transduction, transport and stress response. 

Enzymes involved in the synthesis of cell wall polysaccharides such as 

cellulose and callose are also embedded in the PM (see section 1.3.3. and 

1.3.4.). 

Plasmodesmata 

The plasmodesmata (PD) are membrane lined pores stretching across the 

cell walls of adjacent cells, enabling exchanges between cells through the 

cytoplasmic continuum (Figure 2) (Roberts and Oparka, 2003). The PMs 

of the PD-connected cells are interlinked through the channels and coat 

the entirety of the structure. A membranous central rod, the 

desmotubule, crosses the PD and connects endoplasmic reticulum (ER) in 

the adjacent cells (Overall et al., 1982). Between the PM and the 

desmotubule spoke-like and globular structures, possible cytoskeletal 



 
8 
 

 

Figure 2. Overview of plasmodesma localization in the cell. The insert illustrates the 

plasmodesmata structure and callose turnover at plasmodesmata through the synergistic 

action of enzymes belonging to the callose synthases and β-1,3-glucanases (after Maule et 

al., 2012). 

 

proteins or cross-linking proteins have been observed (Robards, 1968; 

Ding et al., 1992; Overall and Blackman, 1996; Nicolas et al., 2017). These 

are hypothesised to be part of the mechanism that regulates the size 

exclusion limit (SEL) of the structure and may aid in the opening and 

closing of the pore or control separation of the membrane components 

(Roberts and Oparka, 2003; Nicolas et al., 2017). Observations by 

electron microscopy estimate the PD diameter to be of 20-50 nm (Ehlers 

and Kollman, 2001) and in most growing tissues the SEL of the structure 

has been found to be between 30-50 kDa (Crawford et al., 2000; Kim et 

al., 2005). The PD structure, simple or branched, varies between cell 

types and differentiation stages (reviewed in Ehlers and Kollman, 2001). 

Recent results by Nicolas et al. (2017) further indicate that the 

ultrastructure of the PD, for example pore diameter and protein 

structures in the pore, are also dependent on the differentiation stage of 

the cell and its age. 

In the plant, PD play an important role for cell-to-cell trafficking of 

solutes through the cytoplasmic sleeve that spans the pore. Proteins, 

small RNAs, hormones and metabolites can all pass through the 

cytoplasmic sleeve (De Storme and Geelen, 2014). Transport possibly also 

takes place through lateral movement in the desmotubule lumen and 

membrane (Grabski et al., 1993; Cantrill et al., 1999; Guenoune-Gelbart 

et al., 2008; Barton et al., 2011). Since PD are the only cell-cell gateways 

in the otherwise recalcitrant cell wall, they are prime points for pathogen 

movement within the host plant. Viruses use proteins involved in PD 



 
 

9 
 

regulation to move between cells (reviewed by Benitez-Alfonso et al., 

2010). 

The polysaccharide callose (β-1,3-glucan, see section 1.2.2.) has been 

shown to be involved in the regulation of non-selective flow through the 

PD. It is deposited and hydrolyzed from the neck region of the structure 

in a dynamic manner, leading to the physical opening and closing of PD 

and a change in conductivity (Figure 2) (reviewed in Zavaliev et al., 2011; 

de Storme and Geelen, 2014). Members of the callose synthase enzyme 

family (also called GSLs, see section 1.3.4.), have been found to be 

involved in callose deposition at the PD (Guseman et al., 2010; Vaten et 

al., 2011; Xie et al., 2011; Cui et al., 2016). Callose removal by hydrolysis 

and subsequent opening of the pore is accomplished by β-1,3-glucanases 

(Levy et al., 2007; Benitez-Alfonso et al., 2013; Zavaliev et al., 2013).  

Callose deposition at plasmodesmata is predominantly linked to response 

to hormonal signalling or biotic and abiotic stress (Schultz et al., 1995; 

Radford et al., 1998; Citovsky et al., 1998; Sivaguru et al., 2000; Bilska 

and Sowinski, 2010; Cui et al., 2016). Changes to PD conductivity through 

callose deposition have been shown to be affected by auxin levels (Han et 

al., 2014), regulated by salicylic acid accumulation (Lee et al., 2011; Wang 

et al., 2013; Cui et al., 2016) and by accumulation of reactive oxygen 

species (Benite-Alfonso et al., 2009 a, b; Oide et al., 2013). Regulation of 

PD closure may also in part be Ca2+ dependent as PD closure is induced 

by micromolar changes in intercellular calcium concentration (Tucker 

and Boss, 1996; Holdaway-Clarke et al., 2000; Sager and Lee, 2014). 

Therefore it is likely that the control of PD aperture is modulated by a 

complex regulatory system. 

 

1.1.4. Model organisms used for studying the plant cell wall 

The complexity of the cell wall means that studying it is difficult and that 

it is essential to have general theoretical models of the system in order to 

simplify discussion, but also that there is a need to use model organisms 

with representative cell walls. A range of factors have determined which 

organisms have been selected depending on what exactly is of interest to 

study.  
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In the following section a short description of each of the three model 

organisms used in this thesis is given. 

Populus trichocarpa (black cottonwood) and Populus tremula x 

tremuloides (hybrid aspen) have emerged as model organisms for 

hardwood trees. P. trichocarpa was the first tree with a sequenced 

genome, due to the fact that its genome is relatively small (~500 Mbp, 

Tuskan et al., 2006) in comparison to the softwood model organism pine 

whose genome is 50 times larger (Wullschleger et al., 2002). Laboratory 

work using Populus is facilitated by its fast growth and the availability of 

a range of tools for its manipulation and genetic transformation (Meilan 

and Ma, 2006). To some extent, Populus is related to Arabidopsis 

(Jansson and Douglas, 2007) and their cell walls share many 

characteristics (Chaffey et al., 2002; Bhalerao et al., 2003), making much 

of the knowledge gained from the study of Arabidopsis valid for Populus 

as well. However, to study the processes of wood development (xylem 

formation, maturation, tension and compression wood) and responses to 

seasonal variation such as cambial dormancy/activity and early- and 

latewood formation a tree model, such as Populus, is needed. 

Arabidopsis thaliana has been the most widely used plant model 

organism and has therefore come to be used for studies of cell wall 

biosynthesis, even though it largely lacks the woody tissue normally 

associated with secondary cell wall formation. The reason for its extensive 

use is a combination of traits that make Arabidopsis well suited as a 

model organism: it can easily be cultivated under laboratory conditions, 

has a short generation time, a relatively small genome and was the first 

plant with a sequenced genome (The Arabidopsis Genome Initiative, 

2000; Koornneef and Meinke, 2010). This has facilitated the 

development of many molecular biology tools used for its study.  

Nicotiana tabacum, and its close relative Nicotiana benthamiana are two 

varieties of the tobacco family commonly used in studies of plant 

physiology, fundamental biological processes and molecular biology 

applications (Nagata et al., 1992). Aside from being an important crop, 

supporting a profitable industry, tobacco is interesting as it provides a 

good model for studies of plant-pathogen interactions (Goodin et al., 

2008) and is transformable (Mayo et al., 2006; Sparkes et al., 2006). 
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Plant cell suspension cultures 

The method of cultivating plant cells suspended in defined liquid growth 

media allows for the study of a system where the cell population is less 

complex than in a whole plant where cell differentiation, tissue 

differences and recalcitrant tissues complicate certain studies (Figure 3). 

Suspension cultured cells also have the advantage of growing fast 

compared to whole plants, and therefore they can readily and regularly 

provide relatively large amounts of starting material for further studies. 

Growth conditions can be tightly controlled and nutrients and hormones 

are rapidly and evenly distributed to all cells in the culture (Mustafa et al., 

2011). A wide variety of plant tissues can be propagated as cell 

suspensions. For many types of suspension cultures, there are established 

protocols for transformation allowing genetic manipulation of the cells. 

Furthermore, because most plant cells are totipotent it is often possible to 

regenerate plants from cultured cells. 

 

 

 

Figure 3. Populus trichocarpa cell suspension cultures. 
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1.2. Cell wall polysaccharides - Structure and function 

The plant cell builds all the structurally and functionally diverse 

polysaccharides it needs from a rather limited number of 

monosaccharides. In aqueous solutions, the hydroxyl group of the C-4 or 

C-5 of the sugar monomers reacts with the aldehyde or ketone group 

leading to ring formation. Further, the configurations of the 

monosaccharides are described as L or D according to the Fischer 

nomenclature. 

In oligo- and polysaccharides, the monosaccharides are further linked to 

one another through glycosidic linkages. These are named by the carbons 

involved in the linkage (e.g, 1→3, 1→4, etc) and divided into α- or β-

configuration depending on the stereochemistry of the anomeric carbon. 

An oligosaccharide is a shorter chain of sugars (typically <10 residues) 

while a polysaccharide consists of longer chains. Most sugar chains have a 

reducing and non-reducing end giving the chain a polarity. The non-

reducing end has its terminal sugar fixed in a ring form through the 

formation of the glycosidic bond to the subsequent sugar in the chain 

(Figure 4A). At the reducing end the sugar can occur in the ring form or 

liner form as the aldehyde or ketone group of the terminal sugar is not 

permanently fixed into a ring. This is important in relation to 

polysaccharide synthesis and degradation, and also analysis, as the 

different ends of the chains have different chemical reactivity. 

The type and amount of polysaccharides present in the different parts of 

the cell wall vary between species and also between cell types. The 

possibility to vary polysaccharide length, degree of polymerization (DP), 

and position and configuration of bonds formed allows the cell to adapt 

the carbohydrate portion of the cell wall. In addition to the 

polysaccharides discussed in section 1.1, there are a number of less 

common saccharides which have specialized functions within the cell. 

Polysaccharides are hypothesized to form cell walls by self-assembly, 

whereby organized structures are spontaneously formed by self-

aggregation, and by enzyme-mediated assembly, where catalytic proteins 

assist in linking the cell wall components together (Cosgrove, 1997). 

In the following sections three polysaccharides of importance for this 

thesis are presented in more detail (cellulose, callose and xyloglucan). 
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1.2.1. Cellulose  

Cellulose is the most abundant natural polymer found on earth and is 

synthesised by plants, algae, bacteria, oomycetes and some animals. It 

has a long history of human use and remains an attractive resource as it is 

accessible and renewable. The major source of cellulose used in industry 

is plants, foremost trees, where it is present in the primary and secondary 

cell walls as microfibrils (nm/µm scale). In the cell it interconnects with 

other components of the wall, adding strength and structural rigidity to 

the matrix. The excellent load-bearing ability of cellulose is one of the 

reasons trees can grow so tall. Cellulose is relatively resistant to both 

chemical extraction and processing, and to enzymatic degradation as it is 

chemically stable and insoluble. 

The chemical composition and structure of cellulose is simple in 

comparison to many other polysaccharides. It is an unbranched β-1,4-

linked polymer made up by glucopyranosyl residues in the 4C1 chair 

formation (Figure 4A). The disaccharide cellobiose is often viewed as the 

repeating unit of cellulose since each glucose residue in the chain is 

oriented 180° relative to the previous residue.  

The linear structure of cellulose and its many hydroxyl groups allow for 

packing of the individual chains into sheets that are then stacked to form 

crystals and microfibrils. Sheets are held together through inter and intra 

hydrogen bonding between the free hydroxyl groups on the cellulose 

molecules (Nishiyama et al., 2002, 2003). Hydrogen bonding and van der 

Waals interactions between the individual sheets then lead to a stacking 

of sheets that finally form microfibrils (Jarvis, 2003; Wada et al., 2004). 

Cellulose can occur in both recalcitrant crystal forms and as more 

accessible non-crystalline cellulose. Models of microfibril organisation 

suggest that cellulose is for the most part found as a mixture of the two 

forms, with stretches of crystalline cellulose interrupted by less organised 

regions (Figure 4B) and that the cross section of the microfibril may also 

have a varying degree of crystallinity with a central crystal core (reviewed 

in Nishiyama, 2009). 

Depending on the unit cell parameter of the crystals, cellulose can be 

divided into four different forms called allomorphs (I-IV). Cellulose I 

(native cellulose) is the form commonly found in nature. It has its 

cellulose chains oriented parallel to each other (Hieta et al., 1984; Chanzy 
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Figure 4. Cellulose hierarchical structure. The structure of cellulose with the repeating unit 

cellobiose in brackets (A). Ultrastructure of cellulose microfibrils with alternating ordered 

and disordered regions (B) (after Moon et al., 2011). 

 

and Henrissat, 1985; Koyama et al., 1997). It is further subdivided into 

allomorphs Iα and Iβ depending on how the glucan chains are organized 

within the crystals (Atalla and Vanderhart, 1984). Bacterial and algal 

cellulose contain a higher amount of allomorph Iα (Sugiyama et al., 1991), 

while cellulose Iβ is more abundant in higher plants (Atalla and 

Vanderhart, 1984). The reason for this is unknown. Cellulose II has its 

chains oriented in an anti-parallel manner, giving a more energetically 

favourable structure (Kolpak and Blackwell, 1976; Stipanovic and Sarko, 

1976; Langan et al., 2001). With a few exceptions (Sisson, 1938; Kuga et 

al., 1993; Saxena et al., 1994; Shibazaki et al., 1998) this form of cellulose 

is not found in living organisms but typically produced from chemical 

treatments of cellulose I. Cellulose IV is a disorganized form of cellulose I 

(Wada et al., 2004; Newman, 2008), also naturally occurring in some 

plant primary cell walls and micro-organisms (Chanzy et al., 1979; Bulone 

et al., 1992; Helbert et al., 1997), but to a much lesser extent than 

cellulose I. Cellulose IV may also be formed by converting cellulose I or II 

into cellulose III by chemical treatment and then further into cellulose IV 

by thermal treatment. 
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The DP is the number of glucose monomers in a single cellulose chain. It 

is an important factor as the properties of cellulose partly change with 

length and length distribution within a sample. The DP varies a great deal 

depending on the source of the material and what extraction method has 

been used to recover the fibres, as different extraction procedures affect 

depolymerisation differently. In the primary cell wall of growing cells 

cellulose is found mainly in two fractions ranging in DP from 250-500 to 

up to 2500-4000 (Blaschek et al., 1982; Franz and Blaschek, 1990). In the 

secondary cell wall, the DP is considered to be between 10000-15000 

(Albersheim et al., 2011). In wood pulp, a common industrial raw 

material, the DP is in the range 300-1700 (Klemm et al., 2005). 

Cellulose is synthesized by enzymatic complexes embedded in the PM. 

Newly synthesized microfibrils are deposited in the cell wall as they are 

formed and intermesh with other cell wall constituents. Cellulose 

biosynthesis is further detailed in section 1.3.3. 

Nanocellulose  

Cellulose fibres can be disintegrated into nanoscale fragments, which are 

grouped into cellulose nanofibrils (CNFs) and cellulose nanocrystals 

(CNCs) (Figure 5). When extracted from wood CNFs are approximately 

0.5-10 µm long and 4-100 nm wide and CNC are approximately 50-500 

nm long and 3-5 nm wide (Moon et al., 2011). CNFs are most commonly 

produced by defibrillation, the mechanical or chemomechanical 

treatment of cellulose fibres or aggregates of nanofibers, resulting in 

cellulose nanofibrils (Turbak et al., 1983; Paakko et al., 2007; Saito et al., 

2006). These elements contain both crystalline and non-organized 

regions of cellulose. 

Mechanical isolation of CNFs results in the presence of hydroxyl groups 

on the nanofibril surface. Through chemical pretreatments, carboxyl or 

carboxymethyl groups can also be introduced on the surface of CNFs 

before their isolation (Saito et al., 2006; Wågberg et al., 2008). CNCs are 

prepared through acid hydrolysis of fibres, resulting in the removal of the 

non-crystalline sections, while leaving the crystalline cellulose portions 

intact (Figure 5) (Ranby, 1949, 1951; Marchessault et al., 1961). The acid 

hydrolysis used to produce CNCs may, in some conditions, functionalise 

their surfaces, most commonly with sulphate esters (Marchessault et al., 

1961). The surface functionalities on both CNFs and CNCs can then be  
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Figure 5. Cellulose nanoparticle isolation. Cellulose microfibril orientation in primary cell 

walls (P) is random while secondary cell walls contain layers (S1, S2, S3) with differently 

oriented microfibrils. Cellulose microfibrils can be isolated from the cell wall and further 

processed into CNFs and CNCs (after Postek et al., 2011). 

 

further exploited to covalently or non-covalently graft molecules or 

functional groups to the surface in order to alter fibril characteristics and 

tailor properties (Araki et al., 2001; Ljungberg et al., 2005; Zhou et al., 

2005, 2009; Ifuku et al., 2007; Littunen et al., 2011; Wang et al., 2011; 

Fujisawa et al., 2013; Zhang et al., 2014). 

If cellulose microfibrils (CMFs) (with one dimension in the nanoscale) are 

instead produced by industrial biosynthesis, modifications can take place 

as the microfibril is formed or shortly after. Modifications are made by 

introducing chemicals or proteins to the growth medium of the cellulose 

producing organism (Brown et al., 1982; Haigler et al., 1982; Shpigel et al. 

1998a; Yamanaka et al., 2000). An alternative method is through the 

addition or alteration of genes which can lead to the production of novel 

proteins that further interact with or affect the structure of the CMF 

(Kawano et al, 2002; Shoseyov et al., 2003; publication IV of this thesis). 

Alterations to CMF structure could possibly also be imposed by altering 

the biosynthetic machinery responsible for the production of the cellulose 

fibrils. 

Due to the differences in cellulose biosynthesis and cellulose synthase 

organisation in different organisms, the characteristics and properties of 

the final cellulose structure vary (Brown et al., 1996). Therefore 
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extraction methods and final applications of cellulose nanoparticles to a 

certain degree differ depending on the source of material (Moon et al., 

2011). Applications for cellulose nanomaterials can currently be divided 

into two main types: materials made from cellulose CNFs and/or CNCs, 

such as nanopapers, hydrogels, aerogels and foams, or composite 

materials where cellulose nanoparticles are used as reinforcement fillers 

(reviewed in Moon et al, 2011). Cellulose from plant secondary cell walls 

is most commonly used for applications, while primary cell wall cellulose 

is so far essentially of academic interest. 

 

1.2.2. Callose  

Callose is a linear form of β-1,3-glucans derived from plants (Figure 6). In 

fully mature cell walls callose is a minor contributor to the overall 

carbohydrate content. Pollen tube walls are the only identified higher 

plant tissues where callose is the main structural polysaccharide (Stone 

and Clarke 1992; Li et al., 1999) and may have a load-bearing role (Parre 

and Geitman, 2005). However, during the life cycle of a plant, callose is 

an important component which is deposited under specific natural events 

and subsequently degraded by β-1,3-glucanases, making its presence 

mostly transient. For example, it is found in the cell plate during 

cytokinesis (Hong et al., 2001b; Thiele et al., 2009), in guard cells 

(Apostolakos et al., 2009) and in reproductive tissues such as the cell wall 

during pollen tube growth and in the pollen mother cell (Rae et al., 1985; 

Schlupmann et al., 1994; Owen and Marakoff, 1995; Ferguson et al., 

1998). It is also deposited in the cell wall as a response to stress related 

scenarios, such as wounding and pathogen attack (Kauss, 1985; Jacobs et 

al., 2003; Nishimura et al., 2003), and is important in the PD (see section 

1.1.3.). The precise function of callose is, in many of these cases, not well 

understood. 

β-1,3-Glucans in plants are predominantly linear, although a small 

amount of β-1,6-branches has been reported in some instances (Huwyler 

et al., 1978; Maltby et al., 1979; Hayashi et al., 1987; Hoffman and Timell 

1970, 1972; Rae et al, 1985). There are numerous other β-1,3-glucans 

from natural sources, all displaying varying branching and length. 

Curdlan, a high molecular weight bacterial equivalent to callose is 

commonly used for the study of linear β-1,3-glucans. Like cellulose  
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Figure 6. Structure of callose, a linear β-1,3-glucan derived from embryophytes. 

 

β-1,3-glucans are homopolymers of glucose units (Figure 6). However, the 

monomers are β-1,3-linked which leads to a twisted chain and thereby the 

formation of triple helices when the polymer aggregates (Pelosi et al., 

2003; Stone and Clark, 1992). Hydrogen bonding takes place both within 

helices in the individual callose chains and in helix-helix interactions 

(Bluhm and Sarko, 1977; Marchessault et al., 1977; Deslandes et al., 1980; 

Chuah et al., 1983; Young et al., 2000 Pelosi et al., 2006). β-1,3-Glucans 

are found in nature as soluble, gel forming or insoluble crystalline 

structures. The properties of the β-1,3-glucans in solution and gel form 

depend on the size and conformation of the polymer, which in turn 

depend on the biological origin and extraction method used. 

There is currently no detailed information on the in vivo molecular 

structure of callose from plants or the nature of its interactions with other 

cell wall carbohydrates due to the effects that extraction methods can 

have on the structure of the polymer. Callose is synthesised by PM-

located enzymes termed callose synthases. Further details on callose 

biosynthesis are presented in section 1.3.4. 

 

1.2.3. Xyloglucan 

Xyloglucan has a β-1,4-linked glucan backbone, which is decorated to 

varying degrees with short oligosaccharide branches, composed of xylose, 

further substituted by galactose, fucose and/or arabinofuranose (Figure 

7). The interval between substitutions on the backbone and the type of 

branching is often repetitive, leading to a backbone motif of four glucose 

residues with substitutions on the first two or three of these (Vincken et 

al., 1997). The composition of the side chains and complexity of the 
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decoration patterns varies depending on species and tissue (Hoffman et 

al., 2005; Peña et al., 2008; Hsieh and Harris, 2009). The branched 

nature of the polysaccharide leads to a less ordered structure compared to 

cellulose. Xyloglucan therefore does not form crystalline microfibrils. 

Xyloglucan binds to the surface of cellulose microfibrils and has dual 

opposing roles, either coating the fibres thereby preventing interactions 

between them or, to a lesser estemate, binding and crosslinking the 

cellulose (Hayashi, 1989; Nishitani, 1998, Bootten et al., 2004; reviewed 

in Park and Cosgrove, 2015; Zheng et al., 2018). This contributes to the 

distribution of the microfibrils in the cell wall matrix and can lessen fibril 

aggregation (Anderson 2010). Mutational studies in Arabidopsis that 

generate plants with no xyloglucan, lead to remarkably minor growth 

defects, but altered mechanical properties and changes to cellulose 

biosynthesis (Cavalier et al., 2008; Park and Cosgrove, 2012a; Xiao et al., 

2016). Xyloglucan can also form covalent links with other polysaccharides 

such as pectic polysaccharides (Popper and Fry, 2008). 

 

 

Figure 7. Xylogluco-oligosaccharide with common side chains. Side chains are, from left to 

right: 1. an α‐1,6 xylosyl substitution; 2. the xylosyl can be further substituted by a β‐1,2 

linked galactosyl residue, which in turn can be substituted by an α‐1,2‐L‐fucosyl residue (3). 
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Biosynthesis of the xyloglucan backbone has been shown to be catalyzed 

by a membrane-bound enzyme that is a member of the cellulose synthase 

like gene family C (Cocuron et al., 2007). The glucan chain is then 

decorated by glycosyltransferases (see section 1.3.) that synthesise the 

side chains (Perrin et al., 1999; Faik et al., 2002; Vanzin et al., 2002; 

Madson et al., 2003; Li et al., 2004; Peña et al., 2004; Cavalier et al., 

2008; Zabotina et al., 2008, 2012). Synthesis takes place in the Golgi 

apparatus, as is believed to be the case for all hemicelluloses and pectins 

(Scheller and Ulvskov, 2010). The polysaccharides are then transported 

in vesicles to the apoplast and incorporated in the cell wall. 

Xyloglucan has been found in all land plants studied (Popper and Fry, 

2003, 2004; Peña et al., 2008). It is the principal hemicellulose found in 

the primary cell wall of dicots, constituting approximately 20-25% (w/w) 

of the cell wall polysaccharides. The primary cell wall in conifers contains 

10% xyloglucan whereas Poaceae (grasses) primary walls comprise 2-5% 

xyloglucan (Scheller and Ulvskov, 2010). In some plants, xyloglucan is 

also a storage polysaccharide in seeds (Gidley et al., 1991; Buckeridge et 

al, 2000; Buckeridge, 2010). 
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1.3. Biosynthesis of cell wall polysaccharides 

The enzymes that contribute to the formation and regulation of the 

dynamic cell wall structure are classified as glycosyltransferases (GTs), 

glycoside hydrolases (GHs), transglycosylases, glycan phosphorylases and 

polysaccharide lyases. Together these enzymes interplay to allow for the 

formation of the carbohydrate portion of the plant cell wall and its 

remodelling to meet the specific requirements of plant developmental 

needs and growth stages. GHs are involved in carbohydrate turnover, 

both in the cell wall and in processing of storage carbohydrates. This is 

achieved either by the complete degradation of carbohydrates or through 

the modification of length and decoration patterns. As their name 

indicates, GHs catalyse the breakage of glycosidic bonds in carbohydrates 

through hydrolysis. This class of enzymes is generally better characterized 

than GTs. 

Plant cell wall polysaccharides are synthesized by GTs. Cellulose and 

callose are synthesized in the PM by large complexes and extruded into 

the cell wall while hemicelluloses and pectins are synthesized in the Golgi 

apparatus, either as fully formed cell wall carbohydrates or as precursors 

that are then exported to the apoplast by exocytosis. Both cellulose and 

callose synthase complexes are discussed in detail later in this chapter. 

 

1.3.1. Classification and properties of glycosyltransferases 

GTs either have an inverting or retaining mode of action, meaning that 

the configuration of the bond formed is either inverted or retained 

relative to the bond of the leaving group in the sugar donor (Figure 8) 

(Sinnott et al., 1990). Furthermore, the mode of catalysis is either 

processive or non processive depending on whether several sugars are 

added sequentially or the product is released immediately after the 

monosaccharide transfer reaction has taken place (Saxena et al., 1995). 

Glycosidic bond formation is catalysed using activated sugar donors, such 

as nucleoside diphosphate sugars (Lairson et al., 2008). Bond formation 

between sugars is most common, leading to polysaccharide products, but 

acceptor substrates can also be proteins, lipids, nucleic acids or small 

molecules and therefore GTs can also synthesize the sugar components 

of, e.g, glycoproteins and glycolipids (Wagner and Pesnot, 2010). 
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While GHs present diverse types of structures, the GTs have a more 

reduced repertoire of folds, possibly due to common ancestry (Lairson et 

al., 2008). GTs that use nucleotide sugars as donors have either a GT-A 

fold, with two tightly associated domains, one nucleotide binding and one 

acceptor binding forming a twisted β-sheet bordered by α-helices (Bourne 

and Henrissat, 2001; Charnock and Davies, 1999; Unligil and Rini, 

2000), or a GT-B fold, with two similar but more flexibly linked 

Rossmann-like domains with the active site in the cleft between them (Hu 

and Walker, 2002; Vrielink et al., 1994). The GT-A fold was recently 

confirmed for the GT-domain of a bacterial cellulose synthase (BcsA) 

(Morgan et al., 2013) and modelling suggests that plant cellulose 

synthases have a similar fold (Sethaphong et al., 2013). 

GTs are listed and classified in the CAZy (Carbohydrate Active enZymes) 

database together with other carbohydrate active enzymes and domains 

(Lombard et al., 2014). Currently there are over 477000 GTs sorted into 

106 families based on their amino acid sequence similarity. Both catalytic 

machinery and mode of action tend to be conserved within the families. 

 

 

 

Figure 8. The inverting and retaining mechanisms of glycosyltransferases give rise to two 

stereochemically different products. (Reprinted with permission from Tvaroška, 2015). 
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1.3.2. Biochemical studies of GT activities in vitro 

 The degree to which the GTs have been biochemically characterized 

varies greatly between different families. Biochemical characterization of 

GTs has been hampered by the fact that many are large membrane-bound 

enzymes, often with a high number of transmembrane domains and 

typically part of unstable multiprotein complexes. Other possible 

complications include the need for post-translational modifications, 

correct folding, and risk of denaturation. Biochemical characterization of 

heterologously expressed GTs is further complicated by the fact that the 

many common expression systems utilize hosts that have their own GTs, 

thus creating background activity. 

Biochemical assays of plant glucan synthases have mainly been done 

either by spectrophotometric assays or by quantifying the incorporation 

of radioactively labelled substrates as, for example, reported in 

publication I of this thesis. The product can then be characterized by 

specific enzymatic degradation, chemical linkage analysis and/or sugar 

analysis using gas chromatography–mass spectrometry (GC-MS). Assays 

must take into account that the product formed may be water soluble or 

insoluble, depending on the length and branching of the carbohydrate 

formed. Finding the right conditions for assaying enzyme activity is also 

crucial as multiple factors such as co-factors, ions, acceptors and 

activation by proteolytic cleavage can affect activity. Members of the GT-

A type enzymes are particularly dependent on the coordinated binding of 

a divalent metal ion such as Mg2+, Mn2+ or Ca2+ and in many the 

coordination of the ion is established by the aspartates of the concerved 

DxD-motif (Wiggins and Munro, 1998; Breton et al., 1998). The choice of 

detergent for solubilization of membrane-bound enzymes is also a crucial 

step as GTs typically are unstable upon extraction from the membrane. 

Some detergents also act as activator and enhance enzyme activity (Li et 

al., 1997; Lai Kee Him et al., 2001).  

The recently characterized recombinant cellulose synthase from Populus 

has a requirement for reconstitution into a lipid bilayer in order to retain 

activity (Purushotham et al., 2016). For the cellulose and callose 

synthases, specialized lipid environments in the membrane may be of 

importance for activity as Detergent-Resistant Microdomains (DRMs) 

fractions have been found to be enriched in glycan synthase activities 

(Bessueille et al., 2009; Briolay et al., 2009; Srivastava et al., 2013). 
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DRMs can be prepared from the PM through the isolation of the lipid 

fraction (and their associated proteins) resistant to solubilisation by non-

ionic detergents (Rietveld and Simons 1998; London and Brown, 2000). 

Due to the enrichment of sphingolipids, sterols and phospholipids with 

saturated fatty acids in the preparation from plants a distinct membrane 

environment is created (Mongrand et al., 2004; Borner et al., 2005; Laloi 

et al., 2007; Bessueille et al., 2009), which is believed to harbour 

specialized protein populations linked to cellular processes such as 

carbohydrate synthesis, signal transduction, apoptosis and endocytosis 

(reviewed in Mongrand et al., 2004). It is debatable if DRMs correspond 

to an actual transient in vivo membrane microdomain structure within 

the PM (Lichtenberg et al., 2005; Tanner et al., 2011), but they 

nevertheless offer the opportunity to study proteins that segregate within 

a specific lipid environment.  

 

1.3.3. Cellulose synthase complex 

The enzymes that catalyse the formation of cellulose from UDP-glucose 

are named cellulose synthases (CesAs). Higher plants usually have large 

CesA gene families, with Arabidopsis having 10 CesAs (Richmond and 

Somerville, 2000) and Populus trichocarpa 18 (Djerbi et al., 2005). The 

CesAs belong to GT family 2 (GT2) according to the CAZy classification. 

They are processive enzymes using an inverting mechanism to catalyze 

the formation of a cellulose chain. The product is polymerized from the 

non-reducing end (Koyama et al., 1997; Lai Kee Him et al., 2002). CesAs 

are located in the PM with multiple transmembrane domains that span 

the membrane, allowing for the final product to be extruded into the 

extracellular space as it forms (Figure 9A). The newly formed cellulose 

chains probably spontaneously aggregate into microfibrils (Delmer, 1999; 

Guerriero et al., 2010). Modelling of a cotton CesA on the previously 

determined structure of the bacterial cellulose synthase shows that 

elongation of the glucan chain is likely initiated on the cytoplasmic side of 

the PM and that the chain is then translocated through a channel formed 

by transmembrane domains (Morgan et al., 2013; Sethaphong et al., 

2013; Slabaugh et al., 2014).  

The cellulose synthases form complexes located in the PM. These were 

identified by freeze-fracture experiments in algae and named terminal 
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complexes (TCs) as they were observed at the tip of growing microfibrils 

(Brown and Montezinos, 1976). TCs exhibit a variation of spatial 

arrangements in the PM and give rise to fibrils with different dimensions 

depending on the species they are found in (Okuda et al., 1994; Brown et 

al., 1996). 

In plants, TCs are organised in hexagonal supramolecular structures, 

called “rosettes”, with six subunits each that, up until recently, were 

believed to contain six putative CesAs each (Figure 9A) (Mueller and 

Brown, 1980; Brown, 1996; Kimura et al., 1999). Assuming each CesA 

produces one cellulose chain, the number of cellulose chains in a 

microfibril can never be more than the number of CesAs in the TC 

synthesizing it. It is therefore tempting to speculate that each plant TC 

would make a microfibril of 36 glucan chains. Primary cell wall 

microfibrils have however been found to consist of 18-24 chains (Bootten 

et al., 2004; Newman et al., 2013; Thomas et al., 2013; Wang and Hong, 

2016), raising the question of whether some CesA proteins in the complex 

are inactive or that part of the protein complex is composed of accessory 

proteins (reviewed Guerriero et al., 2010). In both the primary and 

secondary cellulose synthase complexes, the ratio between the different 

CesA isoforms has been shown to be 1:1:1, allowing for either three or up 

to six CesA per subunit (Gonneau et al., 2014; Hill et al., 2014). 

Confirming these findings, recent transmission electron microscopy 

results combined with computational studies point toward 18 cellulose 

synthases contributing to the rosette structure in plants (Figure 9A) 

(Nixon et al., 2016). These are presumably arranged in a trimeric 

organization, giving rise to a microfibril composed of 18 cellulose chains 

per rosette (Nixon et al., 2016). 

In Arabidopsis, which is the organism that has been most commonly used 

for studying the cellulose synthase complexes of plants, cellulose in the 

primary and secondary cell walls is likely made by different sets of CesAs. 

Mutational studies (reviewed by Endler and Persson, 2011) have shown 

that AtCesA1, AtCesA3 and AtCesA6 all contribute to the formation of 

cellulose in the primary cell wall matrix (Caño Delgado and Penfield, 

2003; Ellis and Turner, 2001; Desprez et al., 2007,) and most likely form 

homo- and heterodimers with each other (Desprez et al., 2007). While 

AtCesA1 is necessary for cellulose synthesis (Beeckman and Przemeck, 

2002), AtCesA3 and AtCesA6 knockout mutants are still able to produce 
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Figure 9. Hypothetical models for the cellulose synthase complex (A) (after Guerriero et al., 

2010; Sethaphong et al., 2013; Nixon et al., 2016) and the callose synthase complex (B) 

(after Verma and Hong, 2001). Many aspects of how the complexes work and what 

accessory proteins they interact with are unknown. Proteins believed to be associated with 

the complexes are represented as ovals. KOR, KORRIGAN endoglucanase; CSI1, Cellulose 

Synthase-Interactive protein 1; COB, COBRA; KOB, KOBITO; TED6, Tracheary Element 

Differentiation-related genes  6; SuSy, Sucrose Synthase; ROP, Regulation Of cell Polarity 

protein; ANN, Annexin; UGT, UDP-Glucose Transferase. 
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cellulose to some degree (Fagard et al., 2000). Some redundancy has 

been shown to exist between AtCesA5, AtCesA2 and AtCesA6, allowing 

the former two to replace the latter in forming functional complexes with 

AtCesA1 and AtCesA3 (Persson et al., 2007). 

In the secondary cell wall AtCesA4, AtCesA7 and AtCesA8 form a complex 

where AtCesA4 is crucial for formation of the complex and mutation of 

any individual gene leads to defective secondary cell walls (Taylor et al., 

2000, 2003). These three CesAs have also been found to make up an 

intact cellulose synthase complex isolated through dual epitope tagging 

(Atanassov et al., 2009). 

It is tempting to speculate that the reason for the occurrence of multigene 

families is that CesAs are active during different developmental stages or 

in specific tissues. However, a certain amount of redundancy has been 

found among several of the different isoforms of CesA (Persson et al., 

2007; Endler and Person 2011). Carroll et al. (2012) showed that all 

primary and secondary cell wall CesAs are able to interact with each other 

and that a primary CesA could partially compensate for the loss of a 

secondary CesA and vice versa, proving that some mixed complexes are 

active. The recently biochemically characterized recombinant CesA8 from 

hybrid aspen shows that a single subunit is also able to form microfibrils 

in vitro (Purushotham et al., 2016). Interestingly this CesA is Mn2+ 

dependent and has no or very little activity in the presence of Ca2+ or 

Mg2+ (Purushotham et al., 2016), which is contradictory to CesA activity 

from solubilized enzyme preparations from other sources that require 

Ca2+ and Mg2+ (Colombani et al., 2004; Lai Kee Him et al., 2002; 

Cifuentes et al., 2010; Okuda et al., 1993; Kudlick et al., 1996, 1997). 

CesAs contain the conserved motif D,D,D,QxxRW that is common to 

many processive GTs (Saxena et al., 1995). For example, both the closely 

related cellulose-synthase-like gene products and the curdlan synthase of 

Agrobacterium tumefaciens, also belonging to the GT2 family, share this 

motif (Stasinopoulos et al., 1999; Richmond and Somerville, 2000). The 

D,DxD motif is found in most processive and non-processive GTs, leading 

to the hypothesis that they are of importance for the catalysis while the 

D,QxxRW motif found towards the C-terminal part of the protein is 

present predominantly in processive GTs and may therefore be involved 

in processivity (Saxena et al., 1995). Mutations of the D,Q,R and W 
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residues of this motif, however, show that these amino acids are also 

essential for enzyme activity in Gluconacetobacter xylinus (now known as 

Komagataeibacter xylinus), as are the aspartates of the D,DxD motif 

(Saxena and Brown, 1997; Saxena et al., 2001). The crystal structure of 

BcsA of Rhodobacter sphaeroides revealed that the binding site for the 

acceptor sugar is in part formed by the QxxRW motif (Morgan et al., 

2013). The same structure also showed that two of the D,DxD aspartic 

acids were found to be involved in coordinating the UDP of the substrate, 

while the third may correspond to the catalytic base (Morgan et al., 2013). 

The N-terminal end of plant CesAs are involved in the formation of 

homo- and heterodimers in vitro through a zinc finger domain with four 

conserved CxxC motifs (Kurek et al., 2002). 

The substrate of cellulose synthases, UDP-glucose, is synthesized in the 

cytoplasm by sucrose synthase (SuSy) and UDP-glucose 

pyrophosphorylase. Both these proteins have been suggested to be 

accessory proteins to the cellulose synthase complex, supplying it with its 

substrate (Figure 9A). Heterologous overexpression of a membrane-

bound SuSy from cotton led to an increased amount of cellulose 

(Coleman et al., 2009). In addition to SuSy, several other plant proteins 

have, through mutant analysis, been found to have an effect on cellulose 

production. Among these are the β-1,4-glucanase Korrigan, KOBITO, 

COBRA, TED6 and CSI1, among others (Nicol et al., 1998; Schindelman 

et al., 2001; Sato et al., 2001; Pagant et al., 2002; Roudier et al., 2005; 

Endo et al., 2009; Takahashi et al., 2009; Gu et al., 2010; Song et al., 

2010). However, precise functions of these proteins remain unclear. 

 

1.3.4. Callose synthase complex 

Callose synthases (CalS) are GTs that use an inverting mechanism to 

catalyze the formation of linear β-1,3-glucan chains from UDP-glucose. 

The gene family consists of 12 genes in Arabidopsis and in Populus 

trichocarpa there are at least 13 genes currently annotated as callose 

synthases (Hong et al., 2001b; publication II of this thesis). All gene 

products belong to the GT48 family in the CAZy classification together 

with β-1,3-glucan synthases from other organism (Coutinho et al., 2003; 

Lombard et al., 2014). The annotations CalS or Glucan Synthase Like 

(GSL) are both found in the literature and it is worth noting that the 
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numbering of the genes is not consistent between the two annotation 

systems (see section 1.1.3.). 

Callose and cellulose synthases share features such as being PM located, 

having large cytosolic domains and using the same substrate to catalyze 

the formation of linear polysaccharides (Figure 9B). However callose 

synthases are almost twice as long as cellulose synthases, approximately 

2000 amino acids versus 1000 amino acids, and have up to twice the 

number of predicted transmembrane domains (TMDs) (10-16 vs 8) 

(Doblin et al., 2001; Hong et al., 2001b; Ostergaard et al., 2002; 

Somerville, 2006; Ellinger and Voigt, 2014; McNamara et al., 2015). 

While studies of gene knock outs and down regulation of the CalS genes 

show that they are required for callose deposition at various stages of cell 

development, these experiments do not demonstrate that they are the 

catalytic subunits (Enns et al., 2005; Dong et al., 2005; Nishikawa et al., 

2005). Callose synthases lack the D,DxD and D,QxxRW motifs, involved 

in catalysis and processivity, which are characteristic of the members of 

the cellulose synthase super family (GT2) of plants and the curdlan 

synthase of Agrobacterium (Saxena et al., 1995; Stasinopoulos et al., 

1999; Verma and Hong, 2001; Karnezis et al., 2003). Although the 

corresponding motifs have not yet been identified for callose synthase, 

the protein may still be the catalytic subunit as the large cytosolic domain 

of the CalS protein has a high similarity to FKS, the β-1,3-glucan synthase 

of yeast (Cui et al., 2001; Doblin et al., 2001; Hong et al., 2001b; 

Ostergaard et al., 2002). The lack of the motifs typically found to be 

involved in the binding of the substrate suggests that UDP-glucose might 

not be bound directly by the callose synthase (Verma and Hong, 2001). 

Instead, substrate binding could possibly be carried out by a protein 

associated to the callose synthase, such as the UDP-glucose transferase 

(UGT) (Hong et al., 2001a; Verma and Hong, 2001). 

As callose synthases are large integral PM proteins with a high number of 

TMDs, it has instead been proposed that they may be a pore forming 

structure used for the translocation of the carbohydrate chain across the 

membrane, the associated catalytically active protein remaining 

unidentified (Brownfield et al., 2009). Possibly, several callose synthases 

would be involved in one complex in analogy with the cellulose synthase 

rosette structures (Brownfield et al., 2009). Large complexes have been 
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found associated to newly synthesized β-1,3-glucan polysaccharide chains 

(Bulone et al., 1995; Lai Kee Him et al., 2002) and both barley and 

spinach GSLs have been identified as components of substantial 

complexes (Li et al., 2003; Kjell et al., 2004). These complexes are 

hypothesized to be formed by callose synthases possibly in association 

with other proteins such as UGT, Regulation of cell polarity protein 

(ROP), and SuSy (Figure 9B) (Amor et al., 1995; Hong et al., 2001a+b). 

Annexin has also been found in callose synthase enriched preparations 

and was proposed to be involved in linking the callose synthase to the 

cytoskeleton (Andrawis et al., 1993). 

Callose synthase activity has been confirmed in a number of cases from 

detergent extracts from different plant tissues and cell suspension 

cultures (Wu et al., 1991; Okuda et al., 1993; Bulone et al., 1995; Turner et 

al., 1998; Lai Kee Him et al., 2001; Li et al., 2003; Colombani et al., 2004; 

Bessueille et al., 2009; Cifuentes et al., 2010; Vaten et al., 2011). The type 

of detergents that lead to the highest activity differs between callose 

synthases and may reflect a requirement for specific membrane 

compositions for the different forms of the enzyme. Callose synthase 

activity has been shown to be either Ca2+ dependent or independent. The 

nature of the interaction between Ca2+ and the enzyme complex is 

unknown. The dependent form, which is far more studied than the 

independent form, has been linked to the depolarization of the membrane 

in connection to wounding (Kauss, 1985; Kohle et al., 1985; Fredrikson 

and Larsson, 1992; Schlupmann et al., 1993). The Ca2+ independent 

activity has so far only been found in pollen tube cells (Schlupmann et al., 

1993) and in plasmodesmata enriched extracts, as reported in publication 

II of this thesis.  
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1.4. Carbohydrate-binding modules 

Carbohydrate active enzymes such as glycoside hydrolases often have 

carbohydrate binding non-catalytic protein domains as part of their 

multimodular structure. These domains typically promote the interaction 

between enzyme and substrate, thereby enhancing enzymatic 

degradation, and are termed carbohydrate-binding modules (CBMs). 

Information regarding identified and characterized CBMs is found in the 

CAZy database (Lombard et al., 2014) where CBMs are grouped in 83 

sequence based families often showing conserved ligand specificity and 

protein fold within the families. The structures of the CBMs have also 

given rise to a classification in fold families depending on their protein 

fold (Boraston et al., 2004). The most common fold is that of the β-

sandwich made up by two β-sheets with a coordinated metal ion 

(Boraston et al., 2004; Oliveira et al., 2015). 

CBMs are believed to enhance the efficiency of their associated enzyme by 

targeting the enzyme to a defined region within a complex carbohydrate 

substrate, holding the enzyme in close proximity to the substrate for a 

prolonged time and thereby increasing the local concentration of the 

enzyme (Bolam et al., 1998; Hervé et al., 2010). Controversially, some 

CBMs were also suggested to disrupt the packed surfaces of otherwise 

inaccessible carbohydrates, allowing for enzymatic degradation (Din et 

al., 1991; Southall et al., 1999; Gourlay et al., 2012). Members of the 

CBM33 family with ligand disruptive abilities have been shown to be 

redox-active enzymes and have since been reclassified as lytic 

polysaccharide monooxygenases (LPMOs) (Vaaje-Kolstad et al., 2010; 

Horn et al., 2012). 

 

1.4.1. CBM/ligand interaction 

Together CBMs cover a huge range of binding specificities, discriminating 

not just the type of carbohydrates but also their length and organization. 

CBMs have been grouped into three types (A, B and C) based on the 

topology of their ligand interacting site and hence the ligands 

characteristics and the function of the CBM (Figure 10) (Boraston et al., 

2004; Gilbert et al., 2013). The interaction between the CBM and their 

ligands takes place through non-covalent bonds such as hydrogen bonds 
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and aromatic stacking interactions between the residues present in the 

two surfaces (reviewed in Gilbert et al., 2013). 

Type A CBMs have a flat hydrophobic binding site characterized by the 

presence of several aromatic amino acids that interact with the crystalline 

surfaces of cellulose or chitin (Linder et al., 1995; Xu et al., 1995; Tormo 

et al., 1996). They have very poor, if any, affinity to soluble ligands 

(Bolam et al., 1998). 

Type B CBMs bind individual polysaccharides internally, as endo-type 

carbohydrate active enzymes, and generally have a preference for chains 

of four residues or longer (Boraston et al., 2004). This type of CBMs is so 

far the most common. The interaction site is a grove or cleft, open in both 

ends to allow the accommodation of the ligand. Multiple subsites along 

the structure hold the sugar chain and specificity is often dependent on 

hydrogen bonds and the correct positioning of aromatic residues 

(Johnson et al., 1996; Simpson et al., 2000). 

Oligosaccharides too short to be bound by type B CBMs interact with type 

C CBMs. These have a pocket shaped interaction site and are therefore 

limited to binding short oligosaccharides or the ends of glycans (as exo-

acting enzymes) (Boraston et al., 2001; Nootenboom et al., 2002; Abbott 

et al., 2008). 

 

 

Figure 10. CBMs are grouped into type A, B and C based on how they interact with their 

ligands (after www.CAZypedia.org). 

http://www.cazypedia.org/
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CBMs have been discovered that are promiscuous in their binding, 

allowing for interaction with multiple ligands (Charnock et al., 2002; van 

Bueren et al., 2005; van Bueren and Boraston, 2007; Boraston et al., 

2003) or that have multiple binding sites (Boraston et al., 2001; Henshaw 

et al., 2004). Carbohydrate active enzymes can also contain more than 

one CBM allowing for either stronger interaction with one type of ligand 

or for interaction with several different ligand types, depending on the 

specificity of the CBMs (Bolam et al., 2001; Boraston et al., 2003). 

 

1.4.2. CBM applications 

The highly specific interaction between CBMs and their ligands has been 

exploited in a number of applications (reviewed in Oliviera et al., 2015). 

The use of recombinant CBMs is common for applications as is some level 

of protein engineering on the CBMs, such as enhancement of their CBMs 

binding abilities or fusion to other proteins. 

Fusion proteins are used as probes in microscopy for visualization of the 

carbohydrate components of the cell wall (McCartney et al., 2004; Ding et 

al., 2006) and as affinity tags for purification of recombinant proteins 

(Shpigel el al., 1998b; Kavoosi et al., 2004) or for immobilization of 

proteins or whole cells on carbohydrate surfaces (Francisco et al., 1993; 

Lehtio et al., 2001). The efficiency of enzymatic reactions can also be 

enhanced by engineering CBMs, altering or enhancing substrate 

recognition by the enzyme (Limon et al., 2001; Ravalason et al., 2009). 

CBMs can be utilized in the material field for the modification of fibres or 

for crosslinking carbohydrate materials (Cavaco–Paulo et al., 1999; 

Kitaoka et al., 2001; Levy et al., 2002; Gustavsson et al., 2004). Most 

commonly this has been done by addition of recombinant CBMs to a 

process, but attempts to modify the fibre or plant cell wall in planta as it 

is biosynthesized have also been made (Safra-Dassa et al., 2006; Obembe 

et al., 2007; Nardi et al., 2015; Perini et al., 2017). Growth effects, cell 

wall impact and fibre properties through in vivo expression of CBMs are 

explored in publications III and IV of this thesis. 
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1.4.3 CBM3 from CipA of Clostridium thermocellum 

The carbohydrate-binding module 3 (CBM3) used in publications III and 

IV of this thesis originates from the non-catalytic scaffolding protein 

cellulosome-integrating protein A (CipA) found in the cellulosome of the 

bacterium Clostridium thermocellum (Gerngross et al., 1993). The 

cellulosome with its associated hydrolases is tethered to the cellulose 

substrate through the CipA protein and its CBM (Kruus et al., 1995; 

Demain et al., 2005). 

CBM3 preferably binds to crystalline cellulose (Morag et al., 1995; 

Georgelis et al., 2012; Ruel et al., 2012), specifically to the hydrophobic 

face of the crystal (Lehtio et al., 2003; Ding et al., 2006; Dagel et al., 

2011). Hernandez-Gomez (2015) also reported a week interaction with 

tamarind xyloglucan, however with a 50-100 times lower affinity than for 

cellulose. CBM3 does not bind cello- or xyloglucan oligosaccharides 

(Hernandez-Gomez et al., 2015). 

The CBM3 is a small protein of ~150 amino acids. The structure has been 

determined to consist of a jelly-roll topology, made up of a nine-stranded 

β sandwich (Figure 11) (Tormo et al., 1996). Ligand interaction is 

proposed to take place by hydrogen bonding and aromatic stacking 

interactions through amino acids found in a planar array on the surface of 

the protein (Tormo et al., 1996). Mutation of the five linearly arranged 

amino acids leads to loss of cellulose binding, while single mutations do 

not abolish binding (Figure 11, right) (Hernandez-Gomez et al., 2015). A 

groove located on the opposite side of the protein containing several 

conserved residues forms a potential second ligand interaction site 

(Tormo et al., 1996). The precise function of this site has however not 

been determined. 

The Clostridium thermocellum CBM3 has been used extensively in 

research for the labelling of crystalline cellulose (Blake et al., 2006; Kljun 

et al., 2011; Ruel et al., 2012; Zheng et al., 2018). It has a ~50% sequence 

identity with CBM3 from Clostridium cellulovorans, which is also a well 

characterized CBM (Goldstein et al., 1993). 
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Figure 11. The structure of CBM3 from C. thermocellum viewed looking down three (1,2,3) 

cellulose chains (upper left) and along a single cellulose chain (lower left). Proposed 

residues (yellow) involved in interaction with the cellulose chains in the cellulose surface 

(white) viewed from above (right) (Adapted with permission from Tormo et al., 1996).   
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2. Present investigation  
 

2.1. Aim of the present investigation 

The overall aim of this thesis is to contribute to a better understanding of 

the plant primary cell wall structure and its components. As stated in the 

introduction, this thesis has two distinct parts. The first part covers the 

optimization of two methods for determining the enzymatic activity of the 

glycosyltransferases important for cell wall biosynthesis (Publication 

I). The radiometric method was then applied in the study of the 

proteome and the associated callose synthase activity of the 

plasmodesmata, a vital cell wall structure (Publication II). 

In the second part, an attempt to introduce structural changes to the cell 

wall aiming at increasing the amount of sugars that can be extracted for 

bioethanol production is presented. The in vivo effect of a carbohydrate 

binding module on the structure of the primary cell wall was investigated 

(Publication III) and the properties of nanocellulose particles derived 

from the engineered cell walls were then characterized (Publication 

IV). 
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2.2. Rationale, Results and Conclusion 

2.2.1. Publication I: In vitro glycosyltransferase assays  

Rationale 

GTs play an important role in the formation of  cell wall carbohydrates 

and so far the functionally characterized representatives from this group 

are few (Dhugga et al., 2004; Burton et al., 2006; Cocuron et al., 2007; 

Liepman et al., 2005; Doblin et al., 2009; Purushotham et al., 2016). 

Biochemical characterization of the GTs involved in cell wall biogenesis 

would not only contribute to a better understanding of the overall process 

of the formation of this important structure, but information gained could 

also be exploited in the protection of crops, both by reinforcing the cell 

wall of crops and by targeting GTs in pathogenic organisms such as fungi, 

bacteria and oomycetes. 

Possible ways of functionally characterizing GTs in plants has been 

indirect through gain-of-function approaches (Burton et al., 2006; Doblin 

et al., 2009) or through the study of mutants (reviewed in Doblin et al., 

2010). The use of oligosaccharide acceptors labelled with fluorophores 

has also been used for the characterization of several GTs (Ishii et al., 

2002, 2004; Konishi et al., 2006; Lee et al., 2012). This method is 

however limited by the need to separate the products by high-

performance anion-exchange chromatography (HPAEC) which means 

that water-insoluble products cannot be monitored and that the 

throughput is low. The large fluorescent group may also obstruct the 

interaction of the enzyme with its acceptor. Additional methods applied 

to the characteriszation of GTs from other sources include monitoring the 

pH change that takes place as a result of the GT reaction (Deng and 

Cheng, 2004), chromatographic methods following the change in amount 

of donor nucleotidesugar or product nucleoside diphosphate using UV 

detection (Kopp et al., 2007) or mass spectrometry (Yang et al., 2005).  

A generally applicable method for assaying and biochemically 

characterizing GTs is therefore desirable. Furthermore, a standardised 

method for assaying GTs facilitates correct interpretation and 

comparisons of results within the scientific community. 
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Results 

Two methods for assaying GTs were optimized and are presented in detail 

in this publication with a focus on the assay of plant GTs (Figure 12). The 

spectrophotometric method uses a coupled enzymatic reaction where the 

nucleoside diphosphate (NDP) produced by the GT reaction is 

phosphorylated to a nucleoside triphosphate (NTP) by pyruvate kinase 

(Gosselin et al., 1994). The pyruvate released from this reaction is then 

used as a substrate by lactate dehydrogenase and converted to lactate. In 

this process the reduced form of nicotinamide adenine dinucleotide 

(NADH) is oxidised to NAD+, a conversion that can be monitored through 

measurement of the absorbance at 340 nm. The GT reaction is thus 

coupled to a change in NAD+ levels and indirectly monitored. 

In the radiometric assay, the amount of incorporated radioactive 

monosaccharide in the produced polysaccharide is measured after 

removal of the excess of radiolabelled NDP-sugar. Depending on whether 

the product is ethanol-insoluble or soluble the means of removal are 

different. Ethanol-insoluble polysaccharides are retained on a glass-fibre 

filter and any remaining substrate is washed away. If the product is 

ethanol-soluble or displays a broad size distribution, the excess of NDP-

sugar is removed using an anion-exchange chromatography column 

(Egelund et al., 2006). 

Both methods can be used for assaying processive and non-processive 

GTs and for enzymes producing soluble and insoluble products. The 

radiochemical method has the further advantage that it can distinguish 

between soluble and insoluble products. It can also be used for relatively 

impure enzyme sources such as membrane fractions or detergent 

extracts, while the enzymes used in the spectrophotometric method are 

sensitive to impurities that may be present in such crude extracts. For 

spectrophotometric assays of GTs, the procurement of a highly enriched 

and pure enzyme source is consequently crucial. The radiometric assay is 

therefore more applicable to initial screening for activities or 

investigations of uncharacterized enzymes. A drawback with the 

radiometric assay is that with the use of radiolabelled substrates comes 

the need for careful attention to lab security protocols and requirements 

for dedicated lab spaces and special waste management. 
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Figure 12. Overview of radiometric and spectrophotometric assays for glycosyltransferases 

(Reprinted with permission from Brown et al., 2012).  
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Conclusion 

This study gives a comprehensive yet easy-to-follow protocol for 

determining the enzymatic activity of GTs using two alternative methods. 

The choice of the method for biochemical characterization of an enzyme 

must take into account the source and purity of the enzyme and the 

expected level of activity. 

 

2.2.2. Publication II: The Populus plasmodesmata proteome 

Rationale 

The plasmodesmata is a membrane lined pore-like structure that has an 

important role in regulating the flow of material between plant cells, and 

it acts as a signalling hub and point of control of pathogen spread 

(reviewed in Roberts and Oparka, 2003). While the qualitative proteome 

of Arabidopsis PD has been previously published (Fernandez-Calvino et 

al., 2011) a second, semi-quantitative, proteome would further contribute 

to identifying proteins highly enriched in PD and to expanding our 

understanding of the different functional roles that the structure plays in 

plants. 

The β-1,3-glucan callose is involved in both the transient and more 

permanent closure of the PD (reviewed in De Storme and Geelen, 2014). 

While the negative effect of callose deposition on conductivity of the PD 

has been demonstrated (Radford et al., 1998; Sivaguru et al., 2000; Rinne 

et al., 2005; Levy et al., 2007; Guseman et al., 2010; Vaten et al., 2011), 

callose synthase activity in PD enriched samples has to our knowledge 

never been assayed. Further we found it interesting to investigate if the 

callose synthase activity found in PD enriched samples was calcium 

dependent. The reasoning behind this is that fluctuations in cytoplasmic 

Ca2+ levels have been connected to the regulation of PD closure (Tucker 

and Boss, 1996; Holdaway-Clark et al., 2000). Since callose synthase 

activity occurs in two forms, both Ca2+ dependent (more commonly, 

Kauss, 1985; Köhle et al., 1985; Schlupmann et al., 1993; Colombani et al., 

2004) and independent (Schlupmann et al., 1993), calcium levels may be 

one possible regulatory way to control callose deposition and cell-to-cell 

movement through PD. 
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Results 

Two membrane fractions, microsomal and plasmodesmata enriched, 

were isolated from cell suspension cultured P. trichocarpa cells through 

enzymatic degradation of the cell wall followed by differential 

centrifugation to enrich the membrane fraction of the PD. In total 1113 

unique proteins were identified from the PD sample by mass 

spectrometry (MS) analysis. From these, 201 were further shown to be 

highly enriched in the PD fraction using spectral counting and strict 

filtering criteria. 

Proteins identified by MS were cross-referenced with databases and 

processed using online available software to determine predicted 

properties such as protein topology, post-translational modifications, 

cellular localization and involvement in biological processes. Results 

showed that the proteins enriched in the PD fraction mainly represent the 

following functional classes: signal transduction, transporters, 

intracellular trafficking, stress related, metabolism and unknown 

function. Many of the proteins, such as remorin, callose synthases, 

plasmodesmata located proteins, tetraspanins and reversibly glycosylated 

polypeptides were previously reported to be PD located in other 

organisms. This highlights the similarities in PD protein composition 

between plants and also contributes to validating the isolation of PD. A 

large proportion of the PD proteins were intrinsic membrane proteins. 

This fraction further had a subpopulation with distinctly longer TMDs 

compared to proteins from the microsomal fraction. 

MS data showed three callose synthases to be among the highly enriched 

PD proteins, GSL5, 10 and 12. Other highly enriched proteins also related 

to callose metabolism were four predicted β-1,3-glucanases, possibly 

involved in callose hydrolysis at the PD, therby restoring PD conductivity 

(Levy et al., 2007; Zavaliev et al., 2013), and four “purple” acid 

phosphatases suggested to be involved in 

phosphorylation/dephosphorylation of the callose synthases (Kaida et al., 

2009). In vitro assays showed callose synthase activity found in PD 

fractions was highly enriched compared to the microsomal fraction, thus 

indicating the successful enrichment of PD (Figure 13). Callose synthase 

activity in the PD fractions included the production of both insoluble and 

soluble products, but the insoluble product was proportionally more 

abundant (Figure 13). Furthermore, the activity was found to be both 
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cation dependent and independent, in contrary to most forms of studied 

callose synthase activities that are dependent on Ca2+ (Figure 14). 

Conclusion  

This study identifies the first semiquantitative proteome of PD from a 

tree species, the model organism P. trichocarpa. Out of 1113 identified 

proteins in the PD fraction, 201 proteins where enriched.  Forty-three 

percent were previously identified as PD located according to the TAIR 

database, leaving over half of the proteins as potentially new tree PD 

specific proteins. The PD enriched proteins represent several functional 

protein groups which highlights the importance of these structures in 

different cell functions, i.e., signalling, stress responses and trafficking 

and transport. Callose synthase activity in PD enriched samples was 

found in both a cation dependent and independent form. The detection of 

this novel form of cation independent activity at the PD will hopefully 

contribute to the ongoing exploration of PD regulation. 

 

 

 

Figure 13. Callose synthase activity measured as nmol of glucose incorporated into insoluble 

and soluble products. Significant differences between MF and PEF samples were found 

(columns marked by asterisks) (p<0,001 for both insoluble and soluble samples, Students t-

test). Bars indicate standard deviation. Microsomal fraction (MF), cell wall (CW), 

plasmodesmata-enriched fraction (PEF). (Reprinted with permission from Leijon et al., 

2018). 
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Figure 14. Remaining callose synthase activity measured under ion depleted conditions 

(p<0,001 for both insoluble and soluble samples, Students t-test). Bars indicate standard 

deviation.  Microsomal fraction (MF), plasmodesmata-enriched fraction (PEF). (Reprinted 

with permission from Leijon et al., 2018)  

 

 

2.2.3. Publication III: The effect of carbohydrate-binding modules 

(CBMs) on plant cell wall properties: an in vivo approach 

Rationale 

Making use of waste material from forest and agricultural industries for 

production of bioethanol in order to meet the world increasing need for 

alternatives to fossil fuels has in part been limited by the high energy 

consumption of this process. Increasing the yield in bio-refineries and 

minimizing the need for chemical and heat pretreatment of raw materials 

in order to make lignocellulose more accessible would lead to a more 

efficient bioethanol production. 

Through in planta expression of a carbohydrate-binding module, a 

heterologous non-catalytic cellulose binding protein, we hypothesized 

that cellulose crystallinity could be affected, leading to a cell wall more 

efficiently degraded to its sugar monomers. Cell suspension cultures of 

Nicotiana tabacum and Arabidopsis thaliana plants expressing CBM3 

were generated using Agrobacterium-mediated transformation. Cellulose 

and hemicellulose fractions were extracted from these cell walls for 

further analysis. 
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Results 

The transformed tobacco cells expressing CBM3 displayed an elongated 

morphology compared to the wild type (WT) cells. Further investigation 

of the cross section of the cell wall using TEM revealed a disaggregated 

outer cell wall layer (Figure 15).  

Saccharification efficiency of the CBM3 line showed a 36% increase using 

a NaOH pretreatment (Figure 16). As saccharification efficiency has been 

coupled to the degree of cellulose crystallinity cellulose characterization 

was performed. The analysis indicated no changes in the amount of 

crystalline cellulose (Updegraff), nor to the cellulose crystallinity (solid-

state NMR). As the anticipated alterations to cellulose were notably 

absent, a more thorough cell wall analysis was undertaken. 

Monosaccharide composition showed increased amounts of uronic acids 

and a moderate decrease in galactose and arabinose content in the CBM3 

expressing cells, pointing toward changes in the pectic acide composition. 

Using mild hydrolytic conditions (TFA release) an 80% increase in the 

amount of non-cellulosic glucose was detected. An increase was also  

 

 

Figure 15. Cell wall ultrastructure of wild-type (WT) and cells expressing CBM3 (CBM3) 

visualized by transmission electron microscopy. Type A cell walls are without adjacent cell 

wall and type B cell walls have an adjoining cell. 
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Figure 16. Enzymatic saccharification of the BY-2-transformed cell line and Arabidopsis 

plants. Pretreatment of cell walls was performed with or without 0.5 M NaOH for 30 min at 

90ºC and the remaining material hydrolyzed using an enzyme mixture with a 4:1 ratio of 

Celluclast and Novozyme 188. The released reducing sugars were quantified using the 3-

methyl-2-benzothiazolinonehydrazone method (Gomez et al., 2010). 

 

observed for fully hydrolysed cell wall samples, but to a much lesser 

extent. Further analysis of the hemicellulose fraction (H2SO4 treatment) 

was undertaken to determine if the increase in glucose amount was due to 

changes to the hemicellulose or non-crystalline form of cellulose. Linkage 

analysis of the hemicellulose fraction showed a 30% increase in 1,4-linked 

glucose for the transformed line. Quantification of xyloglucan using the 

Kooiman assay showed a 13% increase for the CBM3 line. Linkage 

analysis also revealed a reduction in 1,2-linked xylose, terminal xylose 

and terminal arabinofuranose units indicating that a change to 

xyloglucan substitutions may have resulted from the transgene 

expression. 

Arabidopsis thaliana plants expressing CBM3 showed no macroscopic or 

microscopic phenotypical changes. Cell wall analysis revealed a 16 % 

decrease in crystalline cellulose (Updegraff), but only minor changes to 

the overall monosaccharide composition. Cell walls from the CBM3 line 

pretreated with NaOH had a lower saccharification than the WT line, 
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while a second saccharification test omitting the NaOH from the 

pretreatment resulted in overall lower sugar yields for both samples but 

an increase of released sugars by 79% for the CBM3 line (Figure 16). We 

speculate that this is the result of the harsher pretreatment removing the 

more accessible cell wall components. 

Conclusions 

In vivo expression of CtCBM3 caused morphological changes to the 

tobacco cells and had a positive effect on the saccharification of the 

primary cell walls of suspension cultured cells. Although the cell wall was 

thoroughly characterized, it could not be determined exactly what 

structural changes caused the increase in degradability. We see two 

possible explanations to the increase in 1,4-β-glucans found in both the 

cell wall and hemicellulose fractions: either the amount of non-crystalline 

cellulose is affected or modifications to the amount and structure of 

xyloglucan is taking place. Overall our results indicate that the increased 

saccharification is due to other factors than changes in cellulose 

crystallinity. The increased saccharification without chemical 

pretreatment together with the absence of detrimental phenotypes in 

Arabidopsis plants expressing the CBM3, suggests that this approach to 

plant cell wall engineering for increased saccharification is a promising 

option. 

 

2.2.4. Publication IV: Stronger cellulose microfibrils network 

structure through in vivo expression of CBMs  

Rationale 

CBM3 from Clostridium thermocellum has previously been shown to 

bind to crystalline cellulose (Lehtio et al., 2003; Hervé et al., 2010; Dagel 

et al., 2011; Ruel et al., 2012). While publication III presents a 

characterization of the changes to the primary cell wall that resulted from 

the overexpression of the CBM3 it was not clear what impact it had on the 

properties of the cellulose. Therefore the effect of the in vivo presence of 

CBM3 on cellulose was investigated through the further characterization 

of CMFs and CNCs. Nanopaper was also produced in order to better 

understand the mechanical properties of the resulting material. 
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Results 

FE-SEM showed that cellulose was extracted in the form of “cell ghosts”, 

i.e. essentially flattened cells, and that an increased aspect ratio was 

visible in the CBM3 expressing cells when compared to WT. 

Light transmittance measurements indicated that 3 minutes of 

ultrasonication was enough for the complete defibrillation of cellulose 

from both the WT and CBM3 lines. Compared to the treatment used for 

CMF preparation from primary cell walls from other sources this method 

was much milder (Dinand et al., 1996; Dufresne and Vignon, 1998; 

Niimura et al., 2010). As the samples resulting from the CBM3 line 

demonstrated higher light transmittance than the WT, this would indicate 

that the CMFs in this sample were less aggregated. Comparison of the WT 

and CBM3 CMFs structure performed by TEM and AFM showed that the 

fibres were completely individualized, with a width of 2-3 nm, and had a 

probable length of several micrometres. No morphological differences 

between the samples could be found. 

After acid hydrolysis of the extracted cellulose the average length of the 

CBM3-CNCs (201 nm) was found to be significantly higher than that of 

WT-CNCs (122 nm) (Figure 17a and b). The yield after hydrolysis was also 

higher, 24% and 11% for CBM3 and WT respectively, indicating that the 

cellulose extracted from the CBM3 expressing cells resists acid hydrolysis 

better and therefore may contain more ordered cellulose chains. 

Stress-strain curves (Figure 18) resulting from the mechanical testing of 

papers prepared from the different CMFs showed that the CBM3 line 

paper had higher mechanical properties, both regarding tensile strength 

and ductility (Table 1). The CBM3 line paper presents a twice as high 

work-to-fracture value compared to its WT counterpart (Table 1). These 

enhanced properties were attributed to the higher ordered domains. FE-

SEM imaging of the tensile-fractured surface of the nanopaper derived 

from the CBM3 line showed a more porous structure with multiple CMFs 

pulled out of the surface (Figure 19b). This suggests that the stronger 

nanofibrillar network formed by the CMFs from the CBM expressing cells 

had altered deformation behaviour. The higher strain-to-failure and more 

apparent porosity observed was likely due to more sliding taking place 

between the laminated sheets of the paper. When extrapolated to the 

primary cell wall, the properties of the microfibril network may give rise 
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to a cell wall with enhanced toughness and which is more inclined to 

stretch, explaining the elongated morphology of the transformed cells. 

 

 

Figure 17. Images of CNCs and histograms with their corresponding length distributions. 

WT line (a), CBM3 line (b). (Adapted with permission from Butchosa Robles, 2014). 

 

 

Figure 18. Stress-strain curves of nanopapers made from CNFs isolated from wild type (WT) 

and CBM3 (CBM) lines (Reprinted with permission from Butchosa Robles, 2014). 
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Table 1. Mechanical properties of nanopapers.  Papers were prepared with CNFs extracted 

from WT  or CBM3 expression lines (Adapted with permission from Butchosa Robles, 

2014). 

Sample Density 

 (g cm-3) 

Modulus 

(GPa) 

Tensile strength 

(MPa) 

Strain-to-failure 

(%) 

Work-of-fracture 

(MJ m-3) 

WT 1.42 ± 0.01 8.3 ± 0.5 143 ± 8 2.3 ± 0.4 192 ± 46 

CBM3 1.41 ± 0.03 9.3 ± 0.2 198 ± 9 3.6 ± 0.4 438 ± 72 

 

 

 

 

Figure 19. Cross-sections of the tensile-fractured surface of nanopapers cast from CMFs 

from the WT line (a) and CBM3 line (b) (Adapted with permission from Butchosa Robles, 

2014). 

Conclusions 

In conclusion, this work showed that overexpressing the carbohydrate 

binding module 3 from Clostridium thermocellum in Nicotiana tabacum 

suspension cultured cells resulted in a higher CNC yield and CNCs with 

an increased length. The nanopaper prepared from CMFs extracted from 

the same cells displayed enhanced toughness, demonstrated through 

higher tensile strength and strain-to-failure values. We propose that this 

is because cellulose from the CBM3 expressing line has CMFs with 

ordered regions containing longer stretches of cellulose of a higher order 

compared to the WT line, and that this result in a stronger cellulose 

microfibril network. 
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2.3 Concluding remarks and future perspectives 
 

The overall aim of this thesis was to study aspects of primary cell wall in 

plant cell suspension cultures, a model system used in our group for the 

study of enzymes involved in cell wall biosynthesis. Specifically, we were 

interested in the protein composition of membrane fractions derived 

from plasmodesmata and the GTs localized to this structure. We also 

wanted to produce cell walls with enhanced susceptibility to enzymatic 

degradation through introducing changes to cellulose structure at the 

level of fibril formation. 

The detailed methods description of how to assay GTs, found in 

Publication I, facilitates biochemical characterization of enzymes 

putatively responsible for catalysing some of the major cell wall 

polysaccharides in primary cell walls. It is our hope that the methods 

paper through outlining the protocol for two alternative GT activity 

assays in a structured and easy to follow manner will contribute to the 

successful biochemical characterization of additional GTs. 

Further studies of the proteins related to the cell wall were performed in 

Publication II were MS was used to determine the proteins enriched in 

membrane fractions of the cell wall spanning structure plasmodesmata. 

Comparison of the previously known proteome of the PD of suspension 

cultured Arabidopsis cells to the PD proteome from Populus trichocarpa 

suggests that certain protein families and functional classes are recurring 

in these structures. The availability of a second PD proteome will 

hopefully facilitate selection of interesting PD-specific proteins for further 

studies, through conditional mutants and localization experiments from 

the complex and most likely shifting protein population of the PD. The 

characterization of a monocot PD proteome (tentatively maize) may also 

reveal differences in PD composition among higher plants. 

The work-flow for determining the PD proteome could be expanded to 

identify PD proteins associated to mechanical, chemical or pathogen 

related stress as the growth conditions of the cell suspension cultures are 

easy to manipulate. 
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The finding that callose synthase activity in PD-enriched membranes is 

not dependent on Ca2+ for activity is interesting both in the context of the 

PD and more generally with respect to callose synthases. Further 

investigations into the optimal conditions for PD-derived callose synthase 

activity may contribute to shed light on the role of Ca2+ in regulation of 

callose deposition at the PD. To which degree the different callose 

synthases found to be enriched in PD fractions contribute to the 

measured activity and if their cation dependency varies is an additional 

aspect worth exploring. 

The specific composition of the PD membrane with an enrichment in 

sterols and sphingolipids with long chain saturated fatty acids (Grison et 

al., 2015) suggests that the PD membranes may contain domains 

resembling DRMs. Furthermore, DRMs extracted from the PM of P. 

trichocarpa cells were shown to contain a sub-population of proteins 

likely originating from the PD (Srivastava et al., 2013). Studies of the PD-

derived DRM fraction using the traditional DRM isolation protocol 

(Triton X-100 solubilization and centrifugation on a sucrose gradient) 

was hindered by the small volumes of PD-enriched membranes that are 

typically obtained with the current isolation protocol. If this obstacle 

would be overcome, investigations of the proteome of PD-derived DRM 

fractions would be an interesting contribution to the field.  

In Publications III and IV, focus was given to the polysaccharide 

components of the cell wall. In order to further understand what features 

of the cell wall are of importance for digestibility, cell wall engineering 

aimed to introduce changes to cellulose structure was undertaken and a 

thorough cell wall characterization was performed. 

Engineering of cell walls for more efficient degradation to sugar 

monomers allowed the production of plants with increased 

saccharification, without the requirement for chemical pre-treatment of 

the cell wall. While this is a promising result, the approach would have to 

be tested further in a plant more adapted to large scale biomass 

production than Arabidopsis. Optimization of the pretreatment 

conditions would also be needed to increase the overall sugar yield. 

As no conclusive answer could be given to why CBM expression in 

tobacco results in higher saccharification, a more detailed 
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characterization of the cellulose fraction would be of interest. Answers 

may also be found through further investigations of the pectin 

components of the cell wall or by characterizing the xyloglucan structure. 

While we succeeded in the engineering of plant cell walls for more 

efficient release of sugar monomers (Publication III), further 

investigations in Publication IV on the properties of the resulting 

nanoparticles and materials were needed to form a hypothesis regarding 

the effect of heterologous CBM3 expression on cellulose structure. The 

paper produced from CMFs derived from the engineered cells exhibited 

enhanced mechanical properties. CNC preparation from transgenic cell 

walls resulted in higher yields and longer CNCs, suggesting that the 

plants expressing CBM3 may contain a different arrangement of the 

ordered regions in cellulose.  

The possibility to change the properties of cellulose nanofibers through 

interfering with cellulose biosynthesis is an interesting concept. This will 

be further explored through different approaches as the process of 

biosynthesis and the enzymes involved in synthesising cellulose become 

better characterized. 

As primary cell walls are not a practical source of cellulose for scale up 

and applications, it would be interesting from a material science 

perspective to determine whether the effects observed in this study 

persists when applied to secondary cell wall cellulose biosynthesis, for 

example in a tree species.   
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