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ABSTRACT 

Biomimetic materials have been inspiring mankind since a long 
time for applications in a variety of fields. In particular, the production of lipid-
based vesicles have aided in our understanding of a variety of functions in animal 
cells, and also served as e.g. drug delivery systems and bioreactors. On the 
contrary, the preparation of synthetic plant cells is limited, which is mainly due to 
the challenges of building the complex plant primary cell wall fencing the lipid 
plasma membrane in real plant cells.  

The present thesis focuses on the bottom-up fabrication of 
biomimetic microcontainers that can serve as simple model systems for plant cells. 
In the first part, the interactions of plant cell wall polysaccharides, cellulose 
nanofibers (CNFs), pectin and xyloglucan, are examined. The knowledge is used in 
the fabrication of microcapsules and the permeability properties were assessed. 
The results show that the polysaccharides must be assembled in a specific order in 
the capsule wall to incorporate all the three polysaccharides. Additionally, the 
structural stability and permeability highly depend on the capsule wall 
composition. The permeability also depends on the composition of the 
surrounding media.  

The second part deals with the fabrication of more advanced 
biomimetic microcapsules, with a lipid layer beneath the polysaccharide capsule 
wall. These capsules are semi-permeable and the phase behavior of the lipids is 
exploited to grow tubular structures (long filamentous structures) through the 
capsule wall, as well as create a vesicle-crowded interior. Real plant cells use 
tubular structure (Plasmodesmata) for intercellular communications. 

       In the third part, application-oriented aspects of the fabricated 
microcapsules are discussed. The LbL-derived microcapsules (from the first part) 
were loaded with active glucose oxidase enzyme, thereby allowing their use as a 
glucose sensor. The capsule wall acts like a sieve, only allowing small molecules to 
effectively pass through. Finally, cell culture experiments demonstrate their 
biocompatibility, paving way for tissue culture applications. 

 

 
 



SAMMANFATTNING 

Biomimetiska material har inspirerat mänskligheten sedan länge 
för applikationer inom olika områden. Framställningen av lipidbaserade vesiklar 
har särskilt bidragit till vår förståelse av olika funktioner i djurceller samt tjänat 
som t.ex. läkemedelsleveranssystem och bioreaktorer. Tvärtom är beredningen av 
syntetiska växtceller begränsad, vilket främst beror på utmaningarna med att 
bygga och kombinera den komplexa primära cellvägg en med ett lipid-baserat 
plasmamembran. 

Denna avhandling fokuserar på ”bottom-up” tillverkning av 
biomimetiska mikrobehållare som kan fungera som enkla modellsystem för 
växtceller. I den första delen undersöks växelverkningarna mellan 
växtcellväggspolysackariderna, cellulosa-nanofibrer (CNF), pektin och xyloglucan. 
Kunskapen används i nästa steg vid tillverkning av mikrokapslar. Resultaten visar 
att, om man vill införliva alla tre polysackarider, måste de adsorberas i en specifik 
ordning. Dessutom beror den strukturella stabiliteten och permeabiliteten hos 
kapselväggen på kapselväggkompositionen. Permeabiliteten beror också på 
sammansättningen hos den omgivande vätskan. 

Den andra delen behandlar tillverkning av mer avancerade 
biomimetiska mikrokapslar, som innehåller ett lipidskikt under 
polysackaridkapselväggen. Dessa kapslar är permeabla för vissa storlekar av 
molekyler men inte andra. Lipidernas fasbeteende utnyttjas för att växa tubulära 
strukturer (långa trådformade strukturer) genom kapselväggen, samt för att skapa 
en inre kapselmiljö som består av många små vesiklar. Växtceller i naturen 
använder rörformade strukturer (så kallade plasmodesmata) för att transportera 
molekyler mellan närliggande celler.  

I den tredje delen diskuteras applikationsorienterade aspekter. 
Mikrokapslarna, som tillverkat med LbL-tekniken (från den första delen), kan 
laddas med ett glukosoxidas-enzym, varigenom de går att använda som 
glukossensor. Permeabilitetsegenskaperna hos kapselväggen tillåter bara att små 
molekyler att passerar snabbt. Slutligen visar cellkultursexperiment att kapslarna 
är biokompatibla, vilket banar väg för nya biomedicinska applikationer. 
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1. Introduction 
 

1.1 General background 

  
Mankind has learned extensively from nature to obtain clues for its own 

progress. Various discoveries and inventions have been made in the areas of 

natural (physical, chemical and life sciences), medical and engineering sciences 

from macro to micro and nanoscale range. All these have become realistic, 

thanks to the fast pace of technological growth that has deepened our 

knowledge, and provided a thorough understanding of molecular 

architectures. Inspiration from the biological systems, for example, to achieve 

certain structure-function relationships, and subsequent mimicking, has paved 

way to solve some complex scientific questions, and thereby improving our 

quality of life.1-5  

For example, some well-known bioinspired and biomimetic structures 

include airplane which is bioinspired from birds6; likewise, inspiration from 

Kingfisher’s elongated beak is taken when designing bullet trains,7 flippers of 

whales to design silent wind turbines,7,8 Namibian Beetles for producing 

materials that condense fog into water droplets,9,10 and black wings of the rose 

butterfly for fabricating solar cells with efficient light harvesting.11 Extension of 

such concepts to bioengineering applications can potentially have huge 

benefits in various biomedical and clinical areas. Examples include 

microfluidic channels that mimic blood vessels, bone scaffolds or 3D culture 

systems.12-15 All of these examples hold life-saving values, sparing animal use 
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and, potentially, with results that are translatable in the fields of drug 

discovery and implants.16,17  

Plants provide innumerable benefits to our planets, ranging from the 

sustenance of life by continuously providing oxygen to food, shelter, and 

medicine.18 The exploitation of benefits from the plant world provides 

continuous clues for bio-inspiration, such as photosynthesis hinting for 

efficient energy harvesting from the sun19, Burrs and Velcro for fastening 

systems3, lotus leaf for designing super-hydrophobic surface topologies20, 21, 

open-and-close mechanism of a pinecone22 as well as the spreading-and-

closing mechanism of wheat awn23 for applications controlled by humidity.24-26 

Living cells are complex, well organized, controlled, self-replicating, 

with thousands of biochemical reactions happening every second.18 They are 

excellent bio-factories producing and storing various biomolecules like 

carbohydrates, nucleic acid, proteins, lipids, vitamins, and minerals, etc.18, 27 In 

general, the origin of life started from the self-assembly of non-living 

materials.28 To understand the many functions (of lipids, DNA, RNA, amino 

acids and minerals) in living cells, and the formation of life, many bottom-up 

approaches have been used to make simplified models to mimic cell structures 

and functions, extending from simple to very complex functionalized or 

compartmentalized animal cell models.29, 30   

In contrast to animal cells, biomimetic synthetic plant cells, with both 

cell wall and cell membrane mimetics, have not yet been reported. This is 

primarily due to difficulties in preparing a continuous cellulose nanofiber 

(CNF) outer layer, along with other main primary cell wall components 

(pectin, hemicellulose), on the top of biomimetic cell membranes. In this 
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context, bioinspired structures attempting to mimic plant cells might find use 

as simplified plant model systems, but also with applications in synthetic 

plant cell research, health and environment. 

1.2 The United Nations Sustainable Development Goals 

Advancements in scientific research and technology derive direct and 

practical motivation from the 17 Sustainable Development Goals (SDGs) put 

forth by the United Nations for improved qualities of life31. Some of these, in 

turn, are based on fabrication of sustainable and eco-friendly products, such as 

those derived from forests. The current thesis focuses on the creation of 

materials from such alternative sources, thereby complying with the SDGs. To 

elaborate, plant-derived biopolymers such as CNF, pectin and xyloglucan 

contribute towards the goals for sustainability based on cleaner and greener 

solutions. In particular, goal no. 3 ‘Good Health and Well-Being’ (for 

developing products pertaining to biomedical, diagnostic and therapeutic 

applications, Paper IV), goal no. 13 ´Climate Action´ (decreased CO2 emission 

by use of appropriate natural resources such as biopolymers in this thesis), 

goal no. 14 ‘Life below Water’ (reduced consumption and release of substances 

toxic for marine life by providing alternative sources like 

sustainable/biodegradable biomaterials) and goal no. 15 ‘Life on Land’ 

(avoiding problems such as bioaccumulation by greener solutions).   
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1.3 Thesis Objectives 

The current thesis focuses on fabrication of microcapsules with capsule 

walls inspired by the plant cell, and on understanding the relationship 

between attained biomimetic structures and their properties. The aim is to see 

if it is possible to attain a synthetic plant cell container, consisting of both a 

primary plant cell wall and a plasma membrane mimic. The aim extends as 

well to identify certain applications for these microcapsules. To achieve these, 

the following studies were carried out: 

• Paper I - Examining the interaction of major plant primary cell 

wall constituents, namely CNF, pectin, and xyloglucan for the fabrication of 

microcapsules (first-time report on LbL-based fabrication of plant cell wall-

inspired microcapsules); studying the microcapsule’s structural stability and 

permeability properties; proof-of-concept for loading of biomolecules into 

these microcapsules.  

• Paper II - Understanding the role of the composition of the 

microcapsule wall on their permeability; controlling the permeability and 

examining their biocompatibility for drug delivery applications.  

•  Paper III – Preparation and understanding of the structure-

property relationships of microcapsules with a polysaccharide shell 

(CNF/Pectin) and lipid membrane mimic (phospholipid and oleic acid) - a step 

towards a synthetic plant cell container.  

• Paper IV - Applications of plant cell-inspired microcapsules in 

biosensing – microcapsules with glucose oxidase enzyme for continuous 

glucose monitoring.  
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2. Background 

2.1 Structure of Parenchyma cells 

Plant cells are distinctive in their size (10-100 µm), shape, function, 

location, and wall characteristics, and have their names derived based on such 

characteristic features.18 In general, plants comprise of ~35 cell types.32  

Figure 1. Structure of the plant cell. Reproduced with permission from 
MacMillian/McGRaw-  Hill (ref 34). 
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Mainly all cell activities are taking place in the least-differentiated totipotent 

parenchyma cells that can give rise to other plant cell types during 

development. 

These parenchyma cells are involved in photosynthesis, storage, 

secretion and transport, and are highly hydrated (80 to 90% water in its total 

weight), containing protoplasm (cytoplasm and nucleoplasm) and a primary 

cell wall.18 The cytoplasm encompasses cell organelles (with their own lipid 

bilayers), cytosol, and other materials that are enclosed by selectively 

permeable phospholipid layers (cell membrane), which is fenced by the 

exterior primary cell wall (Figure 1).33, 34 The structural and functional units of 

a typical plant primary cell wall are described in the next section.  

2.1.1 Primary cell wall structure 

The shape of a plant cell is determined by its cell wall, which also protects 

the internal protoplasm from the external environment. In growing cells, the 

cell wall (primary cell wall) is thin, flexible (0.1–1 µm), tough and hydrated, 

mainly consisting of polysaccharides: cellulose in the form of cellulose 

microfibrils, pectin, hemicellulose and a small number of structural proteins.32, 

34 A model structure of the primary plant cell wall is shown in Figure 2. The 

cell wall has a fiberglass-like structure (analogous to the glass fibers and 

plastic matrix in fiberglass) where cellulose microfibrils are embedded in 

matrix polysaccharides (pectin and hemicellulose). Matrix polysaccharides are 

synthesized in the Golgi apparatus and packaged into tiny vesicles that fuse 

with the plasma membrane, thereby delivering their cargo to the wall, Figure 

2. Matrix polysaccharides then become integrated into the wall network by 

physical interactions, enzymatic ligations and crosslinking reactions.32, 34 The 
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matrix polysaccharides prevent the aggregation of the nascent microfibrils35 

(Figure. 2).  

Xyloglucan forms cellulose-xyloglucan-cellulose sandwiches and occupies 

the space between microfibrils besides contributing to separating the 

microfibrils. Pectin and xyloglucans bind to microfibrils and contribute to the 

separation of microfibrils as well as the formation of reversible cross-links 

structures.32-34 The cell wall acts as a sieve and is permeable to small molecules 

and proteins, with molecular weight up to 60 kDa.36 Upon cell development 

and maturation, more cellulose and other materials (e.g. lignin) are deposited, 

and the composition, thickness, and properties of the cell wall are altered, 

thereby forming a layered secondary wall. The secondary cell wall is less 

hydrophilic, permeable and increases the resistance against degradation.34 In 

this thesis, only the primary cell wall and cell membrane are considered. 

Figure 2. Structure of the primary cell wall. Reproduced with permission from Springer 
Nature (ref 32). 
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2.1.2 Plasma membrane 

The interior of cells is protected by a selectively permeable lipid 

membrane called the cell membrane or plasma membrane (PM). It coordinates 

the contacts between the protoplasm and the external world and contains 

mainly lipids and proteins (mass ratio is c.a. 1 and molar ratio 50-100: 1).37 

Over 1,000 lipid species are identified in a single cell, and also three main 

classes of lipids exist in the plasma membrane: glycerolipids (mainly 

phospholipids), sterols, and sphingolipids.37 They have polar head group and 

hydrophobic tails (Figure 3a).  

The plasma membrane exhibits liquid crystalline nature, and the 

phospholipids form the unilamellar membrane (plasma membrane) that 

controls the permeability, sterols (cholesterol) provide fluidity and protein 

pumps are involved in the selective permeability and transport of ions and 

molecules.34 The apoplast (outer side) of the PM bilayer is negatively charged 

and the membrane is in direct contact with the cell wall, appressed against the 

extracellular material by turgor pressure.37, 38 Phospholipids can be extracted 

Figure 3. a) Structure of the major classes of plant plasma membrane lipids, b) Schematic 
representation of the structure of the liposome. Reproduced with permission from a) 
Springer Nature (ref 37) and b) Dimitrios Bitounis et al (ref 39). 
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from natural sources; however, commercial phospholipids and their 

derivatives are mainly synthesized. Phospholipids and fatty acids, on the other 

hand, depending on the pH and ionic strength form unilamellar vesicle 

structures called liposome in an aqueous medium (Figure 3b). Liposome 

preparations may range from nanometer to micrometre, and can be a 

unilamellar or multilamellar structures39. The unilamellar structure (Figure 3b) 

resembles cell membrane of the living cells, with ability for cell membrane 

fusion, which becomes useful mainly in drug delivery applications, for 

delivering both hydrophilic and hydrophobic molecules into the cells. 40, 41 

2.2 Plant cell wall constituents and functions 

2.2.1 Cellulose micro/nanofibrils 

In the growing cells, cellulose (β-1, 4 linked d-glucose units) (Figure 4) is 

synthesized and extruded by plant cellulose synthase (CESA) embedded in the 

plasma membrane in hexameric arrays (particle rosettes) Figure 2. Upon 

extrusion, the cellulose chains assemble and form microfibrils by spontaneous 

bundling. They have a high aspect ratio, measuring about 3–5 nm in width 

and several micrometers in length.32 Their width and length however vary 

depending on their botanical origin. The crystalline portion of the microfibril 

is mechanically strong, stiff and highly resistant to enzymatic attack, while the 

amorphous region helps in cell’s expansion and modification during growth 

and maturation.32, 34, 42 

Plant-derived fibers from cotton, flax, linen, jute, and ramie are some of 

the known cellulose-based natural fibers .43  

9 
 



 
 

Much of the commercial nanocellulose, like cellulose nanofibers (CNF) and 

cellulose nanocrystals (CNC), is produced mainly from wood.44 By applying 

physical (high shear forces), chemical, enzymatic methods or an appropriate 

combination of these, CNFs and CNCs are liberated from pulp fibers of wood. 

Of these methods, chemical modifications, exploiting the large number of 

hydroxyl groups, result in a wide variety of nanofibers. Specific modifications 

result in materials with desired properties; for instance, already existing 

Figure 4. The molecular structures of the main constituents of the primary cell wall. 
Cellulose, pectin (only showing the homogalacturonan), xyloglucan and the 
monosaccharides. Reproduced with permission from Elsevier (ref.35) 
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features such as biorenewability, light yet high tensile strength, non-toxic and 

biodegradability etc, can be fine-tuned or combined with new features to make 

CNFs suitable for a range of applications.45 In particular, CNFs are used in 

diverse areas including composite materials, packing, filtration, preparation of 

transparent flexible electronics, hydrogel, aerogel and healthcare.46, 47 A 

cationic CNF with quaternary ammonium cations 48 has been used in all the 

four papers presented in this thesis. 

2.2.2 Pectin 

Pectin, a natural soluble dietary fiber and an important determinant of 

wall porosity and thickness, is the most complex polysaccharide in the living 

world,32 composed mainly of α-1-4 d-galacturonic acid units, Figure 4. Pectin 

glues cells together via the middle lamella (adhesive layer). Pectin forms 

hydrated gels that push cellulose microfibrils apart, easing their sideways 

slippage during cell growth, while locking them in place when growth 

ceases.32 Network formation in plant cell wall involves spontaneous physico-

chemical interactions and enzymatic crosslinking between the 

polysaccharides.32-34 Pectin consists of distinctive domains, 

Rhamnogalacturonan I & II, Homogalacturonan and xylogalacturonan.32 The 

carboxyl groups of homogalacturonan and xylogalacturonan can be naturally 

methyl esterified. 

 In nature, around 80 percent of carboxyl groups of galacturonic acid 

are esterified.49 Some plants (e.g. sugar beet, pears) contain acetylated 

galacturonic acid,50 which can be exploited for applications demanding 

increased stability of O/W interface.51 The amount and degree of esterification 

varies from the source. Low-ester pectin (<50% methyl ester group) forms Egg 
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box model network, when combined with divalent ions such as calcium, while 

high-ester pectin (>50% methyl ester group) forms gel in the presence of sugar 

and low pH.52  

The principal applications of pectin are as a gelling/thickening agent, 

stabilizer and emulsifier. Apart from food industry, pectin is most widely used 

in medical field, oral drug delivery platforms, e.g., controlled release systems, 

gastro-retentive systems, colon-specific delivery systems and mucoadhesive 

delivery systems, due to its non-toxicity and low cost.53-56  

In the current thesis, high esterified apple pectin (AP) has been used for 

studies in papers I, II, and IV; and, sugar beet pectin (SBP) (acetylated) has 

been used in paper III. 

2.2.3 Hemicellulose 

Hemicelluloses are cellulose-binding polysaccharides, which together 

with cellulose forms a network that is strong, yet resilient. Xyloglucan and 

arabinoxylan are two of the most abundant hemicelluloses in the primary cell 

wall.32 It is possible that hemicelluloses become trapped in the microfibril as it 

forms; resulting in non-crystalline disordered regions (important for 

flexibility, and modifications).32 Xyloglucan is the abundant hemicellulose in 

primary cell walls, with a backbone similar to that of cellulose, but decorated 

with xylose branches on 3 out of 4 glucose residues (Figure 4). The branches 

and other modifications in their structure prevent them from forming 

microfibrils by themselves.32 Xyloglucan coats the surface of the cellulose 

microfibrils, limiting their aggregation and connecting them via tethers. These 

networks directly or indirectly regulate the mechanical properties of the cell 

wall and act as a major load-bearing structure.32, 57  
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Binding of the chemically modified hemicellulose molecules can thus be 

used to attach a wide variety of chemical moieties without disruption of the 

individual cellulose fiber or fiber matrix.58 Xyloglucan, due to its structural 

similarity to mucin-1, a transmembrane glycoprotein, is known to possess 

mucomimetic and mucoadhesive properties59. The use of xyloglucan as 

extracellular matrix is also gaining momentum recently in plant primary cell 

wall research as well as tissue engineering.60  

2.3 Microencapsulation techniques 

Depending on the components to be encapsulated and the associated 

applications, various fabrication methods (LbL, spray-drying, gelation, solvent 

evaporation, emulsion polymerization, miniemulsion microfluidics, etc.) and 

materials (both natural and synthetic) have been extensively used for 

microencapsulation.61 The resulting structure can be microcapsules (solid 

single/multiple wall with single/multiple water/oil core), microspheres (filled 

matrix-type, solid core, with/without wall), and assembled particles (formed 

from aggregated structures), Figure 5.61 The size of the microencapsulated 

materials can range from nanometer to micrometer.61, 62 

 Microcapsules are liquid-filled microcontainers, surrounded by an 

outer wall. Depending on the nature of the drug or other molecules to be 

encapsulated, the core can be water- or oil-based, and depending on the 

applications, the wall can be porous/non-porous, synthetic/natural, 

degradable/non-degradable.61 For biomedical applications, especially in 

diagnostics and drug delivery, the polymer wall should be non-toxic, 

biocompatible and degradable after-use/release; it should be spontaneously 
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eliminated from the body.63 Solvent evaporation, emulsion polymerization, 

miniemulsion, LbL and microfluidics are some of the techniques used for the 

fabrication of liquid-filled microcapsules.62, 64-66  

Herein, the two techniques used for fabrication of plant-

inspired microcapsules, were 1) Layer-by-Layer technique using a hard 

template particle and 2) emulsification combined with polymer adsorption 

and subsequent ”solvent evaporation”. These are explained in detail in the 

next two sections.  

In papers I, II and IV, the LbL method was used, and in paper III, a 

combined emulsion/adsorption/”solvent evaporation”-based preparation 

technique was used for the fabrication of microcapsules. 

Figure 5. Different types of microcapsules: (i) simple microcapsule, (ii) matrix (microsphere), 
(iii) irregular microcapsule, (iv) multicore microcapsule, (v) multiwall microcapsule, and (vi) 
assembly of microcapsule. Reproduced with permission from John Wiley and Sons (ref 61). 
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2.3.1 Microcapsule preparation using a CaCO3 template 

From an engineering perspective, the Layer-by-Layer method is a thin 

layer fabrication technique, which is attractive owing to its simplicity, 

robustness, versatility and reproducibility.67, 68 In addition to the major 

electrostatic interaction operative between the layers, other driving forces in 

the thin-film multilayer formation, include hydrogen bonding, covalent 

bonding, base-pair interactions, as well as van der Waals interactions.67, 69  

Many fabrication techniques have been employed for the production of 

LbL structures: spin coating, spray coating, dip-coating and fluidics 

(microfluidic)-based methods (Figure 6).70 LbL assembly is a cyclic process in 

which a charged material (e.g., polymer, macromolecules) is adsorbed onto a 

substrate, and after washing, an oppositely charged material is adsorbed on 

top of the first layer. This constitutes a single bilayer with a thickness generally 

in the order of nanometers, and this deposition process can then be repeated 

until a multilayer film of desired thickness has been assembled. Choice of 

polyelectrolyte, pH, ionic strength, temperature and solvents are mostly 

affecting the properties (e.g., thickness, permeability, orientation etc.,) of the 

fabricated layers.69, 71   

The fundamental principle of such a multilayer construction is the 

charge overcompensation. The formation of the multilayers is driven by the 

overcompensation of charge at the surface of the multilayer 

(intrinsic/extrinsic). The ionic strength (salt) screens electrostatic repulsion 

between the polyelectrolytes, which in turn enhances the amount of 

polyelectrolyte that gets adsorbed.70, 72 
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 For the preparation of hollow microcapsules, LbL fabrication is carried 

out on templating particles, followed by selective particle removal (Figure 7). 

Figure 6. Different LbL methods: A) dip coating, B) spin coating, c) spray coating, d) 
electromagnetic and E) fluidic. Reproduced with permission from AAAS. Ref (70) 
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Most widely used templates (colloidal particles/core) are CaCO3, silica, 

melamine resin particles, polystyrene particles and nano particles.65   

In this thesis, paper (I, II and IV) CaCO3 microparticles were used as 

templates for deposition of required biopolymers using LbL technique. 

2.3.2 Microcapsule preparation using a ”liquid”-template 

Emulsification is the process of mixing two immiscible liquids and 

producing droplets in the presence of e.g. surfactants that stabilizes the liquid 

interface. The emulsifying agent reduces the surface tension between the two 

phases, thereby stabilizing the droplets formed.73 Depending on the 

surfactants’ solubility, they form either water-in-oil (W/O) emulsions, 

characterized by oil being the continuous phase and an emulsifier with 

relatively higher oil-soluble properties, or oil-in-water (O/W) emulsions, 

characterized by an aqueous continuous phase, mediated by a relatively 

higher water-soluble emulsifier.73  

If the interface of emulsion droplets is stabilized with solid particles, 

they are classified as Pickering emulsions.74 Unlike surfactant, such particles 

can be considered as almost “irreversibly” adsorb at the interface, thus 

forming very stable emulsions, which is due to the high energy barrier that 

needs to be overcome in order to remove such particles from the interface.75, 76 

The stability of the emulsion depends on wettability of the particles and the 

particles needs to be partially wetted by both phases in order to successfully 

stabilize the interface. It was recently demonstrated that nanocellulose, i.e. 

CNCs and CNFs, is able to stabilize the interface of oil droplets dispersed in a 

continuous water phase (O/W emulsion).77-79 Surface charge and modification 

to the nanocellulose played, however, an important role in the stabilization.80 
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For example, a high surface charge did not result in a stable emulsion.77, 81 To 

compensate for this, however, it is possible to hydrophobize the surface of the 

nanocellulose or to add a small amount of surfactants, that can aid in 

improving the stabilization of the interface of the oil droplets.82, 83  

In paper III, which deals with plantosomes, CNF-stabilized emulsions 

were prepared followed by a step, wherein a second layer of pectin was 

adsorption on the exterior of the CNF shell. Then, the solvent in the interior of 

the droplets was evaporated. 
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3. Experimental  

 

In this section, a brief overview about the major tools and techniques 

used for all the projects presented in the current study are described. More 

detailed information about all the materials, experimental procedures, 

characterization as well as instruments used are included in the ‘Experimental 

Section’ of the appended articles and manuscript. 

3.1 Materials 

Cellulose Nanofibers (CNF) utilized in all the papers (I, II, III and IV) 

were cationically modified using glycidyl trimethylammonium chloride. The 

CNF was produced from never-dried softwood sulfite pulp from spruce, 

purchased from Nordic Paper Seffle AB, Sweden. The solid content of the CNF 

suspension was 0.386 wt% and the fibers possessed a high aspect ratio, with a 

thickness of 2.5 ± 0.8 nm and length of more than a micrometer. The total 

charged molecules in modified CNF was estimated using conductometric 

measurements to be 1.17 mmol g−1.84, 85  

Pectin from apple was purchased from Sigma (Sweden), with a relative 

molecular mass of 30 000 - 100 000 g mol −1 and degree of esterification of 70-

75%. XyG was purchased from Megazyme (Ireland) and has a viscosity of 14.0 

dL−1. The sugar beet pectin (SBP) is a high methyl ester and naturally 
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acetylated pectin (Genu®BETA-pectin) extracted from sugar beet pulp. It was 

a kind gift from CP Kelco (Lille Skensved, Denmark). The pectin has a degree 

of esterification around 55% and a degree of acetylation above 20%. 

Macromolecules (FITC- dextran of varying molecular weight, 4, 20, 70 

or 2000 kDa, BSA, GOx) and Fluorophores (FITC, Rh-6G, SR-10l, Rh-B and 

Calcofluor white stain) were purchased from Sigma (Sweden).  

Oleic acid (OA) (purity ≥ 99%), 2-oleoyl-1-palmitoyl-sn-glycero-3-

phosphocholine (POPC), 2-oleoyl-1-palmitoyl-sn-glycero-3-

phosphoethanolamine (POPE), 1,2-dioleoyl-sn-glycero-3-

phosphoethanolamine-N-(lissamine rhodamine B sulfonyl) (RhB-DOPE) were 

purchased from Sigma (Sweden). 

3.2 Preparatory methods for microcontainers/microcapsules 

3.2.1 Preparation of sacrificial CaCO3 template: 

 An equal volume of aqueous solutions of 1 M CaCl2 and 1 M Na2CO3 

were mixed together under controlled stirring and incubation conditions, to 

obtain microparticles of controlled sizes. For Papers I and II, the microparticles 

were obtained using an overhead stirrer (300 rpm for 60 s) and incubated for 

30 min (without stirring). After incubation, the particles were collected by 

centrifugation (5000 rpm, 30 s), washed several times using water, followed by 

drying at 80 °C for a couple of hours. Particles were then stored at RT in sealed 

containers. In total, 180 ml water was added to 15 ml CaCl2 and 15 ml Na2CO3, 

resulting in a yield of 580 mg, adequate enough for all studies.84 For paper IV, 

300 µl of 1 M CaCl2 and 1 M Na2CO3 and 1 ml of glucose oxidase (GOx) or 
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FITC-GOx (1 mg/ mL) were mixed by vortex and incubated for 15 min. The 

obtained GOx or FITC-GOx co-precipitated CaCO3 was collected by 

centrifugation (3000 rpm for 30 sec) washed several times with water then 

cross-linked with 2% GA in water (15 min) under gentle shaking. After 

extensive washing with water, the particles were immediately used for LbL 

assembly.85 

3.2.2 Preparation of LbL microcapsules: 

The obtained microparticles (CaCO3) were coated with the desired 

biopolymers by the LbL technology, followed by a suitable core removal 

method. Adsorbing one anionic and cationic layer or vice versa, with 

intermediate washing, represents one bilayer. First, 25 mg of the prepared 

CaCO3 microparticles were dispersed in 100 mM NaCl solution (to equilibrate) 

and sonicated for 10 s with 50% amplitude to avoid any aggregation, followed 

by centrifuging at 5000 rpm for 30 s to collect the particles. When the 

microcapsules were prepared only using two polymers (CNF, XyG or CNF, 

AP), they are referred as bi-polymer system and where CNF, AP and XyG are 

used, they are defined as tri-polymer system. The tri-polymer based 

microcapsule preparation is schematically shown in Figure 7. 

For paper I, (AP/CNF)5AP/XyG LbL sequence was used, and for paper 

II, (CNF/XyG)5 and (CNF/XyG/CNF/AP)2CNF/XyG LbL sequence was used. 

For paper IV, the LbL sequence from paper II was adopted but excluding the 

final layer of XyG and GOx co-precipitated CaCO3 particles was used in this 

case. As an example of the LbL preparation (paper I), the dispersed CaCO3 

microparticles were incubated with 2 mL of AP (0.1 wt% in 100 mM NaCl, pH 

7.5 ± 0.2) for 10 min under constant mixing, followed by washing thrice ( 
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washing  solution: 100 mM NaCl, pH 7.5 ± 0.2). Subsequently, 2 mL of CNF 

(0.05 wt% in 100 mM NaCl, pH 7.5 ± 0.2) was added, incubated for 10 min 

followed by a washing step. The cycle was repeated until the desired number 

of layers were obtained ((AP/CNF)5/AP, in this case). Then, CaCO3 (AP/CNF)5 

/AP particles were washed with water and incubated with XyG (0.1 wt% in 

water) for 1 h and thoroughly washed again with water to obtain 

CaCO3(AP/CNF)5/AP/XyG particles. The LbL assembled particles were 

dispersed into Ibidi channels (µ-Slide VI from Ibidi GmbH, Germany) and 

dried at 50 °C overnight. In order to obtain the hollow microcapsules, the 

particles were first rehydrated with water for 10 min, and for paper I, citric 

acid treatment (for paper I, 50 mM citric acid, 3 h) and for papers II and IV, 

EDTA treatment (paper II, 250 mM EDTA in water, 10 min., and paper IV, 100 

mM EDTA in water, 10 min.) were carried out for core removal. For paper IV, 

the obtained microparticles were dried at 37 °C overnight before core removal. 

Figure 7. Schematic representation of the LbL assembly/microcapsule preparation-: tri-
polymer system. In-between each adsorption the particles were washed with 100 mM NaCl 
solution pH 7.5 ± 0.2. Adapted from paper II. 
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The obtained microcapsules were then washed with water and incubated in 

water before further characterization. 

3.2.3 Preparation of lipid and polysaccharide based microcapsules: 

For Paper III, lipid-based microcapsules were produced by stabilizing 

the lipid/chloroform droplets with CNF followed by adsorption of pectin and 

chloroform evaporation. The preparation method is shown in Figure 8. Two 

kinds of microcapsules were produced, I) microcapsule with OA/oleate cores, 

II) microcapsules with water cores, where the water cores were surrounded by 

a thin OA/oleate/phospholipids layer (the second type referred to as 

‘Plantosomes’).  

For the first type of microcapsules based only on OA; 1.5 g of CNF 

(0.059 wt% CNF in 100 mM NaCl, pH 7 ± 0.2) and 2.23 g of OA in chloroform 

(288 mM) were mixed using an IKA T25 digital Ultra Turrax (24000 rpm), and 

Figure 8. Schematic representation of the preparation of CNF/pectin stabilized OA/oleate 
microcapsules and plantosomes. a, b) CNF stabilized lipid droplets preparation, c) pectin 
adsorption and d) obtained microcapsules and plantosomes. Lipids-only OA for OA/oleate 
core preparation or OA/phospholipid mix for plantosome preparation. Blue-water, yellow-
lipid, brown-CNF and green-pectin. Adapted from Paper III. 
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CNF-stabilized OA/chloroform droplets were obtained. Then the CNF 

stabilized droplets (300 µl) were transferred to pH pre-adjusted pectin solution 

(0.1 wt% in 100 mM NaCl, pH 10) under stirring (350 rpm) and chloroform 

was evaporated at RT for overnight. After evaporation, the microcapsules float 

to the surface of the solution due to the entrapped OA/oleate. Then, the pH of 

the solution was adjusted to 2.0 with 100 mM HCl, and after 30 min, the pH 

was raised to 6.5 with 100 mM NaOH to obtain the final microcapsules. 

For the plantosomes, 2.3 g of the CNF (0.059 wt% CNF in 100 mM NaCl, 

pH 7±0.2) and 0.5 mL of the POPC/POPE stock solution (1 mM/0.2 mM 

POPC/POPE), 0.5 mL of chloroform, 1 mL of OA (288 mM stock solution) were 

mixed, and CNF-stabilized OA/phospholipid/chloroform droplets were 

obtained by mixing with Ultra Turrax  . In confocal studies, 40 µL of the RhB-

DOPE together with POPC/POPE phospholipid stock solution, as above (with 

an exception of 0.48 mL of the POPC/POPE stock solution used instead of 0.5 

mL) were mixed. During all steps, the samples were protected from light. For 

obtaining the plantosomes, 300 µL of the CNF stabilized 

OA/phospholipid/chloroform droplets was first dispersed in 2.0 mL 

Eppendorf tube containing 0.700 g of the 200 mM NaCl in MilliQ-water 

solution. The droplets were repeatedly dispersed using a Pasteur pipette, 

followed by transferring the dispersion to 9.3 g of 200 mM NaCl in MilliQ-

water solution. Afterwards, the suspension was transferred to 0.2 wt% pectin 

solution (10 g, pH 6.8) under stirring (350 rpm) and chloroform was 

evaporated at RT overnight. Of the three types of microcapsules obtained, one 

contains lipid-core; the second contains a small water core and a thick lipid 

interface, while the third contains a larger water core and a thin layer of 

OA/oleate/phospholipids at the interface. These third type of microcapsules 
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obtained were referred to as plantosomes, which is a main focus for the 

current study (Paper III). 

3.3 Characterization techniques 

Atomic Force Microscopy (AFM) was employed to study the morphology of 

the CNF using Bruker NanoScope V (U.S.A.). The CNFs were adsorbed on 

silicon wafers and the SCAN-ASYST QNM mode was used to characterize the 

samples. Plasma-activated silica substrate was immersed for a minute in 

0.0025 wt% of CNF solution and dried with N2 before imaging.84  

Quartz Crystal Microbalance with Dissipation (QCM-D) was carried out to 

study the interaction between CNF, pectin, and xyloglucan, in both water and 

saline conditions, using Q-Sense, E4 model, Sweden. The mass adsorption of 

the CNF and adsorption of the pectin and XyG on CNF surface are detected on 

the quartz crystal as a change in the resonance frequency ΔF and dissipation 

ΔD. The changes in ΔF and ΔD are associated with changes in wet mass 

(adsorption or desorption) and the viscoelastic properties of the adsorbed 

layers, respectively.84-86 

Field-emission Scanning Electron Microscopy (SEM) was carried using a 

Hitachi SEM S-4800 (Japan) with 1 kV and short working distance. After LbL 

assembly (along with CaCO3) and microcapsules (after CaCO3 removal) were 

mainly studied. The samples were fixed on carbon tape and usually Pt: Pd 

coated using a Cressington 208HR sputter coater prior to imaging.  

Transmission Electron Microscopy (TEM) was carried out to study the 

morphology of the CNF and microcapsules using a Hitachi HT7700 TEM 
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(Japan) at an accelerating voltage of 100 kV in high-contrast mode.  2% uranyl 

acetate was used as the negative stain. 

Dynamic Light Scattering (DLS) was carried out to study the effect of 

different NaCl concentrations (10, 50, and 100 mM) on the hydrodynamic 

diameter of CNF, AP,84 and FITC-dextran.86 DLS experiments were carried out 

using Malvern Zetasizer Nano (United Kingdom) at 25 °C. 

Fourier Transform Infrared Spectroscopy (FTIR) was carried out to confirm 

the CNF’s cationic modification and examine the microcapsule’s chemistry 

(such as pectin modification). The FTIR spectra were obtained using a 

PerkinElmer, Spectrum 2000, in the range of 4000−600 cm−1 at RT.84, 86 

Confocal Laser Scanning Microscopy (CLSM) The morphology, stability, and 

permeability of the prepared microcapsules were studied using different 

fluorophores (FITC, Rh-6G, SR-101, different molecular weight FITC-dextran 

and Rh-B) with LSM-510 UV−Vis equipped with 63X 1.2 water immersion and 

40X 1.3 air objectives (Zeiss, Germany). For paper III and IV, Zeiss 780 UV/Vis 

equipped with 40X 1.3 water immersion objectives, Zeiss, Germany was also 

used. 

Light microscopy was carried out to study morphology and structural 

stability of the CNF stabilized oil, OA/phospholipid droplets, and 

microcapsules (after evaporation) using VWR VisiScope equipped with VWR 

VisiCam 16 Plus (VWR, Sweden).  

Polarized Light Microscopy (POM) The organization of the lipids in the 

interior of the microcapsules was studied using Carl Zeiss Axio Vert.A1 with 

cross-polarized light filters (Zeiss, Germany).  
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Electrochemical Measurements was carried out to estimate the GOx activity. 

The measurements were performed with Autolab PGSTAT101, Metrohm-

Nordic (Switzerland) at RT. GOx loaded microcapsules were immobilized in 

the Ibidi channel and different concentration of glucose was pumped at the 

rate of 60µl/min. The activity of GOx was measured using DropSens screen-

printed electrodes (DRP150) (working electrode 4 mm diameter: carbon base; 

auxiliary electrode: platinum; reference electrode: silver) integrated into an 

external flow cell (DRP-FLWCL, DropSens, volume: 8 µL). This setup was 

used to carry out the continuous amperometric measurements.85 

Cell culture (HEK 293T cells) was carried out on the immobilized 

microcapsule surfaces for studying the biocompatibility of the microcapsules 

using CLSM. The Calcein-Am live stain was used to examine the live cells and 

SR-101 was used to stain the microcapsules.86 
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4. Results and Discussion 

4.1 The assembly of primary plant cell wall mimics 

 In the current thesis, most of the bioinspired microcapsules preparation 

is based on LbL assembly, mainly driven by electrostatic interaction.70 

Therefore; it became obvious to understand if the extracted or commercially 

available primary plant cell wall polymers, CNF, XyG and AP, could be used 

in the multilayer assembly. This was studied using QCM-D in water to get a 

better understanding of the events occurring during polymer assembly. 

 To perform a successful LbL assembly, in the case of AP and CNF, the 

polymers needed to be oppositely charged, and therefore, a cationic CNF was 

chosen together with an anionic pectin to assemble the bilayers. In QCM-D, 

the decline in the resonance frequency, ΔF, indicates the successful adsorption 

of the polymers, whereas ΔD shows the viscoelastic properties of the layers. 

Figure 9 shows the interaction of CNF, XyG and AP. The net change in ΔF and 

ΔD for the (AP/CNF)3AP/XyG sequence, reflecting on the interactions between 

CNF and AP, is shown in Figure 9a. The resonance frequency decreased from 

−56, −124, −229 Hz, for first, second and third bLs, respectively. The dissipation 

increased from 12×10−6 to 37×10−6, 84×10−6, and 107 × 10−6 for first, second, third, 

and final AP adsorption. The results clearly show the successful formation of 

CNF/AP multilayers. 

XyG is a natural cross-linker of CNF and has an inherent tendency to 

bind to cellulose fibers in a noncovalent manner.32 Nevertheless, XyG 

adsorption in the end of the CNF/AP multilayer sequence (Figure 9a) was very 
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small (ΔF5 = −5 Hz), as the already formed AP layer leaves very few free CNF 

sites available for XyG binding. 

This is in line with previous reports that show that the binding 

of pectin and XyG onto CNF occur in a competitive manner.87 Figure 9b shows 

the incompatibility between AP and XyG. No frequency decline was observed 

either when XyG was followed by AP or AP was followed by XyG (dotted 

arrows). This clearly indicates that both these two polymers bind tightly onto 

CNF, leaving very little space for the other one.   

When multilayers of CNF and XyG were formed, the adsorption 

seemed prominently increasing. Even though the CNF-XyG interactions is 

Figure  9. Interaction of CNF, pectin and xyloglucan. QCM-D showing the net changes in the 
frequency ΔF and the corresponding dissipation ΔD for (a) (AP/CNF)3AP/XyG, (b) 
AP/CNF/XyG/AP/CNF/AP/XyG/CNF/AP, (c) (AP/CNF/XyG/CNF)2AP/CNF and (d) comparing 
the first layer build-up in (a) to a layer build-up in the presence of salt 100 mM NaCl (dotted 
lines). The reported data are for the 5th overtone. Adapted from paper I, II and IV 
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expected to be more favorable compared to CNF-AP, 57, 88 the growth of the 

multilayer thickness eventually ceased. Paper II shows the QCM-D data for 

the (CNF/XyG)3 sequence. After 1.5 bLs, the adsorption of CNF followed by 

XyG started to decline. This could be due to the electrostatic repulsive forces 

operative between the newly added CNFs and the already adsorbed CNF 

layers residing beneath the XyG-layer.   

The above results demonstrate that it is not possible to build 

multilayers with XyG between the pectin/CNF layers, eg. CNF-XyG-AP-XyG-

CNF, which would result in molecular arrangements that, to some extent, 

would resemble certain proposed molecular models for the primary cell wall.89 

Instead, in order to include all the main components of the primary cell wall in 

the multilayers, a tri-polymer system in the following sequence (AP-CNF-

XyG-CNF)n was carried out. In this way, any possible AP-XyG incompatibility 

was avoided. QCM-D data for (AP/CNF/XyG/CNF)2AP/CNF sequence is 

shown in Figure 9c. This data shows the successful formation of multilayers 

with CNF, AP and XyG. The arrow shows the point, where the adsorption 

start declining.  

It is possible to screen charges in a polymer system by introducing salts, 

which in turn alters the conformation of the charged polymers and aid the 

deposition of thicker polymer layers. Increased adsorption enables a thicker 

multilayer formation with lesser number of bLs, thus promoting a faster 

assembly.72 The build-up of AP-CNF layers was studied in the presence of salt 

(100 mM NaCl). In Figure 9d, the frequency and dissipation shift in both water 

(first bL of Figure. 9a) and saline conditions (100 mM NaCl) were compared 

for (AP/CNF)1, showing a huge difference. The attained frequency shift (in 

saline conditions) after only 1 bL was comparable with that obtained after 3 
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bLs of AP/CNF in water (Figure 9a). This clearly shows increased adsorption 

of both AP and CNF in the presence of salt. 

  Overall, the QCM-D data clearly shows that both AP and XyG are 

compatible with CNF, but not with each other when adsorbed one after the 

other. In the presence of salt (100 mM NaCl), increased adsorption occurs, 

helping to rapidly build thicker multilayers. 

4.2 LbL microcapsules 

With the aforementioned understanding of the multilayer formation, 

the next step is the preparation of microcapsules. For this, the LbL assembly 

was carried out on sacrificial CaCO3 microparticles. CaCO3 was chosen as the 

sacrificial template because of its ease in preparation from nanometer to 

micrometer range, porous nature, and mild environmental friendly core 

removal method as well as facilitating co-precipitation (dyes, polymers, 

nanoparticles and biomacromolecules).68 Considering the length of CNF 

nanofibers, in addition to the actual size of living plant cells (ca. 10 – 100 µm), 

large CaCO3 microparticles (> 10 µm) were chosen for LbL assembly (Papers I 

& II). As shown in Figure 10a, the prepared CaCO3 microparticles are 

spherical in shape, with a size of 16 ± 4 µm (Papers I & II) with a rough surface 

topology (Figure 10a insert). These increased surface areas have previously 

been shown to be advantageous for enhanced polymer adsorption and 

binding.68 The TEM images show the morphology of the CNF. The figure 

(Figure 10b) shows that the CNF fibers were uniform and elongated (2.5 ± 0.8 

nm width and length in the micrometer range).  
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The multilayers were assembled in the presence of 100 mM NaCl 

solution in order to enhance the adsorption and obtain thicker layers. Without 

salt (in water), more aggregation between particles was observed which was 

due to the nanofibers forming bridges between particles (Paper I, SI).  Figure 7 

shows a simplified overview of the microcapsule preparation. In this study, 

different sequences of polymer adsorption were carried out: bi-polymer 

system- (AP/CNF)5AP/XyG (Paper I), (CNF/XyG)5 and tri-polymer system 

(CNF/XyG/CNF/AP)2CNF/XyG (Paper II), (CNF/XyG/CNF/AP)2CNF (Paper 

IV). After LbL multilayer assembly, a drying step is essential to obtain more 

homogeneous layers with desired properties such as permeability. The drying 

step was important for fiber-fiber and fiber-polymer interactions, and was 

observed to decrease the permeability through the capsule wall in the wet 

state. Various characteristic features of the fabricated LbL microcapsules are 

described in the sub-sections below. 

4.2.1 Multilayer characteristics 

The cross section of the dried multilayers on the top of the CaCO3 is 

shown in Figure 10 c-f for different composition, as described in the legend 

(before core removal). As shown in Figure 10 c-f (regions marked with green 

arrows), distinct multilayers are formed on the surface of the CaCO3 particles 

(red arrow). The nanofibrous nature of the multilayer (capsule wall) becomes 

clearly visible Figure 10c. The dry thickness of the microcapsule wall was ~ 60 

nm for (AP/CNF)5AP/XyG (Figure 10c), ~ 12 nm for (CNF/XyG)5 (Figure 10d) 

and ~ 20 nm for (CNF/XyG/CNF/AP)2CNF/XyG (Figure 10e). In the absence of 

pectin, in case of (CNF/XyG)5 the thickness reduced to one-fifth and in case of 

(Figure 10c to d) (CNF/XyG/CNF/AP)2CNF/XyG (only two layers of pectin) 

32 
 



 

the thickness reduced to one-third compared to CNF/AP multilayers. This 

variation in the thickness clearly shows the importance of pectin with respect 

to the capsule wall thickness. Nano-particulate surface and porous core can 

also be noticed in the figures (red arrow). The formed multilayer on the GOx 

co-precipitated CaCO3 is shown in Figure 10f.   

Figure 10. Structure of the multilayer assembly. SEM images of the a) CaCO3 template 
(insert-high magnified surface), b) TEM images of the CNF fibers. SEM images of the 
multilayers on CaCO3 surface. c) multilayer of (AP/CNF)5AP/XyG, d) multilayer of 
(CNF/XyG/CNF/AP)2CNF/XyG, e) multilayer of (CNF/XyG)5 and f) on GOx co-precipitated 
CaCO3 (CNF/XyG/CNF/AP)2CNF. Green arrow-multilayer, Red arrow-CaCO3. Adapted 
from Paper I, II and IV. 
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These images show the successful LbL fabrication on top of sacrificial 

CaCO3 templates as well as homogeneity of the multilayers. 

4.2.2 Microcapsules’ morphology 

The microcapsules (after CaCO3 core removal) in aqueous environment 

were studied using CLSM. Figure 11 shows the microcapsules after core 

removal. 

Figure 11. Morphology of the microcapsules. CLSM images of the microcapsules a) 
(AP/CNF)5AP/XyG (insert-anisotropic rectangular microcapsules), b) 
(CNF/XyG/CNF/AP)2CNF/XyG stained with SR-101 , c) multilayer of (CNF/XyG)5 stained 
with FITC and d) FITC-GOx loaded microcapsules. Scale bar in a-d is 20 µm. Adapted from 
paper I, II and IV 
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 In case of microcapsules made of only AP/CNF and those made of 

AP/CNF/XyG, their size and shape correlate well with that of the starting 

template (CaCO3), showing that the microcapsules did not shrink or swell after 

core removal (Figure 11 a, b). The insert in Figure 11a shows the formation 

anisotropic rectangular microcapsules. This demonstrates the possibility of 

creating different shapes of the microcapsules, just like real plants cells, by 

using different types of templates.90 The microcapsules made from only CNF 

and XyG were not structurally stable. These are uneven, non-spherical and 

appear damaged (Figure 11c). 

 The QCM-D data (Paper II) and the SEM images (Figure 10d) 

(decreased thickness due to less polymer adsorption) substantiate this 

structural instability. Due to the structural instability, CNF/XyG microcapsules 

were not studied further for permeability and encapsulation; only AP/CNF 

and AP/CNF/XyG microcapsules were utilized. The microcapsules formed 

using FITC-GOx CaCO3 microparticles show great structural stability and 

successful entrapment of the GOx inside the microcapsules (green) (Figure 

11d).  

The primary plant cell wall can be resembled by a fiberglass-like 

structure, 32 which is composed of a cellulose microfibril network present in a 

polysaccharide matrix.18  

In order to understand the structure, we examined our microcapsule 

wall using TEM and SEM, and the results are depicted in Figure 12. The high 

magnification TEM images show a randomly organized CNF network 

embedded in pectin. In both AP/CNF (Figure 12a) and AP/CNF/XyG (Figure 

12b) microcapsules, the individual CNF fibrils can be seen and they appear to 
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be sticking out from the matrix (similar to fibers being pulled out in a 

traditional fiber reinforced polymer system).  

The capsules were torn (Figures 12a and 12b) in order to better reveal 

the CNFs. In case of CNF/XyG microcapsules, the wall displayed a porous and 

more fibrous structure due to the lack of pectin (SEM image in Figure 12c and 

arrow). In the presence of pectin in AP/CNF/XyG microcapsules, individual 

CNF nanofibrils are more difficult to spot and appeared to be better embedded 

in the polysaccharide matrix (Figure 12d).  

Figure 12. Nature of the microcapsule wall. TEM image of the a) microcapsule wall of 
(AP/CNF)5AP/XyG, b) microcapsule wall of (CNF/XyG/CNF/AP)2CNF/XyG, and c, d) SEM 
image of the microcapsules’ wall of (CNF/XyG)5 and (CNF/XyG/CNF/AP)2CNF/ XyG 
respectively. Arrow in c) points the pores. Adapted from papers I, II and IV 
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4.2.3 Permeability of the microcapsule wall 

  Apart from providing structure and mechanical stability, the cell wall 

also controls the permeability.91 After successful preparation of the 

microcapsules with cell wall mimicking components, the permeability was 

examined in water using CLSM and FITC-dextrans with known molecular 

weight; FITC-dextran of molecular weight 20, 70 and 2000 kDa, which possess 

a hydrodynamic diameter of ~ 6.6, 12 and 54 nm, respectively (supplier’s info). 

Figure 13. Permeability of (AP/CNF)5AP/XyG microcapsules. CLSM images of the 
microcapsules in the presence of a, b) 20 kDa FITC-dextran and c, d) 70 kDa FITC-dextran in 
water. The fluorescence intensity profiles of the microcapsules with dotted lines (in a, c) 
shown as insert in b, d. All scale bars are 20 µm. Adapted from paper I. 
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BSA, a negatively charged protein was also used for permeability tests, has a 

molecular weight 66.5 kDa. It has a hydrodynamic diameter of ~ 8 nm 

(supplier’s info).  

CLSM images (Figure 13) showing the (AP/CNF)5AP/XyG 

microcapsules’ permeability to 20 and 70 kDa FITC-dextran in water, are 

included. The overall permeability results for AP/CNF (Paper I) and 

AP/CNF/XyG/CNF (Paper II) microcapsules in water are summarized in Table 

1. The microcapsule wall is partially permeable to 20 kDa FITC-dextran 

(Figure 13a, b) in water (as the fluorescent intensity is lower inside than 

outside of the microcapsule at steady state (Figure 13b insert profile). It is, 

however, completely impermeable to 70 kDa FITC-dextran (Figure 13c, d) (as 

the fluorescent intensity is nearly zero inside the microcapsule and maximum 

in the bulk/outside of the capsule at steady state) (Figure 13d insert profile). 

Microcapsules with equal intensities both inside and outside are classified as 

completely permeable ones.  

 

Table 1: Summery of the microcapsules’ permeability to different FITC- 
dextran in water 

Microcapsule Permeability - FITC dextran 

20 kDa 70 kDa 2000 kDa FITC-BSA 

(AP/CNF)5/AP/XyG 

(Paper I) 

Partially 

Permeable 

Impermeable Impermeable Impermeable 

(CNF/XyG/CNF/AP)2

CNF/XyG  (Paper II) 

Permeable Permeable Partially 

Permeable 

-NA- 
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In the living plant cell wall, the pore size ranges from 3.5 to 5.2 nm, 

with much more reported variations.92 For biomolecules, protein with 

molecular weight of up to 60 kDa can permeate a substantial portion of the 

plant cell wall.36 In this context, the permeability of the microcapsules 

especially AP/CNF is almost similar with the limits reported in the primary 

cell wall. In the case of AP/CNF/XyG microcapsules, there was an altered 

permeability noticed, that could be attributed to the less amount of pectin, but 

also to the absence of citric acid/citrate, which was used to remove the CaCO3 

in the case of AP/CNF microcapsules and which then remained in these 

capsule wall in small quantities where it acted as a physical cross-linker. 93, 94 In 

the case of the AP/CNF/XyG microcapsules, EDTA was used to remove the 

CaCO3 template. Instead of EDTA, citric acid was also used for core removal in 

the AP/CNF/XyG capsules (results not published). In this case, the 

AP/CNF/XyG capsule wall was partially permeable to the 70 kDa FITC-

dextran in water.  

In real plant cells, pectin plays an important role in controlling the 

permeability through the primary plant cell wall32, and in addition there will 

be covalent cross-links present, e.g. via hemiacetal hydroxyl and –OH groups, 

or direct ester linkages.34, 95 

4.2.4 Switchable permeability of the microcapsule walls 

Varying the ionic strength of the surrounding medium changes the 

polymer chain conformations, which affects the permeability of molecules 

through the microcapsule walls.96, 97 By altering the permeability in this way, 

one can effectively permeate and trap such molecules inside the 

microcapsules, as well as release them. 
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As shown in Figure 13c, d and 14 a, the AP/CNF microcapsules are 

totally impermeable to 70 kDa FITC-dextran in water. However, the addition 

of salt (10 mM NaCl) affects this permeability (Figure 14b), thereby making 

the capsule walls permeable. By removing the added salt (by washing with 

water) the entered dextran molecules are trapped. The capsule is now loaded 

with 70 kDa FITC-dextran (Figure 14c). 

By adding salt again to the system, all the trapped content is released 

(Figure 14d), thus confirming the effect of salt-induced loading and release 

mechanism. The overall ON/OFF mechanism is shown in the schematic 

diagram in Figure 14.  

 

Figure  14. Switchable permeability of the microcapsules (AP/CNF)5/AP/XyG. CLSM images 
of the microcapsules in 70 kDa FITC-dextran a) in water (impermeable), b) in the presence of 
10 mM NaCl solution (permeation), c) washing with water -removal of salt (trapping) and d) 
again adding 10 mM NaCl solution (releasing). Scale in c) applies for all. Scheme (right panel) 
shows the entire loading/releasing mechanism. Adapted from Paper I. 
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Biological systems contain more salt than 10 mM NaCl,98, 99 the 

condition being detrimental for the loading of capsules. Thus, any trapped 

molecules will be released in a biological medium. To alter the responsiveness 

to salinity, the composition of the capsule wall needs to be changed, and this 

was achieved by decreasing the amount of pectin and increasing the amount 

of CNF and XyG in the capsule wall.   

Figure  15. Switchable permeability of the microcapsules. CLSM microscopic images of the 
microcapsules were exposed to 70 kDa (left column) and 2000 kDa FITC-dextran (middle 
column) a, d) in water (permeation), b, e) washed with 250 mM NaCl (trapping) and c, f) 
washed with water-removal of salt (releasing). Scheme (g-i) shows the entire 
loading/releasing mechanism. Scale in f) applies for a) to e). Adapted from paper II. 
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Figure 15 shows the switchable permeability of the (CNF/XyG/CNF/AP)2 

CNF/XyG microcapsule (CaCO3 removed with EDTA). These capsules are 

permeable for 70 kDa (Figure 15a) and partially permeable to 2000 kDa 

(Figure 15d) FITC-dextran in water, but trap the same molecules in the 

presence of high salt content (addition of 250 mM NaCl solution), see Figure 

15b and e. Subsequent removal of salt (by washing with water) releases the 

entrapped molecules completely from the interior of the microcapsules (Figure 

15c, f).  

The size and shape of these microcapsules were not affected during 

these switching properties (Figure 14 and 15). These processes were reversible 

and could be repeated at least more than twice, with the same capsules. 

4.3 Synthetic plant cell-like microcapsules 

By using LbL fabrication technique, bio-mimicking plant cell wall-like 

capsules with primary cell wall components were successfully prepared 

(Paper I and II). The next step is to introduce cell membrane-like lipid layers 

between the inner water core and capsule wall. Successful incorporation of 

lipids and cell wall polysaccharides into the same capsules can enable it to act 

as a synthetic plant cell model. The cell membrane in living parenchyma cells 

(mainly consisting of phospholipids) and the permeability is mainly controlled 

by the membrane protein channels.33, 37 On the other hand; protocells 

(primitive cell models) are highly permeable, composed only of simple fatty 

acids. Transition from such a primitive protocell to a modern cell membrane 

possibly traversed through stages, which could be moderately permeable, 

containing both fatty acids and phospholipids.100 To produce a continuous 
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CNF layer on top of pure phospholipid-based liposomes is, however, hard to 

accomplish, because liposomes tend to be very fragile. Hence, a mixture of OA 

and phospholipids were used in combination with a modified fabrication 

protocol. A schematic representation of this preparation method is shown in 

Figure 8. 

4.3.1 Microcapsules with oleic acid/ oleate cores 

 First, the self-assembly of OA/oleate and the polysaccharides was 

studied to understand how the phase behaviour of OA could be exploited to 

make artificial plant cells. 

Figure  16. Preparation of microcapsules with OA/ oleate core. a) Light microscopic images of 
the different stages in the microcapsules preparation: before chloroform evaporation, after 
chloroform evaporation, at pH 2.0 and at pH 6.5. Scale bars-50µm. b) corresponding size 
distribution, c) schematic representation of the microcapsules formation and d) cross section 
of the final capsule. Green- pectin, brown- CNF, yellow- lipid and blue- water. Adapted from 
paper III. 
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Figure 16 shows the different stages in the formation of the microcapsules. 

Droplets of OA in chloroform were stabilized at the O/W interface by CNF and 

the produced droplet size was 39 ± 15 µm (Figure 16a).  

After pectin adsorption followed by chloroform evaporation, the 

obtained capsules look irregular and appeared as collapsed structures (Figure 

16a-after evaporation). Upon reduction of pH to 2.0, they regain their 

spherical shape (Figure 16a- at pH 2.0). The shape and structure remained 

unaltered by rising the pH again close to neutral (Figure 16a- at pH 6.5). The 

size distribution is shown in Figure 16b and the overall process is shown 

schematically in Figure 16c. These results show that 1) the lipids were well 

retained within the CNF/pectin shell at all pH throughout the different 

processing steps and 2) the CNF/pectin capsule wall is flexible and capsule 

attained a crumpled to spherical morphology. 

4.3.2 Morphology of the OA microcapsules 

The nature of the microcapsules’ core and wall was studied using 

CLSM and light microscope respectively. The presence of oil and water were 

confirmed by fluorophore Rh-6G that has higher solubility in the oil phase, 

and SR-101, that is water soluble. Rh-6G clearly shows the distribution of the 

OA inside the microcapsules (Figure 17a); likewise SR-101 shows the aqueous 

regions (Figure 17b).  

The observed Maltese crosses formation (Paper III) in the 

microcapsules’ periphery shows the presence of organized lipids (oleate and 

OA).101 The microcapsules were emptied from the inner lipid content, using 0.1 

M NaOH (Paper III- SI), to reveal the encasing CNF/pectin capsule wall. The 

capsule wall was stained with cellulose- specific Calcofluor-white stain102 for 
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improved visualization (Figure 17c). During the quick release of core content, 

the microcapsule wall occasionally bursts, and the generated cavities are seen 

clearly (Figure 17c arrow). 

4.3.3 Microcapsules with oleic acid/ oleate/ phospholipids (Plantosomes) 

Real plant cells contain water filled cytoplasm and a thin phospholipid 

cell membrane beneath the cell wall.37 The oleic acid microcapsules mainly 

contain lipid in the core (Figure 17). To overcome the issue, a little amount of 

phospholipids was included along with OA. A mixer of phospholipids (POPE 

Figure  17. Properties of the microcapsules. CLSM fluorescence images of the microcapsules 
a) exposed to Rh-6G, b) SR-101. Insert shows the intensity line profile corresponding to the 
dotted lines. Scale-20 µm and c) Light microscopic image of the emptied microcapsules 
stained with Calcofluor-white stain. Arrow shows the burst cavities. Scale: a) to c) 50 µm. 
Adapted from paper III. 
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and POPC-1: 5mol ratio) was included and CNF stabilized droplets with larger 

water cores was achieved.  

After chloroform evaporation, the larger water core microcapsules were 

called “plantosomes” (Figure 18a- black arrow); however, microcapsules 

completely filled with lipids were also obtained (Figure 18a- white arrow). 

POM microscopic image clearly shows the organization of the lipids (Figure 

18a insert) in the lipid phase. The distribution of the different constituents of 

the microcapsules is schematically shown in Figure 18b. SR-101 permeates 

Figure 18. Structure and properties of the plantosome. Light microscopic image of the a) 
plantosomes (water core microcapsules) -black arrow and microcapsules devoid of water in 
the interior-white arrow. Insert in a) showing the organization of lipids in a plantosome 
(POM image), b) Schematic representation of the cross-section of a plantosome and c, d) 
CLSM images of plantosome exposed to SR-101 and 4 kDa FITC-dextran respectively. In d) 
the lipid phase contains Rh-DOPE (red). Scales: 20µm (a) and 10 µm ( insert in a), c-d). 
Adapted from paper III. 
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through the plantosomes’ wall (Figure 18c) and clearly shows the presence of 

larger water core (red) and thin layer of lipid phase (black appearance). Some 

lipid filled microcapsules with small water core also can be seen in the same 

figure. To follow the lipids and phase behavior, fluorescently labelled RhB-

DOPE was used and the CLSM images (Figure 18d- red) show the location of 

the lipids in the plantosomes. Though the FITC-dextran (4 kDa) is water 

soluble it is not able to permeate through the capsule wall and lipid layers 

(Figure 18d). By comparing Figure 18c and 18d one can conclude the capsule 

wall is permeable to only small molecules, larger molecules was blocked (4 

kDa FITC- dextran, hydrodynamic diameter- 2.8 nm), indicating that they are 

semi-permeable. 

4.3.4 Manipulation of the Plantosomes 

Real plant cell contain many types of organelles. These organelles are 

nano meter in size, contain water core and their own lipid membrane.18, 34  

To achieve a vesicle crowded interior in plantosomes, the pH- 

dependent phase behavior of the lipid (OA/phospholipids) was utilized. OA at 

low pH (5.8 to 5.9 - after evaporation pH) is predominantly protonated. 

Gradually increasing the pH (in the presence of ammonium acetate) 

deprotonates and aid OA/Phospholipid to self- assemble into vesicle 

structures. 103, 104 The overall transformation of a single plantosome at different 

pH is shown in Figure 19a-f and final structure is illustrated schematically in 

Figure 19g. The formation of vesicles in the present medium (but in the 

absence of the CNF/pectin) was confirmed with Cryo-TEM (Figure 20).  

Ammonium acetate is highly permeable through the lipid membrane 

and allows water to diffuse through the membrane.105 The change in the 
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interior pressure is due to the formation of vesicles in the interior of the 

plantosomes. vesicles are formed above pH 8.0 104 (Figure 19e) and the 

plantosomes reach maximum swollen stage at around pH 8.6. The plantosome, 

in Figure 19 a-f, increased ~29% in radius.  

By comparison, the lipid filled microcapsules’ (Paper III) average size 

increase was 68 ± 8%. This is due to the presence of more lipids in the core 

consequently formation of more vesicles at the final pH. Figure 19, clearly 

shows the flexibility and structural integrity of the microcapsule wall, where 

the reinforcing cellulosic network plays an important role. The strong encasing 

capsule wall was able to withstand the pressure produced by the formed 

Figure 19. Effect of pH-Formation of vesicles inside plantosomes. CLSM images of the 
plantosomes at 100 mM NaCl solution, b) 190 mM ammonium acetate solution, pH 6.5, c) at 
pH 8.0, d) at pH 8.3, e) at pH 8.6 and f) after one hour at pH 8.6.The vesicle formation is 
schematically represented in g). Scale: a) to f) 10 µm. Adapted from paper III. 
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vesicles, taking on a similar role to that of plant cell wall in real plant cells.32, 106 

At this stage/pH, we refer to the expanded structures as “expanded 

plantosomes”, irrespective of their origin (plantosomes or lipid filled 

microcapsules).  

To release the excess pressure, from the overcrowded expanded 

plantosome surface, vesicles were released as tubular protrusion (Figure 21a-

d). These protrusions remain attached throughout the experiment period. In 

most case, the protrusion appeared all around the microcapsules (Figure 21 a, 

b), sometimes forming few very long protrusion (Figure 21 c, d white arrow). 

The expanded plantosomes formed from the lipid filled microcapsules (Figure 

18 white arrow) typically produce more protrusion than plantosomes.  

OA/oleate vesicles have previously been reported in literature to grow 

as thread-like structures prior to division into small vesicles again.105 However, 

Figure 20. Vesicles are formed in buffer. Cryo-TEM image of the formed vesicles without 
CNF/pectin at pH 8.6. The lipid mixture contains OA/oleate/POPC/Rh-DOPE in 0.2 M 
ammonium acetate + 100 mM NaCl. Adapted from paper III. 
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the same group observed that in the presence of 0.2 M ammonium acetate, the 

outermost membrane layers of a multilayer OA/oleate vesicle expands as a 

sphere (no protrusions).105 Here, we observe thread-like structures, in the 

presence of 0.2 M ammonium acetate and with the source for lipids being the 

interior of the microcapsules/plantosomes. 

We hypothesize that our tubular structures are due to the outer very 

strong restraining cage-like CNF/pectin wall, which only allows finite 

expansion and therefore the lipids have to escape through “holes” in the 

CNF/pectin wall. These tubular structures remind us of the tubular structure 

that form gaps in the plant cell walls and link cells together (plasmodesmata), 

Figure 21. Tubular lipid structure formation from expanded plantosomes. CLSM 
fluorescence and transmission images of a, b) tubular lipid structure formation all-around 
the expanded plantosomes and c, d) formation of very few, long lipid structures (arrow). 
Scale: a) to d) 10 µm. Adapted from paper III. 
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although the present tubular structures lack the inner desmotubule that found 

in plasmodesmata. The endoplasmic reticulum (ER) is an organelle consisting 

of a three-dimensional network of continuous tubules that exist beneath the 

plasma membrane, throughout the plant cytoplasm and also extends beyond 

the boundaries of individual cells.107-109 In real plant cells, microtubular 

structures take on the role of cell-to-cell communication (signalling) and 

transport of molecules across cells. Cell-to-cell communication is a critical 

aspect in the development of hierarchical plant structures.34 The microtubular 

structures in plants are mainly composed of phospholipids, but also other 

molecules (e.g. sterols) that influence their phase behavior.110  

In our case, we show that ‘’ lipid-framework’’ of tubular structures can 

be formed with fatty acids and a small amount of phospholipids, which is 

interesting considering that the first cells (protocells) were hypothesized to be 

composed of simple fatty acid molecules.100, 105 Plants cells evolved from algae 

and the evolutionary order include (reported in evolutionary order): cellulosic 

cell wall, multicellular body, cytokinetic phragmoplast, plasmodesmata, apical 

meristematic cell, apical cell proliferation (branching), three dimensional 

tissues, asymmetric cell division, cell specialization capacity, zygote retention, 

and placenta formation.111 

4.4 Application of the LbL microcapsules (glucose sensor) 

 In general, for applications pertaining to biosensing and use as 

microreactors, the microcapsules should be capable of entrapping the 

biomolecules (eg, enzymes) of interest, protected from contaminants and 

capable of freely allowing the desired substrates and products to pass through 
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the capsule wall.112 It should be noted that the permeability of the present 

capsules depends on the surrounding medium (Paper I, II and IV). Regarding 

the rate of permeability (through the capsule wall) for small molecules (FITC), 

the transit was very fast; for 70 and 2000 kDa FITC-dextran , it was 0.13 ± 0.04 

s-1 and 0.014 ± 0.009 s-1 respectively, as measured by fast fluorescence imaging 

in DPBS buffer (Paper IV).  

The higher transit rate minimizes the mass transport through the capsule wall 

which is important for sensing applications. The transit rate of 2000 kDa FITC-

dextran was one order of magnitude lower compared to that of 70 kDa FITC-

dextran and of the total molecules, only 51 ± 7 % permeated the capsule wall. 

Figure  22. a) Schematic representation of the experimental setup, b) Amperometric response 
of the microcapsules at different glucose concentration, c) measured current between 0.5-10 
mM glucose concentration and d) normalized current between 0.01 to 2 mM glucose 
concentration. Adapted from paper IV. 
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Along with these, porosity, semi-permeability, switchable permeability and 

stability in aqueous environment fulfill the requirements for biosensor 

applications. In paper IV, the GOx loaded microcapsules were used for 

continuous real-time glucose monitoring.  

As shown in Figure 22, the co-precipitated GOx microcapsules were 

prepared and different concentrations of glucose were measured successfully 

using the setup as shown in Figure 22a. The microcapsules were immobilized 

(after LbL, dispersed and dried, followed by core removal) inside the flow 

channel, and then different concentrations of glucose were pumped (washing 

with buffer in-between) at the rate of 60 µL min-1. The produced H2O2 was 

oxidized (O2 + 2H+ + 2e -) by screen printed carbon electrode and the current 

produced was recorded at room temperature113, 114. The data for 1 mM, 0.5 mM 

and 2mM glucose is show in Figure 22b with intermittent washing steps; the 

produced current values were 257, 133 and 440 nA, respectively.  

This clearly shows that the enzymes are active, producing current 

proportional to the concentration used. The washing step completely removes 

the glucose from the system and the current drops down to zero rapidly. The 

concentration ranging from 0.01 to 10 mM glucose was measured and it shows 

linearity between 0.01 to 2 mM glucose (Figure 22c and d). Though the 

reaction between glucose and GOx was rapid114, the current measurement 

system took quite long, about 7-9 min to reach 95 %. This was reduced to ~ 5 

min by immobilizing the capsules directly on the surface of the electrode 

(Figure 23a) and the produced current (Figure 23b) was almost 4 times higher 

when compared with the flow through system (Figure 22b) for the same 

glucose concentration. 
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 Interestingly, the microcapsules can be immobilized on different 

surfaces as shown in Figure 22a inside the channels, Figure 23a on the top of 

the electrode, Figure 23c and d on tip and along the side of the graphite rod, 

Figure 23c. In Figure 23 c, d the microcapsules were loaded with 2000 kDa 

FITC-dextran. 

For the sake of potential application in medical science, 115, 116 

biocompatibility of the microcapsules was examined by culturing HEK 293T 

cells (Paper II). The cells (Figure 24) were Calcein-Am live stained and the 

green fluorescence signal (after 3 days of culture) indicates that the cells were 

alive. The Figure 24 also clearly shows that the cells are growing in-between 

and top of the microcapsules. Cell-cell interaction also increased compared 

Figure  23. a) Schematic illustration of the experimental setup, b) Amperometric response of 
different glucose concentration, c, d) scheme and corresponding CLSM images of the 
microcapsules loaded with 2000 kDa FITC-dextran and immobilized along the side and on 
the tip of the graphite rod respectively. Scale: c) and d) 50 µm. Adapted from paper IV. 
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with the control cell (without microcapsules, Paper IV, SI). Even after three 

days of culture at 37 °C, the microcapsules’ structural stability remained 

unaltered (no microscopically visible damage observed), Figure 24 a, d.  

These results demonstrate the potential of the microcapsules in further 

cell-based applications such as microcapsule-based scaffolds for tissue 

engineering and single cell drug release studies.117-120 

 

Figure  24. CLSM images of (CNF/XyG/CNF/AP)2CNF/XyG microcapsules in the presence of 
HEK 293T cells after 3 days. The images show (a) SR-101 stained microcapsules, (b) Calcein-
Am stained cells, (c) overlapping (a, b). (d) microcapsules -trans channel, (e) Calcein-Am 
stained cells and (f) overlapping (d, e). Images (a–c) and (d–f) are low and high 
magnifications, respectively. Scale: a) to f) -50 µm. Adapted from paper II. 
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5. Conclusions 

Novel types of biomimetic microcontainers have been developed that 

are based on primary plant cell wall polysaccharides and lipids. In the first 

two studies (Paper I and II), the focus was on hollow microcapsule with plant 

polysaccharide shells only, and these were fabrication with the Layer-by-Layer 

technique. The first paper presents microcapsules, based on apple pectin and 

cationic CNF, with barrier properties almost similar to those pertaining to the 

primary cell wall in real parenchyma cells. Furthermore, the permeability 

properties can be switched by altering the salinity content of the surrounding 

media, which serves as an ON/OFF switch.  

In the second paper (Paper II), the composition of the capsule was 

altered to understand the role of the different components (CNF, XyG and 

Pectin) on the assembly, morphology and permeability properties. Both pectin 

and xyloglucan showed excellent adsorption with CNF and have no 

adsorption between them, and to include all three components in capsules 

wall, the components needed to be assembled in a specific order, CNF-AP-

CNF-XyG. The ratio between the different components played an important 

role on the final capsule wall thickness, morphology and permeability 

properties. Cell culture studies on the microcapsules demonstrate their 

biocompatibility and their possible applications in tissue engineering. 

In the third paper (Paper III) plantosomes were developed, using a 

modified fabrication protocol. The plantosomes consists of a CNF/pectin shell 
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surrounding a thin OA/oleate/phospholipid lipid layer, where the fatty acid 

was in excess compared to the phospholipids. In the interior, large water cores 

were present. The plantosomes were semi-permeable and structurally stable. 

The phase behaviour of the lipids was used to produce a vesicles-crowded 

interior within the microcapsules, i.e. microcapsules with multicompartments. 

The large number of vesicles, increased the internal microcapsule pressure, 

expanded the microcapsules and tubular vesicle growth was observed 

through the microcapsule wall. These tubular structures are an important 

prerequisite in the next step of achieving hierarchical networks of synthetic 

plants cells with intercellular communication. 

In the final paper (Paper IV), a bioreactor/biosensing application is 

demonstrated. An active glucose oxidase enzyme with high efficiency was 

loaded in LbL microcapsules, which were then immobilized inside a flow 

channel and glucose concentrations ranging from 0.01 to 10 mM were 

successfully measured. 
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6. Future outlook 

Plant cell mimicking microcapsules can aid in our understanding of 

plant cells at structural and functional levels. This is achieved in this thesis by 

the fabrication of microcapsules that resemble the architecture, behaviour and 

interaction of plant cell wall components. By including other components such 

as transmembrane proteins or lignin, the complexity can be increased and 

other functionalities and structure-property relationships can be better 

understood. The inclusion of lignin, in particular, would pave way for 

secondary cell wall mimetics.  

In addition, such synthetic plant cell can be exploited in different life 

science or technical applications, e.g. scaffold-based cell culture architectures 

that find use as nanoporous permeable matrices for efficient supply of 

nutrients. Similar to the glucose sensing applications demonstrated in this 

thesis, various functional elements like charged nanoparticles and other 

enzymes can be effectively incorporated into the structure of these 

microcapsules, both on the wall as well as inside the core. Finally, the 

tunability of permeability of these microcapsules can be exploited for their use 

as molecular sieves for selective biomolecular applications such as protein 

filtration, purification and size-selective separation. 

 

.
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ABSTRACT: Green, all-polysaccharide based microcapsules
with mechanically robust capsule walls and fast, stimuli-
triggered, and switchable permeability behavior show great
promise in applications based on selective and timed
permeability. Taking a cue from nature, the build-up and
composition of plant primary cell walls inspired the capsule
wall assembly, because the primary cell walls in plants exhibit
high mechanical properties despite being in a highly hydrated
state, primarily owing to cellulose microfibrils. The micro-
capsules (16 ± 4 μm in diameter) were fabricated using the
layer-by-layer technique on sacrificial CaCO3 templates, using plant polysaccharides (pectin, cellulose nanofibers, and xyloglucan)
only. In water, the capsule wall was permeable to labeled dextrans with a hydrodynamic diameter of ∼6.6 nm. Upon exposure to
NaCl, the porosity of the capsule wall quickly changed allowing larger molecules (∼12 nm) to permeate. However, the porosity
could be restored to its original state by removal of NaCl, by which permeants became trapped inside the capsule’s core. The
high integrity of cell wall was due to the CNF and the ON/OFF alteration of the permeability properties, and subsequent
loading/unloading of molecules, could be repeated several times with the same capsule demonstrating a robust microcontainer
with controllable permeability properties.

1. INTRODUCTION

Highly ordered structures, precisely functional at diverse levels,
are common features witnessed in nature.1 However, only in
recent years have materials been actively pursued that mimic
both structural and functional features of natural materials,
despite the many potentially superior properties of such
structures.2−4 One famous example of such an engineered
structure is a material with self-cleaning properties that
resemble those found naturally in lotus leaves;5 another
example is a soft actuator material that responds to humidity6

similar to the hygroscopically responsive opening and closing
mechanism of pine cones.7 Another very unique “natural”
material that is interesting from the aspect of material science
and controlled release is the plant cell. In particular, the cell
wall in the so-called parenchyma cells8 found in plants and
vegetables are interesting from an engineering point of view.
For example, despite being in a highly hydrated state (15−30%
solid material), the primary cells in plant cell walls still
withstand high turgor pressures during, for example, cell wall
expansions. This is accomplished by a combination of primarily
three polysaccharides, pectin, hemicellulose and cellulose in the
cell wall, where cellulose in the form of cellulose nanofibers

(CNF) are responsible for the outstanding mechanical
properties.8 Another reason is that plant cells potentially
make ideal delivery systems for colon-targeted drug delivery
upon oral administration.9 This is because the components of
the plant cell wall, in particular, pectin and hemicellulose, can
only be broken down by the action of the microbial community
present in the gut of humans.10 Cellulose-degrading micro-
organisms in humans are, however, yet to be proven and
constitute a relatively unexplored area that needs further
understanding.11 There is ongoing research on transgenic
plants, where the aim is to genetically modify plants enabling
them to produce antigens and therapeutic proteins in situ, for
example, for vaccine applications.9 In this case, the plant cell
structure will also serve as a container that could be used for
colon-targeted drug delivery in the gastrointestinal tract.
However, not all drug compounds can be naturally produced
in situ by plants; by producing synthetic plant-cell-like
microcapsules that can be loaded with any substances, it
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becomes possible to utilize the unique features of the plant cell
wall. It must be noted that capsules based on pectin12 or
hemicellulose13 have already been prepared for a variety of
applications. However, the many advantages of including CNF
in the capsule wall are yet to be explored. For example, in
addition to the expected improvements in mechanical perform-
ance,14 CNF could increase the storage stability for oxygen-
sensitive molecules,15 act as a barrier material to obtain
prolonged release16 and, as was recently demonstrated, to form
solid hierarchical closed-cell foam structures that are suitable
for prolonged drug delivery applications.17 However, capsules
based on CNF or even cellulose nanocrystals (CNC), have
been investigated in only a limited number of publications,
despite the many potential advantages.14,15,18,19 One of the
major obstacles is, perhaps, the challenges related to working
with CNF in liquids other than water. Microcapsules with
liquid-cores and nanocellulose reinforced capsule walls were
recently prepared as a proof-of-concept by Svagan et al.14,15

Capsules demonstrated significantly enhanced mechanical
properties in addition to excellent oxygen barrier properties
due to the presence of nanocellulose in the capsule wall.
However, a (toxic) monomer, that is not plant-based, was used
in the production of these capsules and the resulting capsule
walls were composed of a polyurea/urethane matrix. In a recent
study, Tsukruk et al.18 used polyethylenimine and CNC, which
are shorter than CNF and are only the crystalline segments of
CNF, to prepare highly porous microcapsules with open
network “haystack” shell morphology. The resulting cage-like
microcapsules possessed pH-triggered encapsulation and
release, but were only suitable for “huge” solid particles with
a diameter from 30 to 100 nm. Nonetheless, such capsules
demonstrated the capability of loading/unloading of a variety of
larger solid particles, that is unavailable in existing polymer
microcapsules, which only allow permeability of smaller
molecules (≪10 nm in diameter). In another study by Patil
et al.,19 microcapsules and films were prepared by the LbL
technique using chitosan and CNC. A poorly soluble drug
could be trapped in the microcapsule wall due to favorable
interactions between CNC and lipophilic drugs. In addition,
more water-soluble drugs could be loaded in the microcapsule’s
interior. However, release studies were only performed for the
multilayer films and never LbL capsules.
The aim of the present contribution is to prepare all-

polysaccharide-based microcapsules using the natural plant cell

wall polysaccharides, that is, pectin, xyloglucan (hemicellulose),
and cellulose, in the form of CNF, and demonstrate advantages
and the loading/release potential with such bioinspired
microcapsules. This is, to our knowledge, the first attempt to
build such a biomimetic capsule structure. Compared to
previously mentioned CNC-based microcapsules by Tsukruk et
al.,18 the focus is on preparing microcapsules with less porous
capsule walls. The microcapsules are built with the layer-by-
layer (LbL) method, owing to its simplicity, robustness,
versatility, and reproducibility.20−22 The build-up is investigated
by QCM-D, and the resulting microcapsule morphology is
analyzed with CLSM, SEM, and TEM, and the chemical
composition with FTIR and EDS. As the present microcapsules
could potentially be used for controlled release of medium-
sized molecules and nanoparticles, the permeability properties
are evaluated using labeled dextrans with different molecular
weights, in order to understand their selective encapsulation of
biocargos and also their potential for ion-triggered release
applications.23,24

2. EXPERIMENTAL SECTION
Materials. Pectin from apple (AP, 70−75% esterified), calcium

chloride dihydrate (CaCl2·2H2O), sodium carbonate (Na2CO3),
sodium chloride (NaCl), ethylenediaminetetraacetic acid (EDTA),
polyethylenimine (PEI)-branched, citric acid, bovine serum albumin
(BSA), fluorescein isothiocyanate (FITC), and FITC-dextran (average
molecular weight 20, 70, and 2000 kDa) were purchased from Sigma-
Aldrich (Sweden). Xyloglucan-amyloid (XyG) from tamarind seed was
purchased from Megazyme (Ireland). Epoxy embedding medium kit
was purchased from Fluka and μ-Slide VI0.1 was purchased from Ibidi
GmbH (Germany). Quaternary ammonium salt modified cationic
CNF was produced as described previously.25 The amount of cationic
groups introduced into the modified CNF was estimated by
conductometric measurements.26 SEM and atomic force microscopy
(AFM) images of the cationic CNF used in the present study is shown
in Figure S1. All materials were used without further purification.

Preparation of Solutions. CNF (0.05 wt %) and AP (0.1 wt %)
were prepared in 100 mM NaCl salt solution, stirred overnight at
room temperature (RT) and the pH was adjusted to 7.5 ± 0.2 with 1
M sodium hydroxide and 1 M hydrochloric acid. Then, AP was filtered
through 0.8 μm syringe filters (Sartorius AG, Germany), and CNF was
sonicated with Sonics Vibra-Cell, 80% amplitude, 750 W, 1/2″ tip for
60 s, and directly used. A 100 mM NaCl (pH 7.5 ± 0.2) salt solution
was used for intermittent rinsing steps. XyG 0.1 wt % was dissolved in
water and heated up to 90 °C for 2 h, followed by overnight stirring at
RT. For a study in water (without salt), both CNF and AP were

Figure 1. QCM-D results showing the net changes in the ΔF5 frequency (filled symbols) and the corresponding dissipation ΔD5 (empty symbols)
during LbL assembly in water, (a) for (AP/CNF)3AP/XyG and (b) comparing the first layer build-up in (a) to a layer build-up in the presence of salt
100 mM NaCl (dotted lines). The reported data are for the 5th overtone.
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prepared according to the procedure mentioned above in Milli-Q
water and the pH was adjusted to 5.5. Here, Milli-Q water was used for
intermittent rinsing steps.
Quartz Crystal Microbalance with Dissipation (QCM-D)

Measurements. The LbL assembly for AP, CNF, and XyG was
studied with QCM-D (Q-Sense, E4 model, Sweden) using Au-coated
quartz crystals. Prior to the start of experiments, the crystals were
washed several times with ethanol, Milli-Q water, and then dried with
nitrogen gas. The crystals were further cleaned as described
previously.27 All adsorption steps were carried out at 25 °C with a
constant flow rate of 100 μL/min. The first layer on top of the gold
sensor was always PEI, followed by AP and CNF in water (pH 5.5) or
salt solution (100 mM NaCl, pH 7.5 ± 2). Between each polymer
adsorption step, a rinsing step with Milli-Q water (when AP and CNF
in water were used) or salt solution (when AP and CNF in salt
solution were used) was introduced (100 μL/min) to remove excess
or weakly bound polymers, see Figure S2 in SI. One bilayer represents
the adsorption of one anionic (AP) and one cationic (CNF) layer with
an intermittent washing step. In some experiments, citric acid (50 mM
in water) was also added and its effect on cross-linking was studied.
The layer buildup process was followed by observing the changes in
the resonance frequency ΔF and dissipation ΔD, as well as the changes
in the corresponding fifth overtones ΔF5 and ΔD5. These changes are
associated with changes in wet mass (adsorption) and the viscoelastic
properties of the adsorbed layers, respectively. For each step, sufficient
time was allowed until a steady QCM-D signal was attained. The net
change in frequency (or dissipation) per assembly step, as plotted in
Figures 1, S3, and S7, were obtained by taking the difference in the
measured frequency (or dissipation) prior to the adsorption step of the
wet mass (AP, CNF, XyG, or citric acid) and at the end of the
subsequent rinsing step.
Preparation of CaCO3 Sacrificial Template (Microparticles).

CaCO3 microparticles were prepared according to the procedure
described elsewhere.28 In detail, an equal volume of aqueous solutions
of 1 M CaCl2 and 1 M Na2CO3 were mixed together under stirring
(300 rpm) for 60 s, and incubated for 30 min. After incubation, the
particles were collected by centrifugation (5000 rpm, 30 s), several
times washed with water, and dried at 80 °C for 2 h. Particles were
stored at RT in closed containers.
Microcapsule Preparation. The microcapsule fabrication method

is shown in Scheme 1. First, 25 mg of prepared CaCO3 microparticles
were dispersed in 100 mM NaCl solution (to equilibrate) and
sonicated in a similar manner, as described previously, but this time,
for 10 s with 50% amplitude to get rid of any aggregation, followed by
centrifuging at 5000 rpm for 30 s to collect the particles. Then, the
well-dispersed CaCO3 microparticles were incubated with 2 mL of AP
(containing 100 mM NaCl, pH 7.5 ± 0.2) for 10 min under constant
mixing, followed by washing thrice with 100 mM NaCl, pH 7.5 ± 0.2.
Subsequently, 2 mL of CNF (100 mM NaCl, pH 7.5 ± 0.2) was
added, incubated for 10 min followed by a washing step. The cycle was
repeated until (AP/CNF)5/AP was obtained. Then, CaCO3(AP/

CNF)5/AP particles were washed with water (now the particles in
water) and incubated with XyG (in water) for 1 h and thoroughly
washed with water to obtain CaCO3(AP/CNF)5/AP/XyG particles.
The LbL assembled particles were dispersed into microchambers (μ-
Slide VI0.1) and dried at 50 °C overnight. In order to obtain the hollow
microcapsules, the particles were then rehydrated with water for 10
min, and 50 mM citric acid in water was added and incubated for 3 h.
After citric acid treatment, the microcapsules were washed with water
and incubated in water for 1 h at RT, before further characterization.
For comparative studies and to understand the effect of NaCl,
microcapsules were also produced with the same procedure using
polymers dispersed in Milli-Q water.

Scanning Electron Microscopy (SEM). High resolution scanning
electron micrographs were taken by using a Hitachi SEM S-4800
(Japan) with an accelerating voltage of 1 kV. 0.05 wt % CNF in water
suspension was homogenized with an IKA T25 digital Ultra Turrax
(12000 rpm for 10 min) at RT and dried at 50 °C overnight. The thin
CNF film thus obtained was used for SEM imaging to study the
morphology details of the nanofiber. LbL assembled CaCO3 particles
were embedded in epoxy resin (according to the supplier’s protocol)
and microsectioned using RMC MT-XL ultramicrotome, (AP/
CNF)5AP/XyG microcapsules were air-dried at room temperature,
and the samples were Pt/Pd (60/40) sputtered for 60 s at a current of
80 mA using a Cressington 208HR sputter coater prior to imaging.

Energy-Dispersive X-ray Spectroscopy (EDS). EDS analysis of
the LbL assemblies before and after removal of the sacrificial CaCO3

templates was performed by using the X-MaxN 80 Silicon Drift
Detector (SDD) from Oxford Instruments (U.S.A.) attached to the
Hitachi SEM S-4800. To excite the Lα and Kα characteristic energy
lines of Ca, respectively, corresponding to 0.3413 and 3.6905 keV, the
accelerating voltage of 7.5 kV was used for the EDS analysis.

Atomic Force Microscopy (AFM). AFM images were obtained
using Bruker NanoScope V (U.S.A.). Cleaned, plasma-activated silica
substrate was immersed in 0.0025 wt % CNF in water for a minute and
completely dried with nitrogen before imaging. The thickness of the
cellulose nanofibers was attained from height measurements (average
of 107 measurements).

Transmission Electron Microscopy (TEM). High magnification
transmission electron micrographs of the (AP/CNF)5AP/XyG
microcapsules were acquired using a Hitachi HT7700 TEM (Japan)
at an accelerating voltage of 100 kV in high-contrast mode. The
microcapsules were deposited onto 200 mesh Formvar/Carbon TEM
grids (Ted Pella, 01800-F) and thoroughly air-dried prior to imaging.

Dynamic Light Scattering (DLS). Effect of different NaCl
concentrations (10, 50, and 100 mM) on the hydrodynamic size of
CNF, AP, and FITC-dextran were studied using Malvern Zetasizer
Nano at 25 °C. FITC-dextran dissolved in water, CNF suspension, and
AP solutions were prepared according to the procedure mentioned
above in water. The final concentration of CNF, AP, and FITC-

Scheme 1. Schematic Preparation of Layer-by-Layer (AP/CNF)5AP/XyG Microcapsules Using Sacrificial CaCO3
Microparticlesa

a(a) CaCO3 microparticles preparation, (b) LbL assembly onto the CaCO3 microparticles’ surfaces, followed by (c) the resulting hollow
microcapsules.
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dextran solutions were 0.025 wt %, 0.05 wt %, and 1 mg/mL,
respectively.
Confocal Laser Scanning Microscopy (CLSM). The morphol-

ogy, stability, and permeability of the prepared microcapsules were
studied with CLSM. Confocal images of the microcapsules were
acquired with LSM-510 UV−vis equipped with 63× 1.2 water
immersion objectives (Zeiss, Germany). The microcapsule’s structural
morphology was studied by adding rhodamine 6G and FITC.
Excitation/emission wavelengths were 530/566 and 488/515 nm,
respectively. The permeability studies were performed by exposing
microcapsules to 1 mg/mL FITC-BSA and FITC-Dextrans (20, 70,
and 2000 kDa) in water or 10 mM NaCl solution.
Fourier Transform Infrared Spectroscopy (FTIR) Measure-

ments. FTIR measurements of cationic modified CNF, AP, (AP/
CNF)5AP/XyG microcapsules and citric acid were carried out on
PerkinElmer, Spectrum 2000. The absorbance spectra were collected
in the range of 4000−600 cm−1 at RT. CNF and AP in water were
prepared according to the procedure mentioned above, then poured in
a Petri dish and dried at 50 °C. After drying, thin films of CNF and AP
were obtained and FTIR measurements were carried out. (AP/
CNF)5AP/XyG microcapsules (core removed with citric acid and
thoroughly washed with water) were freeze-dried and also further
dried at 30 °C in a vacuum oven prior to measurements.

3. RESULTS AND DISCUSSION

In the primary plant cells, the cellulose microfibrils provide the
rigid scaffolding of the cell wall.8 The microfibril network is
stabilized with cellulose binding hemicelluloses and structural
proteins, and pectin is present as the matrix material,
determining porosity and wall thickness.8 A recent study
showed that when pectin is removed from the primary cell wall,
a highly porous network of cellulose microfibrils becomes
distinctly visible, thus highlighting the importance of pectin not
only in cell wall architecture, but also for controlled
permeability.29 In order to better understand the multilayer
buildup possibilities in situ, QCM-D studies were performed.
To attain multilayers and capsules with a primary-cell-wall-like
architecture, commercially available plant cell wall polymers
(AP, CNF, and XyG) were exploited in the build-up.
3.1. QCM-D Study of Buildup of the Multilayer. In the

present study, the CNF used in the multilayer build-up was
modified to possess cationic groups (quaternary ammonium
functionalization) in order to aid electrostatic interactions with
the anionic AP during LbL assembly. The total charged group
of the modified CNF was estimated to be 1.17 mmol g−1. The
fibers were uniform and possessed a high aspect ratio, with a
thickness of 2.5 ± 0.8 nm and length of more than a
micrometer, assessed from AFM (Figure S1 in the Supporting
Information). The net change in resonance frequency ΔF5 as
well as dissipation ΔD5 for the fifth overtone as a function of
the number of layers (AP or CNF) adsorbed are shown in
Figure 1. The overall change in ΔF5 and ΔD5 for each step
(including rinsing) is given in the Supporting Information
(Figure S2). The resonance frequency decreased for every
adsorption step (Figure 1a, filled symbols) from around
ΔF5(1bL) = −56 Hz for the first bilayer to ΔF5(2bL) =
−124 Hz and ΔF5(3bL) = −229 Hz, for second and third bLs,
respectively. The observed decline in the resonance frequency
confirms that AP and CNF had been successfully adsorbed and
that an LbL film can successfully be built with this method. In
addition, the adsorption increased for the third bL compared to
the second bL; the difference in the frequency shift for the third
bL (ΔF5(3bL) − ΔF5(2bL)) is almost twice that of the second
bL (ΔF5(2bL) − ΔF5(1bL)), that is, −105 and −68 Hz,
respectively. This can also be compared to the even smaller

adsorption that occurred during the first bL step, that is, −56
Hz (ΔF5(1bL)).
The last layer adsorbed in the multilayer film was a

commercially available XyG. Previous studies have shown that
XyG is a natural cross-linker that has an inherent tendency to
bind to CNF in a noncovalent manner.8,30 Therefore, in the
present study, an attempt was first made to build the multilayer
using XyG in-between the CNF and pectin layers to form
CNF-XyG-AP-XyG-CNF layers, similar to the assembly
proposed in some models of the primary cell wall where
hemicellulose cross-links the cellulose microfibrils forming an
interconnected network.8 However, when XyG was included as
a layer on top of CNF (to obtain CNF-XyG), pectin could not
successfully be included into the multilayer structure (see
results in Figure S3 in the Supporting Information (SI)).
Therefore, XyG was only added as the last layer where it could
potentially aid in cross-linking of the overall multilayer
structure. The XyG deposition step at the end, was however
very small (ΔF5= −5 Hz). Indeed, the binding of pectin and
xyloglucan onto CNF has previously been reported to occur in
a competitive manner, where xyloglucan has a high affinity for
cellulose whereas, the pectin−cellulose interaction is weaker.30

Our QCM-D results are in line with this claim. In addition,
xyloglucan has previously been reported to bind to pectin via
both covalent and noncovalent bonds,8 but noncovalent
interactions were not established herein, and the possibility of
covalent bonding between pectin and XyG is highly unlikely
under the currently available fabrication protocol.8,30

ΔD5 increased as a function of bilayers, which was expected
and due to the viscoelastic properties of the multilayer in water,
see Figure 1a (empty symbols). The dissipation increased from
12 to 37, 84, and 107 × 10−6 for first, second, third, and final
AP adsorption.
The effect of salt concentration on the build-up was also

studied; see Figure 1b. When high salt concentrations were
used, the deposited bLs became thicker.31,32 From a processing
point of view, increasing the ionic strength is attractive as it
enables a faster assembly protocol using less number of bLs. At
100 mM NaCl (pH 7.5), the magnitude of the frequency shift
was observed (|ΔF5|) when compared to aqueous experiments
(Figure 1b). Indeed, the attained frequency shift using 3bL of
AP/CNF adsorption under aqueous conditions is comparable
to the frequency shift obtained after only 1bL (AP/CNF)1 in
the presence of 100 mM NaCl (pH 7.5), see Figure 1b, where a
comparison is given between the frequency shift in water and
salt after 1bL (AP\CNF)1. Similarly, an almost 5.5× larger shift
in ΔD5 (1bL) was observed in the presence of NaCl, see Figure
1b. The salt screens electrostatic repulsions between polymers,
which in turn enhances the amount of polymer or nanofibers
that gets adsorbed. In the case of CNF, salt will promote van
der Waals interaction and cause aggregation, which will give
thicker deposition of CNF − this has also been previously
observed.33,34 Based on the QCM-D results presented above,
the microcapsules were built in the presence of salt in order to
achieve a more rapid growth of the multilayer thickness.

3.2. Build-up of Multilayers on CaCO3 Particles. To
prepare LbL microcapsules, AP and CNF were adsorbed on top
of sacrificial CaCO3 microparticles. In the presence of salt,
more than 5bL resulted in considerable aggregation between
the coated particles. Therefore, in order to avoid aggregation
and to obtain well-dispersed microcapsules and successful LbL
assembly around the particles, the LbL build-up did not include
more than 5bL. Even 3bL was more than sufficient to get
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mechanically stable microcapsules (Figure S5a,b). However,
5bL was chosen in order to obtain a thicker capsule wall with
desired permeability. As a comparison, when the LbL assembly
was carried out in water, even more aggregation was observed
(from 2bL; Figure S5c). This is explained by the fact that in
water, the AP molecules and nanofibers will have a greater
tendency to bridge between particles, as a consequence of the
higher polymer (nanofiber) charge. Considering all these
factors, the microcapsules were, hence, preferably prepared in
the presence of salt.
The sacrificial CaCO3 templates of the LbL assembly were

removed using citric acid because it was found to be the most
appropriate solvent for core removal, when compared to EDTA
and HCl (data not shown). When CaCO3 is dissolved at a low
pH, among other products, Ca2+ are formed. These Ca2+ ions,
along with citric acid, could potentially cross-link (physical or
covalent cross-links) the formed microcapsule wall. However,
EDS measurements (Figure S6a) clearly indicated that there
was no calcium present in the microcapsule wall after core
removal. This could be explained by very weak Ca2+ interaction
with pectin, presumably due to its high degree of
esterification.35 In contrast, in plants, the calcium ions bind
with pectin, altering the integrity of the cell wall, and the entire
process is well controlled by Ca2+ channels.8

On the contrary, QCM-D results showed that citric acid
acted as a cross-linker in a formed multilayer film, see Figure
S7. By subjecting the (AP/CNF)2AP/XyG multilayer to citric
acid, a net decrease in both ΔF5 and ΔD5 were observed
showing that (1) citric acid has been adsorbed into the
multilayer structure and (2) the formed multilayer was less
viscoelastic after citric acid treatment (due to cross-linking).
Additional proof of the cross-linking properties of citric acid
was attained from permeability studies on the multilayer
capsules where core-removal was performed using HCl; in the
HCl case, the attained capsules had a much more permeable
capsule wall compared to capsules where citric acid had been
used.
3.3. Chemical Composition of the Microcapsule Wall.

In addition to core-removal, citric acid has previously been used
to cross-link CNF and pectin via ester bonds, and thus, there
was a need to understand if such covalent bonds are present in
the walls of our microcapsules after core-removal. For AP, the
high intensity band at 1736 cm−1 and low intensity band at
1604 cm−1 corresponding to (CO) ester carbonyl group
stretching and (COO−) carboxylate ion stretching bands,
respectively, confirmed its highly methylated form, see Figure 2
(green).36 The cationic modification on cellulose fibrils was
verified by the absorbance bands at 1473 cm−1 which
corresponds to trimethylammonium group, along with the
C−N stretching at 1417 cm−1.25 The intensity of the band at
1640 cm−1 for the CNF was assigned to the adsorbed water
(Figure 2, blue).25 Since xyloglucan backbone resembles that of
cellulose and is present in a very small amount in the
microcapsules wall, it is difficult to distinguish them using
FTIR. The spectra for the (AP/CNF)5AP/XyG microcapsule
after core removal with citric acid was also included in Figure 2
(red). The characteristic bands of AP and CNF’s confirm the
presence of both polysaccharides in the microcapsule wall of
microcapsules.
Since the bands from esterified carboxyl groups prevalent in

AP (1736 cm−1) and the potentially new CO in the ester
bonds resulting from the cross-linking of CNF and/or AP
(∼1730 cm−1) with citric acid should be found in the same

region, it becomes challenging to resolve these two peaks to
evoke the evidence for successful covalent cross-linking with
citric acid.37,38 Indeed, previous studies on covalent cross-
linking of polysaccharides using citric acid reported a higher
reaction temperature (e.g., above 70 °C) than what was used in
the present study (RT).39 Nonetheless, the band at 1599 cm−1,
due to antisymmetric stretching of COO− groups in citrate (the
ionic form of citric acid),40 and also the shift in the band at
1736 cm−1 (CO in pectin, compare green curve for AP) to
1740 cm−1 (perhaps due to overlapping bands of CO in
citric acid and pectin) due to ester carbonyl group stretching,
are believed to come from citrate and citric acid present in the
microcapsule wall. Note that the samples were thoroughly
washed with water prior to measurements, so excess citric acid
should have been removed. The presence of citrate/citric acid is
in line with previous QCM-D results, which also clearly
demonstrated the cross-linking properties of citric acid. Based
on the FTIR and QCM-D results, it becomes evident that the
citric acid/citrate is present in the capsule wall, where it
predominantly acts as a physical cross-linker of the multilayer
walls.

3.4. Morphology of the AP/CNF Microcapsules. The
morphology of the resulting microcapsules was studied to gain
insight into structural aspects of the microcapsule wall. The
uncoated CaCO3 microparticles, measuring 16 ± 4 μm before
LbL assembly, are shown in Figure 3a. The surface morphology
of the spherical template particles (Figure 3a, inset) provided
an increased surface area, which was potentially advantageous
herein, as it has previously been shown to increase the amount
of polymer adsorbed.28

SEM imaging of a typical CaCO3 (AP/CNF)5AP/XyG
microparticles features are seen in Figure 3b,c. The images
show a uniform LbL coating, covering the CaCO3 template.
Moreover, the nanofibrous features of the capsules wall in
Figure 3c are distinctly visible. The thickness of the multilayer
capsule wall (5bLs) was in the order of ∼60 nm assessed from
SEM (Figure 3c). Complete core removal resulted in hollow
microcapsule structures (Figure 3d,e). Upon drying, these
hollow microcapsules collapsed, exhibiting the formation of
typical random wrinkles. The size and shape of the obtained
microcapsules correlate with that of the starting sacrificial

Figure 2. FTIR spectra of AP (green), cationic modified CNF (blue),
(AP/CNF)5AP/XyG microcapsules after the CaCO3 particle core has
been removed with citric acid (red) and only citric acid (dark blue).
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template particles (compare Figure 3a and 3d), showing that
the microcapsules did not shrink or swell after core-removal,
likely due to the mechanical stability provided by the CNF
network. The high magnification image in 3f clearly shows the
fine details of the AP/CNF coating from an opened capsule; a
randomly organized network of CNF with pectin molecules
present in-between. Along the fractured edge of the capsule
wall in 3f, individual fibrils can be seen sticking out (similar to
fiber pull-out in a traditional fiber reinforced polymer),
suggesting that the very strong individual fibrils were not
damaged by the manufacturing procedure as they would
otherwise fracture at the same interface as the AP. No visual
pores were noticeable from SEM and TEM micrographs.
However, SEM and TEM imaging was performed on dry
capsules and upon hydration pore-formation in the capsule wall
cannot be excluded as polysaccharide based materials are
known to swell significantly when going from the dry to the wet
state;17 note that the permeability testing in the next section is
performed on capsules in the wet state.
3.5. Permeability of the AP/CNF Microcapsules.

Knowledge about the permeability of the present microcapsules
wall becomes essential in order to evaluate their potential for
different purposes, for example, selective permeability or
controlled release applications. Permeability in multilayer

microcapsules in water was primarily studied using CLSM
and molecules of known size, namely, dextran labeled with
FITC (average molecular weights of 20 and 70 kDa). These 20
and 70 kDa FITC-dextran molecules possess a hydrodynamic
diameter of ∼6.6 and 12 nm, respectively (values from
suppliers). The microcapsule wall is partially open to 20 kDa
FITC-dextran, as shown in Figure 4a (fluorescent intensity is

lower inside than outside of the microcapsules, see Figure 4b,
inset), but totally impermeable to the higher molecular weight
70 kDa FITC-dextran, see Figure 4c (the fluorescent intensity
is nearly zero inside the microcapsules and maximum in the
media outside of the microcapsules, see Figure 4c, inset). The
corresponding transmission images (Figure 4b,d) show the
stable, spherical, and hollow nature of the microcapsules.
Previous reports suggest that proteins of molecular weight up

to 60 kDa can permeate a substantial portion of the primary cell
wall in plants, that is, the primary cell wall devoid of the plasma
membrane.41 Hence, protein permeability in the current system
was also investigated using a model protein close to the
reported molecular limits, namely, BSA labeled with FITC. BSA
is a negatively charged protein having molecular weight of 66.5
kDa and hydrodynamic diameter of ∼8 nm (from supplier’s

Figure 3. SEM images of (a) spherical CaCO3 microparticles. The
inset: details of the CaCO3 surface. (b) Cross section of CaCO3 (AP/
CNF)5AP/XyG microparticles, and (c) is a higher magnification of
(b). The red arrow points to surface morphology of CaCO3
microparticles. The white arrows point to the AP/CNF multilayer.
(d) SEM image and (e) TEM image of (AP/CNF)5AP/XyG
microcapsules after core removal. In (f), a high magnification image
of a single capsule wall (from an opened capsule) presented in (e) is
given.

Figure 4. CLSM fluorescent (a, c, e) and transmission (b, d, f) images
of microcapsules in the presence of 20 kDa FITC-dextran (a, b), 70
kDa FITC-dextran (c, d), and FITC-BSA (e, f), all 1 mg/mL in water.
The fluorescence intensity of the microcapsules (dotted lines in a, c,
and e) as a function of length are shown as insets in b, d, and f. The
scale bars are 20 μm.
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information). Indeed, the present microcapsule walls were also
impermeable to FITC-BSA molecules, see Figure 4e,f.
Interestingly, reports pertaining to the permeability limits in
living plant cell wall sizes, studied by various methods such as
gel filtration,41 florescent labeled nanoparticles,29 show that the
limiting diameter of pores in the living plant cell walls range
from 3.5 to 5.2 nm,42 and recent studies suggest much more
variation in the pore size.29 Strikingly, the permeability of the
prepared microcapsules herein almost matches those present in
the primary cell wall of plant cells. Potential changes in
permeability of microcapsule wall with time were also examined
by incubating the microcapsules with 70 kDa FITC-dextran in
water for more than 24 h. Indeed, the microcapsules are
impermeable to 70 kDa FITC-Dextran even after 24 h in water
(Figure S8). The same trend was also observed for FITC-BSA.
These experiments show that the integrity of the microcapsule
wall remains unaltered even after prolonged incubation in water
at ambient conditions.
Another interesting aspect with the present microcapsules is

that although they contained pectin, the pectin does not seem
to be dissolved in pH-conditions close to neutral (experiments
in Figures 4 and S8), as indicated by the low permeability and
maintained integrity of the microcapsule walls. It is known from
literature that pure pectin hydrogel particles are prone to
dissolve at pH close to neutral and typically need to be cross-
linked.43 In addition, pure pectin films that are covalently cross-
linked by citric acid have also shown to be physically unstable;
highly citric acid cross-linked pectin films (covalent bonds) lose
approximately 40 wt % of their total weight, upon
rehydration.38 Thus, in the present system, the percolating
CNF network present in the microcapsule wall (see previous
SEM and TEM results (Figure 3b−f)), is likely to play an
important role in maintaining the microcapsule wall integrity.

The ionic strength has previously been shown to alter the
hydrodynamic size of polysaccharides, and thus the effect of salt
on the permeability was also investigated. The present
microcapsule walls consist of a percolating network of CNF,
where the pectin is filling out the space in between nanofibers,
see TEM images. The Stokes radius of pectin is known to
decrease in the presence of NaCl,44 and this was also supported
by DLS experiments in the present study, see Figure S4 in the
Supporting Information, and thus, a decrease in hydrodynamic
size of the pectin might create pores between the CNF in the
microcapsule wall. In addition, NaCl is also known to screen
electrostatic interactions between charged molecules/polysac-
charides, which should both promote nonionic interactions
(e.g., attractive interactions such as van der Waals and hydrogen
bonding in the case of nanofiber-nanofiber interactions)33

between equally charged molecules, which might decrease
porosity. At the same time, NaCl is shown to disrupt
electrostatic interactions between oppositely charged molecules
(e.g., pectin and CNF), which might increase the porosity of
the capsule wall. In order to assess the net effect of these
collective mechanisms on the pore size in the microcapsule
walls, the permeability was studied in the presence of NaCl,
using 70 kDa FITC-dextran as the permeating molecule. The
hydrodynamic size of the 70 kDa FITC-dextran was not altered
in the presence of NaCl when compared to water, as shown by
DLS measurements in Figure S9 in the Supporting Information.
To begin with, the microcapsules were completely impermeable
to 70 kDa FITC-dextran in water (Milli-Q; Figures 4c and 5a)
but became almost instantaneously permeable in the presence
of 10 mM NaCl (Figure 5b). In other words, salt most likely
induced pore-formation in the microcapsule wall, that
effectively contributed to such an altered permeability in the
system.45 However, after removal of salt and washing with

Figure 5. CLSM images of microcapsules (left) in 70 kDa FITC-dextran in water (a), in the presence of 10 mM NaCl salt solution (b), removal of
the salt/washing with water (c), and again, adding salt/washing with salt (d). Inset in d shows the comparison of fluorescence intensity of the
microcapsules dotted in (a) and (c). The scale bars are 20 μm. (right) Schematic representation of ON/OFF mechanism. (a) Impermeable
microcapsule wall, (b) opening in the presence of salt, (c) closing the microcapsules wall after the removal of salt, and (d) release of entrapped
macromolecules from the capsule.
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water, the FITC-dextran became trapped inside the micro-
capsules (Figure 5c). The trapped FITC-dextran could be
released again by adding salt (Figure 5d). The fluorescence
intensity profile in the inset Figure 5d clearly shows the high
loading capacity in comparison with the bulk. In other words,
when salt is removed from the system, the reverse effect was
noticed to that when salt was introduced, that is, a closure of
pores. This process was highly reversible and could be repeated
for more than two cycles, demonstrating that the integrity of
the original microcapsule wall can be retained to some extent,
see Figure S10 for details. One cycle of the entire loading/
unloading process is also schematically summarized in Figure 5
(right). Note that to complete one cycle, capsules have to be
closed (OFF) and opened (ON) two times. Interestingly, no
swelling or shrinkage of the overall capsule diameter was
observed, even though the inherent wall components, namely,
CNF and AP, showed a change in size. The unaltered size of
the microcapsules, that is, the retained integrity, could
potentially be due to the reinforcing properties of CNF
network.
The change in salt concentration serves as an elegant ON/

OFF switch for controlling the movement of molecules in/out
of such microcapsules and could be used to aid the postloading
processes of various biomolecules with specific molecular
features. To test this, the salt-based ON/OFF mechanism was
also applied for loading the protein FITC-BSA, see Figure 6.

The result in Figure 6c shows that FITC-BSA could
successfully be loaded in the interior of the multilayer
microcapsules. The content was again released in the presence
of salt, see Figure 6d.
Furthermore, a FITC-dextran (2000 kDa) possessing a

hydrodynamic diameter ∼54 nm was not able to permeate the
microcapsule wall at a salt concentration of 10 mM, see Figure

S11. These collective permeability results demonstrate that a
change in salinity is able to selectively change the permeability
properties of the microcapsule wall, which should allow for
selective encapsulation of various cargos in a facile way.

4. CONCLUSIONS

All green plant-cell-wall inspired multilayered microcapsules
were synthetically produced via LbL fabrication technique,
using sacrificial CaCO3 particle templates and readily available
plant polysaccharides; apple pectin (AP), cellulose nanofibers
(CNF) and xyloglucan (XyG). The microcapsules exhibit
biomimetic properties similar to that of the cell wall in living
plant cells as found in nature, especially relevant to their
permeability and mechanical stability. Controlled and selective
release/uptake of differing molecular weight organic substances,
resulting from an external trigger, was demonstrated. The
trigger in this case was a change in the salinity of the
surrounding medium (10 mM NaCl), which made the capsule
wall temporarily permeable to medium-sized organic substances
such as 70 kDa dextran and BSA (hydrodynamic diameters:
∼12 and ∼8 nm) while still blocking larger molecules such as
2000 kDa dextrans (hydrodynamic radius ∼ 54 nm). The
release/uptake of molecules, such as the 70 kDa dextran
molecules, was not only almost instantaneous but could also be
repeated for more than two cycles. The overall permeability of
the capsules depended on the acid used to remove the sacrificial
CaCO3 template core during synthesis, for example, HCl
resulted in more permeable capsules and citric acid resulted in
less-permeable capsules. Additionally, the citric acid was also
potentially improving capsule wall strength and resistance to
degradation over longer periods of time. The importance of
using alternating layers of AP and CNF was illustrated by the
capsules’ inability to dissolve under various conditions, in which
pure AP materials would lose significant mass. To conclude, we
believe that the present capsules should be attractive in a variety
of applications that are based on timed release and
encapsulation of medium sized molecules or nanoparticles.
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Morphology of CNF 

 
 

Figure S1.  a) SEM image, b) AFM image of CNF and c) thickness distribution obtained from 

height measurements in AFM. 

The dimensions of the nanofibers were measured using both SEM and AFM. Prior to SEM 

imaging the cellulose nanofibers were sputter-coated. The cellulose nanofibers are uniform, with 

a length in the micrometre range and 7 ± 3 nm in thickness (thickness including sputter coating). 

As the thickness sometimes depends on the measurement technique, AFM was also employed to 

analyse CNF thickness. The thickness was assessed from AFM height measurements of un-

coated cellulose nanofibers and was 2.5 ± 0.8 nm. The length of the CNF was in the micrometre 

range. 
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Build-up of the multilayer 

 

 

  Figure S2.  QCM-D in situ monitoring of changes in the resonance frequency ΔF5 (black line) 

and dissipation ΔD5 (blue line) during LbL assembly in water for (AP/CNF)3AP/XyG. To 

facilitate initial adsorption on top of the Au-sensor, the first adsorbed layer was always 

polyethylenimine (PEI), see experimental section in the main article. Data shown here are for the 

5
th 

overtone. 

In Fig.S2, the net decrease in ΔF5 and increase in ΔD5 demonstrates a successful build-up of 

the viscoelastic multilayer. During the intermittent washing processes, a very small increase in 

ΔF5 and decreasing ΔD5 is observed, which is due to removal of loosely bound fractions of 

polymer or nanofibers.  
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Figure S3.  The net changes in resonance frequency ΔF5 (black line) and dissipation ΔD5 (blue 

line) during adsorption of AP, CNF and XyG.  Experiments performed in water.  The initial PEI 

step is not included. The arrow points to the absent adsorption of XyG on top the preceding AP 

layer. Data for the 5
th

 overtone. 

The build-up of the multilayer in the presence of both XyG and AP. Strong interaction between 

CNF-XyG can be clearly seen in Fig.S3 (decreasing ∆F5 and increasing ∆D5). However, the 

subsequent adsorption of AP onto XyG is not observed since there were no changes in either ∆F5 

or ∆D5 (Fig.S3, arrows). In other words, it is not possible to assemble a multilayer structure that 

contains both AP and XyG as intermittent layers between the CNF layers. 

 

  



 5 

 

 

Figure S4. DLS results for a) AP (0.05 wt%) and b) CNF (0.025 wt%)  in water and different 

salt concentrations (10, 50 and 100mM NaCl).   

The effect of different salt concentrations on the average hydrodynamic size of AP and CNF 

are depicted in Fig.S4. A larger change was observed for the AP than for CNF; for the AP there 

was a significant decrease in size with increasing NaCl concentrations. In the case of CNF, the 

nanofibers possess an anisotropic shape; however, the DLS data still clearly showed an overall 

decreasing trend in size with increasing NaCl concentration.  
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Morphology and composition of the resulting LbL capsules 

 

Figure S5. CLSM image of a) (AP/CNF)3AP microcapsules stained with Rhodamine-6G, b) 

CLSM 3D constructed microcapsules stained with FITC (a, b prepared in salt), c) SEM image of 

CaCO3 (AP/CNF) 2 in water; arrow indicate the polymer aggregation between the particles. Inset 

shows aggregation of the particles. 

Mechanically stable 3bL microcapsules prepared in the presence of NaCl are shown in Fig. 

S5a and b. Fig.S5 c shows SEM image of the particle aggregation when the LbL build-up on the 

CaCO3 microparticles were performed in the absence of NaCl (i.e. only water). The arrow points 

to polymer and CNF that bridge between the CaCO3 microparticles.  
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Figure S6. EDS spectra for a) (AP/CNF)5AP/XyG microcapsules, b) CaCO3(AP/CNF)5AP/XyG. 

 

The EDS results Fig.S6a clearly shows the absence of calcium
 
ions in the microcapsules (after 

core removal and washing with water). Before core removal (Fig.S6b), however, the presence of 

calcium is evident from the EDS results. 

 

 

Figure S7.  The net changes in the ΔF5 frequency (black line) and the corresponding dissipation 

ΔD5 (blue line) during adsorption of AP, CNF, XyG or citric acid. Experiments performed in 

water. The shown data are for the 5
th

 overtone. 
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The changes in resonance frequency ΔF5 (black line) and dissipation ΔD5 (blue line) during (AP/ 

CNF)2AP/XyG and citric acid treatment are shown in Fig.S7. The data are presented for 5
th

 

overtone. Decreasing frequency ΔF5 (-10Hz) and dissipation ΔD5 (2* 10
-6

) during citric acid 

treatment shows 1) successful adsorption of citric acid and 2) decreased viscoelasticity for the  

multilayer due to (physical) cross-linking with citric acid.  

Permeability studies 

 

Figure S8. CLSM image of  (AP/CNF)5AP/CNF microcapsules incubated with 70 kDa FITC-

dextran after 24 h, a) FITC channel,  b) trans channel; arrow indicate the defected microcapsules 

and c) anisotropic microcapsule in the presence of 70 kDa FITC-dextran 

A few microcapsules were permeable to FITC-Dextran after incubating for a long period of 

time (24 h) (Fig.S8a, b arrow), which could be attributed to capsule wall defects formed, in 

particular, in the aggregated microcapsules present during the LbL assembly process. In order to 

avoid the formation of aggregated microcapsules and defects, a good dispersion of the template 

was essential. Fig.S8c shows the anisotropic microcapsules formation on micrometer sized 

calcite crystals. Even in this case, the integrity of the capsule wall was preserved. It is interesting 
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to note that the present LbL assembly processes, using CNF and pectin, is not limited just to 

rough CaCO3 microparticles, but is also possible on anisotropic calcite structures.   

 

Figure S9. DLS results for 70 kDa FITC- dextran in water and different salt concentrations (10, 

50 and 100 mM NaCl). The FITC-dextran concentration was 1 mg/ml. 

The DLS data clearly show that the hydrodynamic diameter of FITC- dextran molecules was 

almost the same in water as for the different NaCl concentrations.  
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Figure S10. CLSM images of microcapsules exposed to 70 kDa FITC-Dextran in water (a), in 

the presence of 10mM NaCl salt solution (b), removal of the salt/ washing with water (c) and 

again adding salt/ washing with salt (FITC, Trans channel combined)(d). Arrow in c shows the 

decreasing fluorescence intensity. The scale bar is 20 µm.  

The microcapsules integrity was successfully retained during three cycles of the 

loading/unloading procedure. However, after three cycles, the integrity of the microcapsule wall 

was slightly changed, as only a lower amount of labelled dextran could successfully be 

entrapped. During the whole process, no microscopic changes (shrinkage or swelling) were 

observed even after four cycles (compare transmission images in d for the 2
nd

, 3
rd

, and 4
th

 cycle). 

(Images were taken using a Zeiss LSM 5 Pascal, equipped with 40X 1.3 oil immersion objectives 

(2x optical zoom) Zeiss, Germany).  

 

Figure S11. CLSM image of (AP/CNF)5AP/CNF microcapsules incubated with 2000 kDa FITC-

dextran a) in water, c) in 10 mM NaCl. b, d) corresponding transmission image of a, c 
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respectively. Inset - shows the florescence intensity profile of the microcapsules dotted in (a) and 

(c). Arrow shows the defective microcapsules. The scale bars are 20 µm. 
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Materials based on renewable biopolymers, selective permeability and stimuli-responsive release/load-
ing properties play an important role in biomedical applications. Here, in order to mimic the plant pri-
mary cell-wall, microcapsules have been fabricated using cell wall polysaccharides, namely pectin,
xyloglucan and cellulose nanofibers. For the first time, a large amount of xyloglucan was successfully
included in such capsules. These capsules demonstrated stimuli-responsive (ON/OFF) permeability and
biocompatibility. The live cell staining revealed that the microcapsules’ surface enhanced cell growth
and also the non-toxic nature of the microcapsules. In water, the microcapsules were completely and par-
tially permeable to fluorescent dextrans with an average molecular weight of 70 kDa (hydrodynamic
diameter of ca. 12 nm) and 2000 kDa (ca. 54 nm), respectively. On the other hand, the permeability
dropped quickly when the capsules were exposed to 250 mM NaCl solution, trapping a fraction of the
70 kDa dextrans in the capsule interior. The decrease in permeability was a direct consequence of the
capsule-wall composition, i.e. the presence of xyloglucan and a low amount of charged molecules such
as pectin. The low permeability of capsules in saline conditions (and in a model biological medium), com-
bined with a capsule wall that is made from dietary fibers only, potentially enables their use in biological
applications, such as colon targeted delivery in the gastro-intestinal tract.

Statement of Significance

For the first time, microcapsules have been prepared that possess capsule walls that mimic the primary
cell wall found in natural plant cells. The capsules were assembled using pectin, xyloglucan and cellulose
in the form of cellulose nanofibers. The capsules demonstrated stimuli-responsive (ON/OFF) permeability
and biocompatibility. The low permeability of capsules in saline conditions (and in a model biological
medium), combined with a capsule wall that is made from dietary fibers only, potentially enables their
use in biological applications, such as colon targeted delivery in the gastro-intestinal tract. Such model
plant cell capsules might also further improve the understanding for the digestion and release of nutri-
ents from natural plant cells found in vegetables and fruits.

� 2018 Acta Materialia Inc. Published by Elsevier Ltd. All rights reserved.
1. Introduction

The cell wall in plant parenchyma cells, found in the soft tissue of
vegetables and fruits, provides chemical, mechanical and biological
protection to the cell’s inner content (protoplasm) from the external
environment. At the same time the cell wall affords flexibility,
mechanical stability and aids the transport of necessary molecules
[1]. The cell wall in parenchyma cells is thin (only 0.1–1 mm in thick-
ness) and consists mainly of three polysaccharides; cellulose
(in form of cellulose microfibrils), pectin and hemicelluloses, and a
low amount of structural glycoproteins [2]. These walls are called
the primary cell wall. More evolved plant cell types contain addi-
tional secondaryand third cellwalls. The compositionof theprimary
cell is typically adjusted during the growth of the cells, in order to
accommodate different situations [2]. In humans, the digestion of
primary cell wall polysaccharides (partial for cellulose microfibrils)
takes place by the microbiota in the colon. However, full under-
standing of the importance of the different steps in the digestion
(mechanical processing by chewing and exposure to enzyme-rich
environment in the gut) and their influence on the release of nutri-
ents in parenchyma cells is still being investigated [3–6].

http://crossmark.crossref.org/dialog/?doi=10.1016/j.actbio.2018.01.003&domain=pdf
https://doi.org/10.1016/j.actbio.2018.01.003
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From a biomedical point of the view, the primary cell wall
polysaccharides are extremely interesting as they are non-
immunogenic, non-toxic, biocompatible, biodegradable,
renewable and cost effective [7–11]. Polysaccharide based films,
hydrogels, scaffolds and microcapsules are already showing great
success in biomedical applications. Of these structures, the num-
ber of reports on capsule-based delivery systems and in specific,
nanocellulose-based capsules are limited, particularly towards
biomedical applications. However, utilizing cellulose nanofibrous
building blocks, robust capsule walls with larger pores can be
realized. In a recent paper by Tsukruk et al. [12], cage-like cap-
sules based on cellulose nanocrystals (CNCs) and polyethylenei-
mine were reported. Cellulose nanocrystals are shorter than
cellulose nanofibers (CNFs) and predominantly composed of the
crystalline parts of the cellulose nanofibers. The advantage with
such cage-like capsules is that they can be loaded with (and
release) large macromolecules or nanoparticles, e.g. 30–100 nm
in diameter, which is not possible with conventional polymer
based capsule that are typically only permeable to macro-
molecules with a hydrodynamic diameter below 10 nm [12]. Such
cage-like structures are also interesting in applications based on
selective permeability of molecules, because they offer physical
filtering of interfering macromolecules.

More recently, biomimetic capsules were prepared using LbL
assembly of pectin from apple (AP) and cationic CNF on sacrificial
CaCO3 particles ((AP/CNF)5AP capsules) [13]. The authors failed to
include xyloglucan (XyG) between the pectin layers (–[CNF-Pectin-
XyG-Pectin-CNF]–), in order to resemble the proposed models on
the arrangement of polysaccharides in the primary cell wall of
plants. Also, the resulting LbL capsules were cross-linked with
citrate. As a result of the electrostatic build-up and the presence
of citrate, the permeability of the microcapsule walls were highly
sensitive to salinity, that is, when exposed to 10 mM NaCl, the cap-
sules were completely permeable to fluorescent-labelled FITC-
dextrans (70 kDa, hydrodynamic diameter of 12 nm). This is
because the salt disrupted the interaction between the oppositely
charged polymers (anionic pectin, anionic citric acid and cationic
CNF), hence creating pores in the capsule wall, i.e. the capsule wall
was partially ‘unzipped’. The higher barrier properties were recov-
ered by washing the capsules with water (70 kDa FITC-dextrans
could not permeate the capsule wall). However, for such LbL
based microcapsules to be suitable for targeted drug delivery or
nanoparticle delivery to the colon in the gastro-intestinal tract,
the sensitivity toward salinity needs to be decreased, because the
gastro-intestinal juices contain large amounts of ions [14,15].
Indeed, the sensitivity to salinity will make the capsules open
before reaching their target. To decrease the sensitivity towards
ions, the composition of the capsule walls needs to be changed.
This could potentially be accomplished by decreasing the fraction
of physically cross-linking molecules (citric acid) and polyelec-
trolytes, e.g. pectin, and increase the amount of non-ionic plant-
based polymers, e.g. xyloglucan.

The aim of the present paper is to improve the understand-
ing of build-up of biomimetic capsules, so that an increased
amount of xyloglucan (and less polyelectrolyte polymers and
physically cross-linking molecules) can be included, rendering
microcapsules that are less sensitive to NaCl. The goal is also
to understand the connection between the capsule wall compo-
sitions and the permeability, in order to investigate the poten-
tial for drug-delivery in the gastro-intestinal tract. Two types
of capsules are studied, CNF/XyG capsules and AP/CNF/XyG cap-
sules. The polymers were adsorbed by LbL method on sacrificial
CaCO3 microparticles. After core removal, the microcapsules’ sta-
bility and permeability was extensively studied with different
microscopic methods (CLSM, SEM) and biocompatibility was
studied with HEK 293T cells.
2. Materials and methods

2.1. Materials

Cellulose nanofibrils (CNF) modified with cationic quaternary
ammonium groups (1.17 mmol g�1 fiber) were produced as
described previously [13]. The fibrils had a thickness of 2.5 ± 0.8
nm and a length in the micrometre range. An AFM image of the
CNF is shown in Fig. S1a. Pectin from apple (AP, degree of esterifi-
cation 70–75%) relative molecular mass 30,000–100,000 g mol�1,
calcium chloride dihydrate, sodium carbonate, sodium chloride
(NaCl), ethylenediaminetetraacetic acid (EDTA), citric acid, fluores-
cein isothiocyanate (FITC), FITC-dextran (average molecular weight
20, 70 and 2000 kDa), sulforhodamine 101, Dulbecco’s Modified
Eagle’s Medium – high glucose (DMEM) and Dulbecco’s
Phosphate-Buffered Saline (DPBS) were purchased from Sigma-
Aldrich (Sweden). Xyloglucan-amyloid (XyG) from tamarind seeds
was purchased from Megazyme (Ireland) Viscosity 14.0 dL/g. m-
Slide VI0.1 was purchased from Ibidi GmbH, (Germany). Human
Embryonic Kidney (HEK 293T) cells used in cell studies were
obtained from Qbiogene, Carlsbad, CA. CaCO3 microparticles were
prepared according to the procedure described elsewhere [16].
CLSM and SEM images of the prepared CaCO3 microparticles are
shown in Fig. S1b–d respectively. All materials were used without
further purification and all the experiments were carried out at
room temperature (RT) unless otherwise stated.
2.2. Preparation of biopolymer solutions

For microcapsules’ preparation, CNF (0.05 wt%) and AP (0.1 wt
%) were dispersed in 100 mM NaCl solution, stirred overnight
(O/N) at RT and the pH was adjusted to 7.5 ± 0.2. Then, CNF was
sonicated with Sonics Vibra-CellTM, 80% amplitude, 750 W, ½” tip
for 60 s, and directly used; AP was filtered through 0.8 mm syringe
filters (Sartorius AG, Germany). XyG (0.2 wt%) was dissolved in
water and heated up to 90 �C for 2 h, followed by O/N stirring at
RT and stored at -20 �C (stock). Prior to the experiments, the XyG
(0.2 wt% stock) in water solution was diluted with 200 mM NaCl
salt solution to obtain a final working concentration of 0.1 wt%,
100 mM NaCl.

For QCM-D experiments, both CNF and AP were prepared in
Milli-Q water according to the procedure mentioned above, and
the pH was adjusted to 7.5 ± 0.2. The XyG solution (0.2 wt%) was
diluted with Milli-Q water to obtain a final concentration of
0.1 wt%.
2.3. Microcapsules preparation

The LbL microcapsules were prepared according to an adsorp-
tion and a washing protocol described in detail in a previous study
[13]. The overall LbL microcapsule fabrication method is illustrated
in Scheme 1. Briefly, two different types of microcapsules were
prepared. 1) CNF, XyG microcapsules with 5 bLs (CNF/XyG)5 (bi-
polymer system) and 2) AP, CNF, XyG microcapsules (tri- polymer
system) in the following order (CNF/XyG/CNF/AP)2CNF/XyG. For
microcapsule preparation, 100 mM NaCl solution (pH = 7.5 ± 0.2)
was used for intermittent rinsing steps. All polymers were dis-
persed in 100 mMNaCl. This is because the salt screens the electro-
static repulsions between polymers and enhances the amount of
polymer adsorbed, as already reported for CNF/AP multilayers
[13]. After LbL deposition, the coated microparticles were thor-
oughly washed with water and dispersed in the ibidi chamber
and dried O/N at 50 �C. After drying, the coated microparticles
were rehydrated with water for 10 min followed by CaCO3 core
removal with 250 mM EDTA in water and thoroughly washed with



Scheme 1. Simplified overview of LbL microcapsule fabrication process. Two types of LbL microcapsules were prepared; 1) microcapsules containing AP, CNF and XyG, these
were built following the order (CNF/XyG/CNF/AP)2CNF/XyG or 2) microcapsules with 5 bL of CNF and XyG, (CNF/XyG)5. In the latter case, the AP adsorption step in the scheme
was replaced with XyG. Between each adsorption step, a washing step was included.
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water to obtain microcapsules. Complete removal of the CaCO3 was
primarily confirmed by light microscopy, as well as with Energy-
Dispersive X-ray Spectroscopy, see Fig. S2 in SI.

2.4. Characterization

2.4.1. Quartz Crystal Microbalance with Dissipation (QCM-D)
measurements

The LbL assembly in water was observed with QCM-D (Q-Sense,
E4 model, Sweden) using Au-coated quartz crystals. All experi-
ments were carried out in water and not in salt, because huge
amounts of polymer will be adsorbed in the presences of salt, with
rapid growth in thickness of a highly viscous multilayer, see previ-
ous study by Paulraj et al. [13]. Consequently, additional adsorp-
tion steps will quickly be beyond the sensing length of the QCM-
D instrument and hence not possible to study. Prior to the experi-
ments, the Au-quartz crystals were thoroughly cleaned according
to the procedure described earlier [17]. CNF and XyG adsorption
were monitored by observing the changes in the resonance fre-
quency DF and dissipation DD during each adsorption steps for a
total of 3 bLs (CNF/XyG)3 for bi-polymer system and the adsorption
of AP, CNF, XyG (tri-polymer system) was monitored in the follow-
ing order (AP/CNF/XyG/CNF)2AP/CNF. Milli-Q water was used for
intermittent rinsing steps. The polymers were directly adsorbed
on Au-coated quartz surface and the experiments were carried
out at 25 �C with a constant flow rate of 100 mL/min.

2.4.2. Scanning Electron Microscopy (SEM)
High-resolution SEM images were taken by using Hitachi SEM

S-4800 at an acceleration voltage of 1 kV. After core removal, the
microcapsules were thoroughly washed with water and air-dried
at RT. Prior to SEM imaging, all samples were Pt/Pd sputtered for
10 s (�1 nm coating) using Cressington sputter coater, 208HR
under vacuum. Cross-sections of the LbL coated CaCO3 microparti-
cles were obtained by fracturing the particles. For the interactions
between cells and microcapsules, the cells were fixed with 2%
formaldehyde in DPBS for 30 min at RT, washed with DPBS and
then washed with water followed by freeze drying.
2.4.3. Fourier Transform Infrared Spectroscopy (FTIR) analysis
FTIR spectra were obtained using a PerkinElmer, spectrum 100,

FT-IR Spectrometer in the total reflectance mode (attenuated total
reflectance accessory). Spectra were acquired in the range of 4000–
600 cm�1 (16 scans, with a resolution of 4 cm�1). The microcap-
sules (core removed with EDTA), XyG, AP and CNF films were thor-
oughly dried at 50 �C in a vacuum oven prior to the measurements.
AP and CNF films were prepared according to the procedure men-
tioned earlier [13].
2.4.4. Confocal Laser Scanning Microscopy (CLSM) Imaging
The prepared microcapsules were extensively studied with

CLSM. Confocal images were acquired with LSM-510 UV–Vis
equipped with 40X 1.3 oil immersion objectives (Zeiss, Germany)
at RT. The microcapsules were stained with sulforhodamine 101
or FITC and the structural morphology was studied. Excitation/
Emission wavelengths were 586/605 nm or 488/515 nm. The per-
meability studies were performed by exposing microcapsules to
1 mg/ml FITC-Dextran (20 kDa, 70 kDa and 2000 kDa) in water or
250 mM NaCl solution.
2.4.5. Cell studies
HEK 293T cells were maintained in DMEM supplemented with

10% fetal calf serum at 37 �C with 5% CO2. After core removal, the
microcapsules were thoroughly washed with water, followed by
another washing with cell culture medium. A total of 105 cells
were seeded and incubated for 3 days. After 3 days, the cells were
washed with DPBS and Calcein-AM live cell staining was carried
out. To the cells, Calcein-AM (5 mg/ml) in serum-free DMEM was
added and incubated for 20 min at 37 �C. Subsequently, the cells
were washed with serum-free DMEM medium and imaged with
CLSM microscopy.



T. Paulraj et al. / Acta Biomaterialia 69 (2018) 196–205 199
3. Results and discussion

Typically, both AP and XyG have a high affinity to CNF but, in
contrast, XyG and AP exhibited properties that do not always allow
them to bind to each other [13,18]. Consequently, it was not possi-
ble to build multilayer structures using XyG (from tamarind seeds)
between cationic CNF and pectin (from apple), e.g. CNF-XyG-AP-
XyG-CNF layers, in a previous study [13]. This sequence resembles
the assembly proposed in some models of the primary cell wall,
where the hemicellulose acts as a cross-linker between cellulose
microfibrils and the pectin network fills the space in-between
the microfibrils [2]. Thus, to include more XyG (which is the aim
of the present study) and find the LbL fabrication possibilities
ex vivo, distinct LbL assembly sequences were needed. Herein,
two multilayer systems were studied with QCM-D: 1) a bi-
polymer system with CNF and XyG, and then 2) a tri-polymer sys-
tem consisting of CNF, XyG and AP.
3.1. QCM-D studies of the LbL build-up

XyG is a natural cross-linker that has an inherent tendency to
bind irreversibly to CNF in a non-covalent manner and form strong
yet resilient networks [2,19]. The build-up for CNF and XyG (bi-
polymer system) was studied by QCM-D. In total 3 bLs (CNF/
XyG)3 were assembled and the net change in resonance frequency
DF5 as well as dissipation DD5 are shown for the fifth overtone in
Fig. 1a. The resonance frequency decreased for the first two bLs,
and in total, the decrease after two bL was around DF5 (2bL) =
�112 Hz. However, further adsorption was negligible and after
the 2nd bilayer, the 3rd bilayer could not be successfully built,
DF5 (3bL � 2bL) = �3 Hz, see Fig. 1a, black arrow. The overall dissi-
pation change for the three bLs was DD5 = 41 � 10�6.

It was also noticed that even after 1.5 bLs, the adsorption
started to decline (Fig. 1a, dotted arrow). This could possibly be
due to the electrostatic repulsive forces between the newly added
CNF and the preceding CNF layers. The CNF used here was highly
charged, 1.17 mmol of cationic groups per gram fiber. Also, as
XyG binds tightly to CNF, the conformation of a XyG molecule
adsorbed on the top of CNF might be such that they do not allow
for significant interactions with an additional CNF layer. The XyG
molecules could preferentially also intercalate the already estab-
lished CNF-XyG structure, thus ‘‘segments of XyG molecules”, that
are available for further binding at the outer surface of the multi-
layer structure, might be limited [10]. The exact binding-
mechanism is, however, beyond the scope of the present study.
Fig. 1. The net changes in the DF5 frequency (black line) and the corresponding dissipatio
XyG/CNF)2AP/CNF. The reported data are for the 5th overtone.
It is well known that (simultaneous) AP and XyG interactions
with CNF occur in a competitive manner [18] and that XyG and
AP exhibit properties that do not always allow them to bind to
each other [13]. Therefore, including AP and XyG in the same sys-
tem needs careful consideration. In the present study, a tri-
polymer system was assembled in the following multilayer
sequence (AP/CNF/XyG/CNF)2AP/CNF, to avoid AP/XyG incompati-
bility and the QCM-D results are shown in Fig. 1b. The overall
change in frequency was DF5 = �100 Hz and the dissipation was
DD5 = 64 � 10�6, after 2.5 layers (here one layer is AP/CNF/XyG/
CNF). Compared with the previous study [13], this AP/CNF/XyG/
CNF sequence includes all plant primary cell wall polymers. For
the same change in frequency (e.g. ca. �100 Hz), the dissipation
was significantly increased for AP/CNF/XyG/CNF multilayer com-
pared to the CNF/XyG multilayer, suggesting a more viscoelastic
multilayer when AP was introduced, compare Fig. 1a and b. This
is expected because XyG is a natural cross-linker [2]. Also, com-
pared with the previous CNF/AP multilayer build-up [13], less
polymer is in total adsorbed after two layers (DF5 � �100 Hz) for
current AP/CNF/XyG/CNF system compared with two bilayers of
AP/CNF (DF5 � �150 Hz), which is again due to the inclusion of
XyG. Interestingly, the build-up of the (AP/CNF/XyG/CNF) multi-
layer also leveled off after approx. two AP/CNF/XyG/CNF layers
(Fig. 1b arrows), similar to the CNF/XyGmultilayer (Fig. 1a arrows).
These collective QCM-D results (both Fig. 1a and b) suggested that
the thickness of the resulting multilayer coating will be thinner in
the presence of XyG compared to the previous multilayers based
on AP and CNF only [13].

The reported QCM-D results provided a first insight into the
polymer interactions and the multilayer build-up in water on a flat
surface. However, in the LbL capsule production, the multilayer is
assembled on top of sacrificial CaCO3 particles that possess a nano-
porous structure and nano-roughened surface (Fig. S1c, d). Hence,
the assembly mechanism might differ from the observations made
with QCM-D. In the next step, the bi- and tri-polymer systems
were assembled on top of CaCO3 and the resulting microcapsules
were examined in order to fully understand the assembly possibil-
ities and their properties.
3.2. LbL microcapsule fabrication using CaCO3 particles

An overview of the different steps involved in the capsule wall
fabrication of the bi-and tri-polymer microcapsules, is presented in
Scheme 1. The produced capsules (CNF/XyG)5 and (CNF/XyG/CNF/
AP)2CNF/XyG are shown in Fig. 2.
n DD5 (blue line) during LbL assembly in water for (a) (CNF/XyG)3 and (b) (AP/CNF/



Fig. 2. Microscope images of capsules (CNF/XyG)5 (a–d) and capsules (CNF/XyG/CNF/AP)2CNF/XyG (e–h). CLSM images of CNF/XyG capsules (a) stained with FITC, (b) the
corresponding transmission light image (inset shows a high magnification image, scale bar�20 mm), (c) SEM image of capsules after core removal and (d) cross-section before
core removal. CLSM images of AP/CNF/XyG/CNF capsules (e) stained with sulforhodamine 101, (f) the corresponding transmission light image, (g) SEM image of capsules after
core removal and (h) cross-section before core removal. The red arrows in (d) and (h) point to CaCO3 microparticles, whereas green arrows point to the LbL coating.
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The present multilayers were assembled in the presence of
NaCl, because it is known that the thickness of the deposited
(CNF and AP) layers increases in the presence of salt. Indeed, CNFs
will aggregate in such high-salt-concentration conditions (100 mM
NaCl solution) [13]. In the case of the CNF/XyG multilayer assem-
bly, it was observed that 5 bLs (CNF/XyG)5 could successfully be
built on the sacrificial CaCO3 particles, but after that significant
aggregation was observed between the coated particles, which is
undesirable and therefore more bL were not assembled. When
the CaCO3 was removed, the resulting CNF/XyG microcapsules
were not structurally stable, see Fig. 2a and b. The microcapsules
had an uneven, non-spherical shape, and in some instances, they
appeared to be damaged. Upon drying, the hollow LbL microcap-
sules collapsed and exhibited random wrinkles. The amount of
wrinkles is directly related to the polymer adsorbed [20], and the
produced (CNF/XyG)5 microcapsules exhibited a low number of
wrinkles, see Fig. 2c. The small amount of polymer adsorbed could
be the reason for the microcapsules’ structural instability. Indeed,
the dry thickness of the capsule wall was approx. 12 nm, measured
from SEM images, see Fig. 2d. This thickness is approximately one-
fifth of the capsule wall thickness measured for the (AP/CNF)5AP
microcapsule reported in a previous study [13]. Evidently, using
only CNF and XyG, the produced microcapsules will not possess
sufficient mechanical strength and structural stability.

For the tri-polymer system, the multilayer coating was assem-
bled in the following order (CNF/XyG/CNF/AP)2CNF/XyG on CaCO3

microparticles. After core removal, the anticipated spherical shape
was obtained, see Fig. 2e and f. The size and shape of the microcap-
sules remain comparable with that of the CaCO3 template (16 ± 4
mm). Evidently, pectin plays an important role in microcapsules’
wall build-up and stability, because the stability of the microcap-
sule was remarkably improved by the inclusion of pectin. FTIR
results further confirmed the successful incorporation of all poly-
mers in the microcapsule wall; see Fig. S3 in the Supporting infor-
mation. Also, compared to the previous study on CNF/AP capsules
[13], the number of pectin layers for the present capsules was suc-
cessfully decreased to half and XyG was present in significant
amounts in the capsule wall. In Fig. 2 g, the SEM images show
the collapsed microcapsules, the formation of thicker wrinkles is
a proof for increased polymer adsorption compared with the
CNF/ XyG capsules (Fig. 2c). The thickness of the (CNF/XyG/CNF/
AP)2CNF/XyG multilayer deposition was approx. 20 nm in the dry
state, see Fig. 2 h. This is almost twice the thickness of the (CNF/
XyG)5 microcapsules (Fig. 2d), but one-third of the thickness of
the (AP/CNF)5AP microcapsules in the previous study [13]. The
high magnification SEM images of the capsule wall (Fig. S4 in SI)
clearly showed the porous open networks of fibrils in the case of
the bi-polymer microcapsules and a denser structure for the tri-
polymer microcapsules.

Due to the structural instability issues of the (CNF/XyG)5 micro-
capsules, the rest of the study focuses only on the (CNF/XyG/CNF/
AP)2CNF/XyG microcapsules.
3.3. Barrier properties in water and in the presence of NaCl

The barrier properties of the (CNF/XyG/CNF/AP)2CNF/XyG
microcapsules were investigated using FITC-labelled dextrans with
different hydrodynamic diameters (average molecular weight
Mw ¼ 20 kDa, 70 kDa or 2000 kDa) and experiments were per-
formed in either water or 250 mM NaCl solution. The hydrody-
namic diameter of the dextrans should not be confused with the
size of the pores present in the capsule wall. The analysis of the
average pore size and the pore size distribution in the capsule wall
requires a true state-of-the-art approach and utilization of more
complex procedures, such as for example electron microscopy 3D
cryo-tomography techniques or synchrotron-based methods. Such
analysis is however beyond the scope of the present study.

In water, the microcapsules are completely permeable to 20
kDa (Fig. 3a) and 70 kDa FITC-dextran (Fig. 3b), but only slightly
permeable to 2000 kDa FITC-dextran (Fig. 3c). The 20, 70 and
2000 kDa FITC-dextran have a hydrodynamic diameter of ca. 6.6,
12 and 54 nm, respectively. The lower permeability for the 2000
kDa FITC-dextran is probably due to the high molecular weight
fraction of the 2000 kDa FITC-dextran that was not able to pene-
trate the capsule wall. The FITC-dextrans typically have a distribu-
tion in the molecular weight (supplier’s info). Moreover, some
FITC-dextran adsorption was also observed on the microcapsule
wall (see Fig. 3a–c and fluorescence intensity profile). This is
expected, because the FITC-dextran molecule is slightly negatively



Fig. 3. CLSM images of (CNF/XyG/CNF/AP)2CNF/XyG microcapsule’s where the CaCO3 core had been removed with EDTA. The permeability of the capsule wall was studied by
exposing the microcapsules to (a) 20 kDa FITC- dextran, (b) 70 kDa FITC- dextran and (c) 2000 kDa FITC- dextran in water. The corresponding transmission light images are
shown in the right column. Insets show the fluorescence intensity profiles along the dotted lines in (a), (b) and (c). The arrows point to undissolved calcite microcrystals. The
scale bar in (c) applies to all images (a)–(c).
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charged due to the attached FITC molecules (supplier’s data) and
the CNF will be positively charged in water. In water, the capsule
wall was permeable to quite large dextrans, and this is due to
the swollen state of the capsule wall (since the microcapsule wall
is in nanometre thickness, the swollen state is difficult to observe
microscopically). In general, CNF or polysaccharide based films
absorb large quantities of water and swell significantly in water
[21-23]. These findings are opposite to the results obtained for
citrate cross-linked CNF/AP microcapsules in a previous study
[13]. The wall of those capsules contained smaller pores in water,
because they were impermeable to 70 and 2000 kDa FITC-
dextrans and partially permeable to 20 kDa FITC-dextrans. More-
over, the FITC-dextrans did not adsorb onto the microcapsule wall.
The difference between the two microcapsule types can primarily
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be explained by the citrate present in the CNF/AP microcapsules,
which physically cross-links the capsule wall and decreases the
degree of swelling (observed by QCM-D in the previous study)
and pore sizes in the capsule wall [13].

If the present (CNF/XyG/CNF/AP)2CNF/XyG microcapsules are
exposed to saline conditions, the NaCl will disrupt electrostatic
interactions between oppositely charged polyelectrolytes (e.g. pec-
tin and CNF), which might create pores in the capsule wall [13]. At
the same time, the salt will promote non-ionic interactions (van
der Waals and hydrogen bonding, promoting e.g. CNF-CNF interac-
tions) between equally charged polymers [13,24,25] which might
decrease the pore size in the capsule wall. It is well known that
for example, a neat cationic CNF film will decrease in thickness
(and cationic CNF fibers will aggregate) when exposed to salt,
and this will also decrease the pore size [13,24,26]. The hydrody-
namic diameter of XyG will not be affected by salt (Fig. S5). To
study the net effect of NaCl on the present microcapsules, the
Fig. 4. CLSM images of (CNF/XyG/CNF/AP)2CNF/XyG microcapsule’s loading and releasi
column) and 2000 kDa FITC- dextran (middle column). Microcapsules (a), (d) in water (
water (releasing). (g), (h) and (i) schematic representation of the corresponding loading
applies to all images (a)–(f).
microcapsule core was removed with 250 mM EDTA and
thoroughly washed with water. Then, the microcapsules were
saturated with 250 mM NaCl salt solution. When the microcap-
sules were exposed to 20 kDa FITC-dextran in 250 mM NaCl solu-
tion, they were completely permeable (data not shown);
whereas, no 2000 kDa dextrans could permeate into the microcap-
sule wall, see Fig. S6 in SI. In the case of 70 kDa FITC-dextran, the
capsule wall was partially permeable, which can be understood
by considering the results in Fig. 4 (see discussion below). More-
over, the salt completely screened the charges of the polymers
on the microcapsule wall and as a result, no FITC-dextrans could
bind onto the capsule wall, see Fig. 4b and 4e (and Fig. S6 in SI).
Indeed, the permeability of the capsule wall decreased in the pres-
ence of salt compared with the permeability in water, see results in
Fig. 3.

The change in permeability as a function of salt concentration
(0 or 250 mM NaCl) can be exploited to post-load and release
ng mechanism by water and salt. Microcapsules were incubated with 70 kDa (left
permeation), (b), (e) washed with 250 mM NaCl (trapping) and (c), (f) washed with
and releasing mechanism of (a, d), (b, e) and (c, f), respectively. The scale bar in (f)
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various biomacromolecules. This change in permeability serves as
an ON/OFF switch, and the switch is reversed compared with the
ON/OFF switch previously described for the citrate cross-linked
CNF/ AP microcapsules [13], for which water decreases and salt
increases the permeability. The ON/OFF mechanism for the present
capsules is demonstrated in Fig. 4.

For the microcapsules in Fig. 4, the core was removed with 250
mM EDTA in water and then the capsules were washed with water.
Afterwards, 70 kDa or 2000 kDa FITC-dextran in water was added
and the molecules diffused into the capsules, see Fig. 4a and d.
Washing with 250 mM NaCl trapped the molecules inside the
microcapsules, Fig. 4b and e. The intensity of the fluorescent signal
in Fig. 4b (for 70 kDa) was slightly lower than that obtained in
Fig. 4e (2000 kDa), indicating that only a fraction of the 70 kDa
dextran was trapped. Probably, only the high molecular weight
fraction of 70 kDa dextran could successfully be trapped inside
the microcapsules. FITC-dextrans have a distribution in molecular
weight (supplier’s info), as discussed earlier. The overall increase
in the fluorescent signal for the 2000 kDa loaded capsules, compare
Fig. 4e with d, could be attributed to that the FITC-dextrans which
were first adsorbed in the capsules wall (Fig. 4d) moved inside the
microcapsule during salt treatment (high concentration of FITC-
dextran inside the capsule). Additionally, at high ionic strengths,
the FITC signal tends to increase [27]. Washing the microcapsules
with water again, released the loaded FITC-dextran again (Fig. 4c
and f). Note that some of the FITC-dextran were adsorbed in the
capsule wall during the release.
Fig. 5. CLSM images of microcapsules exposed to 2000 kDa FITC- dextran in (a) water, (b
medium and afterwards (d) washing with water. The scale bar (50 mm) in (d) applies to
Interestingly, the present microcapsules have a much less
permeable capsule wall in salt compared with the citrate
cross-linked CNF/AP capsules in the previous study [13]. The differ-
ences in permeability behavior for the two capsule types are attrib-
uted to the difference in composition of the capsule wall, i.e. no
citrate, less pectin and more xyloglucan and CNF was found in
the capsule wall of the present capsules. Indeed, the present and
the previous results clearly demonstrate how the composition of
the microcapsule can be used to alter the permeability behavior
of the microcapsule wall in water and saline conditions. Improved
barrier properties in saline conditions are attractive if the capsule
should be used in biological applications, since many biological
systems contain high quantities of different salts, i.e. in the range
of 50–200 mM in total ionic strength [15,28–30].

So far the permeability behaviour in water and salt has been
tested, but biological systems contain a cocktail of different lipids,
ions, enzymes and small molecules, that might further influence
the permeability properties. Thus to assess the potential of the pre-
sent capsules in biological applications, the permeability of the
capsule wall was also studied by exposing the loaded capsules
(loaded with 2000 kDa FITC-dextrans) to the cell culture medium
DMEM (serum free), see Fig. 5. DMEM was used as a model med-
ium. DMEM contains different mono, di- valent ions, amino acids,
vitamins and glucose. Clearly, the loaded FITC-dextran molecules
were not released when capsules were placed in DMEM medium
(Fig. 5c), which is positive. However, and more surprisingly, when
the same capsules were washed with water afterwards, Fig. 5d, the
) followed by washing with 250 mM NaCl, (c) exposing the same capsules to DMEM
all images (a)–(d).



Fig. 6. CLSM images of (CNF/XyG/CNF/AP)2CNF/XyG microcapsules in the presence of HEK 293T cells after 3 days. The images show (a) sulforhodamine 101 stained
microcapsules, (b) Calcein-Am stained cells, (c) overlapping (a,b). (d) microcapsules - trans channel, (e) Calcein-Am stained cells and (f) overlapping (d,e). (a–c) and (d–f) are
low and high magnification images, respectively. Scale bars are 50 mm.
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expected release of the entrapped dextrans could not be observed
(Fig. 4). This means that the DMEM changed the permeability of
the capsule wall, most likely due to the interaction between the
capsule wall and one or a couple of the components present in
the cell culture medium. These results imply that the permeability
of the capsule wall might further change, when capsules are
exposed to different biological media, and thus to fully evaluate
the potential of the microcapsules, appropriate in vivo experiments
are needed. These aspects will be further addressed in the future.
3.4. Biocompatibility of microcapsules

The chemical extractions, modifications and nature (e.g., nano-
size) of the polymeric materials influence the biocompatibility of
materials [31–33]. The biocompatible nature of the prepared
microcapsules was studied by incubating HEK 293T cells, for which
live cell staining was carried out. The green fluorescence signal
from the cells (Fig. 6b, e) is evidence that the cells were alive.
The cells were growing both on the microcapsule surface as well
as in between them (Fig. 6c, f), showing that the microcapsules
were cell-friendly. Compared with the control cells (cells seeded
on a surface without microcapsules shown in Fig. S7), the cells
showed 3D structured growth on the microcapsule surface (Figs. 6
and S8) and the cell-cell interaction was increased (Fig. 6). Further-
more, the images show the microcapsules’ structural stability in
the presence of cells and cell culture conditions (Fig. 6a, d). The
microcapsules’ structural stability was not altered even after three
days of cell culture conditions and the cells caused no microscop-
ically visible damage to the capsules. These results demonstrate
the potential of the present capsules in further cell-based micro-
capsule applications such as microcapsule based scaffold in tissue
engineering [34,35].
4. Conclusions

In conclusion, biomimitic microcapsules based on plant cell
wall polysaccharides were successfully prepared and studied. The
present study demonstrated a fine interplay between permeability
of the microcapsules in different media and the composition of the
microcapsule wall. The produced (CNF/XyG/CNF/AP)2CNF/XyG
microcapsules’ were partially permeable to 2000 kDa FITC-
dextrans (hydrodynamic diameter of ca. 54 nm) in water, but in
saline conditions (250 mM NaCl), the microcapsules’ permeability
dropped and partially entrapped 70 kDa FITC-dextran molecules
(hydrodynamic diameter of 12 nm). By washing the capsules with
water, the entrapped FITC molecules could be released again. These
results are contrary to previous permeability results for citrate
cross-linked CNF/AP micocapsules, that entrapped 70 kDa FITC
dextrans in water, but released all molecules in saline conditions.
The improved barrier properties in saline condition, the selective
permeability of the capsule wall, the biocompatibility and the
all-dietary fiber based capsule wall expand the applications of
these capsules towards biomedical research e.g. targeted release
in the gastro-intestinal tract, 3D cell culture as well as for selective
permeability applications. Such model plant cell capsules might
also further improve the understanding for the digestion and
release of nutrients from natural parenchyma cells in vegetables
and fruits. Future work is in progress to investigate the average
pore size and pore size distribution of the capsule wall of the pre-
sent biomimetic microcapsules.
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1. Morphological Characterization of CNF and CaCO3 microparticles 

 

Figure S1.  a) AFM image of cationic cellulose nanofibrils, b) CLSM image of CaCO3 

microparticles, c) SEM image of CaCO3 microparticles and d) high magnification SEM 

image of CaCO3 microparticles surface. Arrow in c) points to a calcite crystal. 

 

Cationic CNF and CaCO3 were prepared as described earlier [1]. The thickness of the CNF 

was 2.5 ± 0.8 nm (Figure S1a) attained from AFM height measurement. The SEM images of 

the prepared CaCO3 microparticles and the CaCO3 surface nanostructure are shown in Figure 

S1c and d, respectively. The microparticles are spherical, 16 ± 4µm in diameter, but the 

sample occasionally contained some contaminating calcite crystals (Fig.S1.c arrow). 

 

 



2. Energy-Dispersive X-ray Spectroscopy (EDS). 

EDS analysis of the microcapsules was performed using a X-MaxN 80 Silicon Drift Detector 

(SDD) from Oxford Instruments (U.S.A.) attached to the Hitachi SEM S-4800 to find out the 

efficiency of the CaCO3 core removal. The accelerating voltage of 7.5 kV was used for the 

EDS analysis to ensure a proper excitation of the calcium L line (3.69 kV). 

 

Figure S2. EDS spectrum for a (CNF/XyG/CNF/AP)2CNF/XyG microcapsule after core 

removal with EDTA. 

The EDS result (Figure S2) clearly shows the absence of calcium ions in the microcapsules 

and it is an evidence for the complete core removal. The silicon peak is coming from the 

substrate on top of which the microcapsules were deposited for the EDS analysis. 

 

 

 



3. Chemical composition of the polymers and microcapsules 

 

Figure S3. FTIR measurements for AP (blue), CNF (red), XyG (green) and 

(CNF/XyG/CNF/AP)2CNF/XyG microcapsules after core removal (orange). 

 

The characteristic intensity bands for AP (blue), CNF (red), XyG (green) and 

microcapsules (orange) are shown in Figure S3. In the FTIR spectrum of AP, the 

characteristic bands for the carbonyl groups stretching (C=O) present in esterified carboxylic 

acid group and carboxylate ion stretching (COO-) are seen, which correspond to the high 

intensity band at 1732 cm-1 and low intensity band 1611 cm-1, respectively [1]. For XyG, the 

band at 1365 cm-1 corresponds to xyloglucan’s CH2 bending [2]. The presence of all 

microcapsule wall components’ characteristic bands confirms the successful incorporation of 

the polymers and especially XyG (orange). It is also noticed that in the spectrum for the 

microcapsules, the absorption band at 1602 cm-1, which corresponds to carboxylate ion 

stretching (COO-) (comes from AP) is slightly increased. It is due to long time incubation in 

alkaline EDTA solution for complete core removal, and the –COO- form might be stabilized 



(after washing with water) by the cationic groups on CNF. Apart from this, no further 

modification was observed in the microcapsules.   

 

 

4. Surface morphology of the microcapsules 

 

Figure S4. High magnification SEM images of a) (CNF/XyG)5  microcapsules’ surfaces and 

b) (CNF/XyG/CNF/AP)2CNF/XyG microcapsules’ surfaces. Arrows in figure a) point to the 

pores present at the surface of the microcapsule.   

The (CNF/XyG)5 microcapsules’ structural instability might be due to the poor adsorption 

of polymers on CaCO3 surface. After core removal, the (CNF/XyG)5 microcapsules displayed 

a highly fibrous capsule structure, as can be seen in Figure. S4a. For the 

(CNF/XyG/CNF/AP)2CNF/XyG microcapsules, the CNF nanofibrils appeared better  

embedded in the matrix and showed a denser structure (Figure S4b) compared with the 

capsule wall structure for the (CNF/XyG)5  microcapsule (arrows in Figure S4a). 

  



5. Effect of salt on XyG 

The effect of different salt concentration on the hydrodynamic diameter of XyG was studied 

as a function of 50, 100 and 250 mM NaCl, see Figure S5. The concentration of the XyG was 

kept constant (0.05 wt %). The DLS data clearly shows that the hydrodynamic diameter of 

XyG is not affected by NaCl concentrations ranging from 0 to 250 mM.  

 

 

Figure S5. DLS data for XyG (0.05 wt%) in water and different salt concentration (50, 100 

and 250 mM NaCl).  

  



6. Effect of salt on microcapsules 

 

 

Figure S6.  CLSM images of (CNF/XyG/CNF/AP)2CNF/XyG microcapsule’s exposed to 

2000 kDa FITC-dextran in 250 mM NaCl salt. a) FITC- channel and b) trans- channel. Insert 

in b shows the fluorescence intensity profile of the corresponding microcapsule dotted in 

image a. Note: core removed with 250 mM EDTA in water, capsules were then thoroughly 

washed with water and subsequently saturated with 250 mM NaCl salt solution. 

 

The effect of salt on microcapsules’ permeability was studied by exposing the capsules to salt 

followed by adding FITC-dextran in the same salt concentration. The microcapsules were 

impermeable to 2000 kDa FITC-dextran in saline conditions, see Figure S6.  

 

  



7. Control cells  

The images in Figure S7 show Calcein-Am stained HEK-293T cells on a flat ibidi surface. 

The green signal is an indication that the cells are alive. Compared with the cells on 

microcapsule surface (Figure 6 in the main article), the cell to cell interaction is low. It is due 

to the typical contact growth inhibition on flat 2D surfaces.  

 

 

Figure S7. CLSM images of Calcein-Am stained HEK 293T cells on flat ibidi surface. a, c) 

trans channel and b, d) fluorescence channel. All scale bars are 50 µm. 

 



 

Figure S8. SEM image of HEK 293T cells incubated with microcapsules after three days. 

White arrows point to the microcapsules and the black arrow points to the cells.  

The cells are growing both on the capsule surface and in between the capsules. Figure S8 

shows the cell interaction with the capsules. It is clear from the image that the cells have high 

affinity to the microcapsules and that they spread well on the surface of the microcapsules.  
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ABSTRACT The structural integrity of living plant cells heavily relies on the plant cell wall 22 

containing a nanofibrous cellulose-skeleton. Hence, if synthetic plant cells consist of such a cell 23 

wall they allow for manipulation into more complex synthetic plant structures. Herein, we have 24 

overcome the fundamental difficulties associated with assembling lipid vesicles with cellulosic 25 

nanofibers. We prepared plantosomes with an outer shell of cellulose nanofibers (CNF) and 26 

pectin, and beneath this, a thin layer of lipids (oleic acid, phospholipids) that surrounds a water 27 

core. By exploiting the phase behaviour of the lipids, regulated by pH and Mg2+ ions, we form 28 

vesicle-crowded interiors that change the outer dimension of the plantosomes, mimicking the 29 
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expansion in real plant cells during e.g. growth. The internal pressure enables growth of 30 

microtubular structures through the plantosome cell wall, which is pivotal for the development of 31 

hierarchical plant structures and for cell-to-cell communication. Our results highlight new 32 

opportunities for developing advanced synthetic plant cell mimics. 33 

INTRODUCTION 34 
 35 
The field of synthetic biology has widened our understanding of modern animal cells and 36 

provided inspiration and innovative ideas for material chemistry.1-4 Several attempts have been 37 

made to construct synthetic animal cells.5-7 However, examples of synthetic plant cells, with both 38 

cell wall and plasma membrane mimics, have to our knowledge not been reported. This is 39 

surprising, since plant cells have well-defined structures (plasmodesmata) that serve as 40 

communication bridges across individual cells,8-10 and a synthetic plant cell could therefore serve 41 

as a simple model to understand intracellular communication. A major challenge when 42 

constructing synthetic plant cells is to prepare a continuous cellulosic nanofiber (CNFs) layer on 43 

top of biomimetic plasma membranes.11 In natural plant cells, a cell wall surrounds the plasma 44 

membrane.12 In parenchyma cells, the wall is a thin primary-cell-wall that encompasses a 45 

nanofibrous-cellulosic-network, pectin, hemicellulose and minor fractions of structural 46 

proteins.13 The so-called cellulosic microfibrils, typically having a width of ~4 nm and several 47 

micrometers in length, are essential for the mechanical and structural integrity of the plant-cell-48 

wall.13 Cellulosic microfibrils can be extracted from plants in the form of CNFs.14 However, due 49 

to their considerable length and semicrystalline nature, it has not been possible to assemble 50 

CNFs on top of vesicles; lipid vesicles typically have diameters below the micrometer range, 51 

while CNFs consist of stiff crystalline segments (~300 nm in wood) and only allow coating-52 

formation on top of spherical structures above ~600 nm in diameter.15 Natural plant cells are 10-53 
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100 µm in size,12 and thus to mimic plant cells, micrometer-sized vesicles are necessary. Giant 54 

unilamellar phospholipid vesicles (GUVs) are micrometer-sized, but quite fragile and do not 55 

resist any type of coating procedure. Recently, more robust GUVs were successfully prepared, 56 

by using an outer stabilizing layer of block-co-polymers to first encapsulate several small 57 

vesicles in water-in-oil droplets, followed by the fusion of vesicles into one single GUV inside 58 

each water-droplet.16 Unfortunately, such a protocol cannot be used with natural CNFs (where 59 

CNFs take the role of the block-co-polymer), as CNFs can only be dispersed in water. However, 60 

at Oil/Water interfaces nanocellulose possesses unique colloidal and physicochemical properties, 61 

which can be used to assemble CNFs at such interfaces,15,17 and we exploit these properties to 62 

obtain a “dense” continuous layer of self-assembled CNFs on top of a lipid-membrane. 63 

   Herein the primary plant-cell-wall-polysaccharides, nanocellulose and pectin, are combined 64 

with oleic acid (OA), oleate and structural plant phospholipids to generate plant-cell-inspired 65 

microcapsules, which we call “plantosomes”. OA has previously been used in the assembly of 66 

models of primitive cells, so-called protocells.18,19 OA and oleate show rich phase behaviour in 67 

aqueous media,20-22 which can be utilized together with phospholipids, for an alternative 68 

fabrication route of plant-cell-mimics. Similar to the turgor pressure mechanism in real plant 69 

cells, the phase behaviour of the OA/oleate-rich interior of plantosomes can be utilized to expand 70 

the microcapsules. Moreover, by tuning the formation conditions, the plantosome interior can be 71 

filled with a crowded lipid-based milieu that also extends through the polysaccharide capsule 72 

wall in the form of microtubular structures that remind of plasmodesmata. The present study 73 

represents an important step towards fabrication of advanced synthetic plant cells, and studies of 74 

such synthetic cells in physiologically relevant settings might improve our understanding of the 75 

evolution of plant cells. 76 
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RESULTS AND DISCUSSIONS  77 

Formation of CNF/Pectin shell microcapsules with oleic acid/oleate cores. First, we studied 78 

the self-assembly of OA/oleate and the polysaccharides to understand how the phase behaviour 79 

of OA could be exploited to make artificial plant cells. OA forms an oil-in-water emulsion at low 80 

pH (<7), but cubic, lamellar and micellar phases upon increasing the pH to, respectively, 7.5, 8-9 81 

or even higher.20 In the present study, cationic CNFs, extracted from wood pulp, were used in the 82 

fabrication of plant cell mimics (Fig. 1a). A 288 mM OA solution in chloroform was emulsified 83 

in the presence of an aqueous CNF suspension (0.059 wt%), using a 1:1 volume ratio (Fig 1b). 84 

The nanofibers accumulated at the Oil/Water interface and stabilized the emulsion 85 

(Supplementary Fig. 1-3).15 Sugar beet pectin was adsorbed on top of the CNF layer 86 

(Supplementary Fig. 4-5), further providing stability and allowing microcapsule with OA/oleate 87 

cores to evolve. Both CNF and pectin were pivotal for stability during the microcapsule 88 

formation (Supplementary Fig. 1-4). The final microcapsules were formed by evaporating the 89 

chloroform, followed by adjusting the pH of the microcapsule suspension to 2 and then 6.5 90 

(details in Supplementary Fig. 3). Prior to evaporation of chloroform, the CNF/pectin stabilized 91 

oil droplets contained both chloroform and OA and had a diameter of 39 ± 15 µm (Fig. 1d). In 92 

addition, the interior of the oil-phase occasionally contained water droplets (arrow in Fig. 1e). 93 

The final microcapsules, on the other hand, were much smaller, 27 ± 11 µm (Fig. 1d and 1f), 94 

which corresponds to a significant volume decrease of 67 vol% and shrinking of the outer 95 

CNF/pectin wall area with 52%, on average. The large volume shrinkage, and the pH (6.5) of the 96 

suspension, suggests a microcapsule interior presenting high oleic acid content in its protonated 97 

form20 and some occasional water droplets.  98 
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 99 
Figure 1. Polysaccharide assembly on the surface of lipid droplets. (a) AFM image of the 100 
cationic CNFs. (b) Schematic representation of the preparation of CNF/pectin stabilized 101 
microcapsules with OA/oleate cores. (c) Proposed organization within the obtained 102 
microcapsule, including the organisation of the OA/oleate beneath the outer CNF/pectin shell. In 103 
(b) and (c): water - blue, lipid - yellow, pectin – green, CNF-brown. The size distribution (d) and 104 
representative bright field images of CNF/pectin stabilized oil droplets prior to chloroform 105 
evaporation (e) and for microcapsules (f). Arrows in (c), (e) and (f) point to encapsulated water 106 
droplets. Height bar: 0 - 6.8 nm (a). Scale bars: 500 nm (a) and 50 µm (e and f).  107 

 108 

To identify the interior oil and water parts, the microcapsules were exposed to dyes which 109 

labelled the hydrophobic lipid core regions (rhodamine 6G, Rh-6G)23 and the aqueous regions 110 

(sulforhodamine 101, SR-101)23 of the microcapsule interior. These dyes confirmed that the 111 

microcapsule interior consisted mainly of lipid (Fig. 2a-b, stained with Rh-6G), with a minor 112 

fraction of water droplets (Fig. 2c-d, SR-101). Polarized optical microscopy (POM, Fig. 2e) 113 

revealed Maltese crosses at the outer rim of the microcapsules, indicative for concentrically 114 

organized lipids. A lamellar lipid organization was supported by SAXS measurements 115 

(Supplementary Fig. 6).  116 
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 117 
Figure 2. Microscopy images of microcapsules with predominately lipid in the interior. 118 
CLSM images of (a-b) microcapsules exposed to rhodamine 6G (Rh-6G, 0.01 mg mL-1) and (c-119 
d) sulforhodamine 101 (SR-101, 0.5 mg mL-1). Insets show intensity line profiles obtained from 120 
the marked lines. (a, c) and (b, d) are fluorescence and transmission images, respectively. (e) The 121 
OA/oleate lipids were organized concentrically in the periphery (below the CNF/pectin capsule 122 
wall) of the microcapsules, observed as Maltese crosses in POM. In (f), light microscopy image 123 
of empty and collapsed microcapsule walls (i.e. devoid of OA/oleate cores). The capsules were 124 
emptied by increasing the pH, see Video 1. The capsule walls were stained blue with calcofluor-125 
white stain. The arrows point to burst cavities. Scale bars: 20 µm (a-d and f) and 50 µm (e). 126 

 127 

   To reveal the presence of the encasing CNF/pectin wall, the lipids were removed from the 128 

microcapsule interior (Supplementary Video 1) and the remaining microcapsule walls were 129 

stained with a cellulose-binding dye (calcofluor-white stain; Fig. 2f and Supplementary Fig. 7). 130 

The lipid-core removal was achieved by increasing the pH, which led to lipid solubilisation into 131 

vesicles and then micelles. In the process, the interior volume expanded with a concomitant 132 

microcapsule radius increase, signifying a large extensibility of the encasing CNF/pectin wall. 133 

The radius and volume of the microcapsules in Video 1 increased with ca. 41% and 180 vol%, 134 
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respectively, during the expansion, which is in the same order as the observed shrinkage during 135 

microcapsule preparation (Fig. 1d). The increase in the outer capsule wall area was 98%. 136 

Occasionally microcapsules also burst during the expansion (the arrows in Fig. 2f point to such 137 

burst cavities). 138 

 139 

Formation of CNF/pectin shell microcapsules with a thin lipid layer and a large interior 140 

water compartment - plantosomes. The microcapsules in Fig. 1-2 contained mostly lipid in 141 

their cores. Living parenchyma cells, on the other hand, contain a water-based cytoplasm 142 

enclosed by the plasma membrane, and ~ 1 wt% of  lipid (hydrated state).24 To include a higher 143 

fraction of water and less lipids in the interior of the microcapsules, a small amount of 144 

phospholipids (0.22 mol% with respect to the total lipid amount), was also dissolved in the 145 

chloroform solution that was used in the production protocol. In this way, a population of 146 

microcapsules, consisting of CNF/pectin shells with very thin lipid layers beneath the shell and 147 

large water droplets in the interior, was attained (Fig. 3). We call them plantosomes. A mixture 148 

of POPE and POPC (1:5 mol ratio) was used in the self-assembly process. These phospholipids 149 

are naturally found in the plasma membrane of plant cells and  plasmodesmata,9 representing 68-150 

80% of the structural phospholipids.25 Only a small amount of phospholipid was necessary (0.3 151 

mM of phospholipid in the chloroform phase) to achieve the spontaneous self-assembly into 152 

plantosomes. The final microcapsule suspension was, still, a mixture of capsules with varying 153 

sizes of water-filled cavities (plantosomes, black arrows), and in some cases, the water cavity 154 

was missing (microcapsules, white arrows Fig. 3a-b). 155 



 8

 156 
Figure 3. Plantosomes - microcapsules with thin interior lipid layers and large water-filled 157 
cavities. (a) Bright field image prior to chloroform evaporation. A mix of CNF/pectin stabilized 158 
chloroform/lipid droplets devoid of water droplets or with varying sizes of water droplets, some 159 
of which were very large and filled out a large volume of the inner core (plantosomes). The lipid 160 
phase consisted of OA, POPE and POPC. (b) The final microcapsule population (after 161 
chloroform evaporation) consisted of capsules with a similar composition as in (a). Black and 162 
white arrows point to plantosomes and microcapsules devoid of water in the interior, 163 
respectively. (c) POM (bright field) image showing the organization of lipids in a plantosome. 164 
(d) CLSM images of plantosome and microcapsules showing the interior water parts stained with 165 
SR-101 (0.5 mg mL-1). (e) Combined fluorescence-transmission image of plantosomes and 166 
microcapsules containing Rh-DOPE (red) in the lipid phase. A superimposed fluorescence 167 
intensity profile is included for one plantosome. (f) Fluorescence intensity profile for a 168 
plantosome exposed to FITC-dextran ( = 4 kDa, 1 mg mL-1). The lipid phase contained Rh-169 
DOPE. (g) Schematic representation of the cross-section of a plantosome. Scale bars: 20 µm (a-170 
b) and 10 µm (c-f). 171 
 172 
 173 
     After chloroform evaporation, the pH of the capsule suspension was around 5.8-5.9, which 174 

means that the OA was mainly present in its protonated form within the lipid layer.20-22 The 175 

lipids were found in one or a couple of concentric rings in the periphery (Fig. 3c) of the 176 

plantosomes and a space between them could sometimes be observed (Supplementary Fig.8a). 177 
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The presence of the large water compartments in the interior in the plantosomes was further 178 

verified by exposing them to the permeable water-soluble dye SR-101 (Fig. 3d). In Fig. 3e, the 179 

plantosomes and microcapsule also contained a rhodamine-labelled phospholipid (Rh-DOPE) (in 180 

Supplementary Fig. 8b the orthogonal section of the same plantosomes is presented). The 181 

resulting plantosomes were not permeable to small FITC-dextran molecules ( = 4 kDa), 182 

although a fraction of FITC-dextran could enter the space between the concentric lipid rings. 183 

Still, no FITC-labelled dextran was observed in the interior water core of the plantosome (Fig. 184 

3f).  185 

 186 

Expansion, formation of tubular lipid structures and transformation of plantosomes. Plant 187 

cells are normally under turgor pressure, which tightly presses the plasma membrane against the 188 

cell wall.12 The cell wall, on the other hand, preserves the plant cell and protects it from bursting. 189 

At the same time, plant cells are able to allow tubular membrane structures to cross their cell 190 

wall and act as a communication bridge across cells. The turgor pressure is controlled by the 191 

vacuoles, which are fluid-filled compartments that are able to expand the plant cells via osmotic 192 

uptake of water. Such cell enlargement is critical during e.g. cell growth. 193 

   We therefore tested whether it is possible to expand our plantosomes and create a crowed lipid 194 

milieu in the interior. To enable expansion, we allowed the interior OA/oleate/POPC/POPE 195 

lipids to self-assemble spontaneously into vesicles by gradually raising the pH from 5.8 to 8.6 in 196 

the presence of 0.2 M ammonium acetate, which is a solute that is highly permeable through 197 

vesicle membranes.20,22,26 Under these conditions, a pure OA/oleate/POPC/POPE mixture in 0.2 198 

M ammonium acetate self-assembles into vesicles (Supplementary Fig. 9). The role of the 199 

ammonium acetate was to enable faster diffusion of water into the interior of the plantosomes,26 200 



 10

which was critical in plantosome expansion. In situ CLSM monitoring of plantosome expansion 201 

is presented in Fig.4 (Supplementary Video 2, transmission images in Supplementary Fig. 10). 202 

When the pH increased from 8.0 to 8.3, the interior of the plantosome was filled (Fig. 4d). The 203 

largest expansion in plantosome size was observed in the last pH step.22 The plantosome (in 204 

Fig.4a-f) increased 29% in radius which gives a surface area enlargement of 66%, which is 205 

somewhat larger than the values obtained for a larger population of plantosomes (n=9): 13 ± 9% 206 

in radius increase and area increase of 28 ± 22%. In (f) the same plantosome is shown after one 207 

hour at pH 8.6 and demonstrate that the plantosome withstands the expansion over extended time 208 

periods. In Fig. 4i-j, the expansion of microcapsules (devoid of water cores), along with one 209 

plantosome, is presented. Such microcapsules (n=4) were consistently enlarged to a much higher 210 

degree: in the given example the average increase in radius was 68 ± 8% with an increase in the 211 

surface area of 184 ± 26%. The values obtained from a larger population of microcapsules 212 

(n=22) were: 66 ± 12% and 177 ± 39% increase in radius and surface area, respectively. The 213 

larger expansion power is attributed to the high content of lipid in the interior; note that the 214 

capsule wall of microcapsules with lipid only in the interior also experience a large shrinkage 215 

during chloroform evaporation (Fig.1d). In the latter case, the capsule wall demonstrated a 216 

remarkable extensibility. Previous studies showed that highly plasticized CNF/polysaccharide 217 

film can only be elongated in the order of 20% (at 20-40 wt% CNF) until it breaks.14 Assuming 218 

only thinning (no necking) of the film, the area increase would be 20% for such a film, which is 219 

much lower than the observed area increase for the present microcapsule wall. Therefore, we 220 

hypothesize that the large expansion of the capsule surface cannot only be due to nanofiber pull-221 

out and capsule wall thinning, but is also enabled due to “stretching” a crumpled capsule wall 222 

surface. A crumpled/buckled surface area has previously been observed and reported for 223 
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nanocellulose-based particles subjected to significant shrinkage during fabrication.27,28 The 224 

structure arises at some point during the shrinking process, when the CNFs transit into a 225 

kinetically arrested state.10, 11 When this occurs, the surface buckles and a crumpled capsule wall 226 

structure, with folds on the sub-micron length scale, is obtained.28 The exact morphology of the 227 

crumpled structure will depend on the shrinkage conditions (examples of crumpled capsules, 228 

after chloroform evaporation, are included in Supplementary Fig. 3a and 11 and Video 1).10, 11  229 

 230 
Figure 4. Formation of vesicles inside plantosomes. CLSM images of plantosome in (a) 100 231 
mM NaCl solution, (b) transferred into 0.19 M ammonium acetate solution (with 100 mM NaCl) 232 
at pH 6.5. Increasing the pH in a step-wise manner (c) to 8.0 (d), 8.3, and finally (e) to 8.6. After 233 
the final pH increase, an “expanded plantosome” is created. In (f) after one hour at pH 8.6. (g) 234 
Proposed mechanism for the formation of vesicles in the interior. (h) Orthogonal view of the 235 
expanded plantosome in (e). In (c)-(h): the medium contained 0.2 M ammonium acetate, 100 236 
mM NaCl. The lipid phase contained OA/oleate, POPE, POPC and Rh-DOPE (red). In (i) and 237 
(j): The same type of experiment repeated for a plantosome and microcapsules (without water 238 
cavities). The pH is 6.5 (i) and 8.6 (j). The average increase in radius (k) and surface area (l) for 239 
a population of microcapsules (n = 22) and plantosomes (n = 9). Scale bars: 10 µm. 240 
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 241 

In all cases, the expansion resulted in a highly crowded interior lipid milieu (illustrated in 242 

Fig. 4g). After expansion, however, all expanded structures appeared similar, irrespective of the 243 

starting structure, i.e. a plantosome or a lipid-filled microcapsules (Fig. 4i-j). Therefore, we refer 244 

to all of them as “expanded plantosomes”. The expanded plantosomes in 0.2 M ammonium 245 

acetate were highly permeable to 4 kDa FITC-dextran (Supplementary Fig. 12) and the absence 246 

of Maltese crosses in the interior of expanded plantosomes (Supplementary Fig. 13) signified 247 

that the formed lamellar structures were thin and below the detection limit of an ordinary POM. 248 

Interestingly, the strong capsule wall, CNF and pectin, was (in most cases) able to withstand the 249 

pressure produced by the formed vesicles, taking on a similar role to that of the plant cell wall in 250 

real plant cells. The primary cell wall in parenchyma cells still withstands high turgor pressures 251 

during the growth of the plant cells, despite being in a highly hydrated state, which is primarily 252 

due to the skeletal cellulosic nanofiber network in the cell wall.13 253 

To release pressure in some of the most overcrowded expanded plantosomes, tubular 254 

protrusions appeared and extended from the plantosome surfaces (Fig. 5a, faintly observed in 255 

Fig. 4j, Supplementary Video 3 and Supplementary Fig. 14). These protrusions remained 256 

attached to the expanded plantosome surface throughout the duration of the experiment. Tubular 257 

protrusions were more commonly observed from the expanded plantosomes that had completely 258 

been filled with lipid prior to expansion (e.g. previous microcapsules devoid of water cores). 259 

OA/oleate vesicles have previously been reported in literature to grow as thread-like/tubular 260 

vesicles that are predisposed to divide.26,29 These are created by feeding multilamellar OA/oleate 261 

vesicles with additional micelles, and as the additional lipids were incorporated much faster into 262 

the outermost lipid membrane layer compared to the inner, the outermost membrane grew by 263 
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forming protrusions.26 However, the same group observed that in the presence of 0.2 M 264 

ammonium acetate the outermost membrane layer of a multilayer OA/oleate vesicle expands as a 265 

sphere (no protrusions).26 Herein, we observe thread-like structures, in the presence of 0.2 M 266 

ammonium acetate and with the source for lipids being the interior of the 267 

microcapsules/plantosomes. We hypothesize that our tubular structures are due to the outer very 268 

strong restraining cage-like CNF/pectin wall, which limits indefinite expansion and only allows 269 

the lipid to escape through “holes” in the CNF/pectin wall. This observation implies that fatty-270 

acid-based membranes with a small fraction of phospholipids have the ability to form tubular 271 

structures that extend beyond the boundaries of a rigid plant cell wall, which is pivotal for the 272 

development of hierarchical plant structures. The phospholipids themselves are not able to form 273 

tubular structures, under the given experimental conditions, as previously reported.30,31 Pure 274 

fatty-acid-based membranes have been considered to be the earliest forms of cell membranes.5,19 275 

Indeed, today’s plant cells use tubular structures (up to hundreds of nm in diameter), called 276 

plasmodesmata (PD), to connect neighbouring cells across the cell wall.12 The PD, which are 277 

connected to the endoplasmic reticulum (ER) in the interior of plant cells, are vital for 278 

intercellular communication, development and defence against pathogens.8,12,32  279 
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 280 
Figure 5. Tubular lipid structure formation and expanded plantosomes after exposure to 281 
Mg2+ ions. CLSM images (fluorescence and transmission images) of (a) tubular lipid protrusions 282 
from expanded plantosomes. Several, but not all, expanded plantosomes collapsed in the 283 
presence of Mg2+: (b) an expanded plantosome at pH 8.6 and (c) after exposure to Mg2+ (image 284 
taken at 10 mM). In some instances, the interior lipids were rearranged: (d) plantosomes with 285 
(occasional) giant vesicles in the interior (at 10 mM Mg2+). (e) Schematic representation of the 286 
lipid rearrangement that occurred for structures presented in (d). Scale bars: 10 µm. 287 
 288 

Divalent ions, such as Mg2+, are known to bridge and fuse vesicles.16 In an attempt to reduce the 289 

internal pressure in the expanded plantosomes, we exposed them to magnesium ions. The 290 

concentration of Mg2+ was increased in a step-wise manner, 2, 5 and 10 mM. In most cases, the 291 
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expanded plantosome structure collapsed (Fig. 5b-c) sometimes already in the presence of 2 mM 292 

Mg2+ (Supplementary Video 4). However, in some cases, the interior vesicles were transformed 293 

into a continuous supported layer at the plantosome inner interface. These plantosomes could 294 

then withstand higher Mg2+ concentration up to 5 mM (Video 4) or 10 mM, (Fig. 5d). In all of 295 

the cases, the tubular protrusions disappeared, suggesting that divalent ions changed the lipid 296 

packing in the plantosome membrane. Some interior vesicles also merged into giant vesicles that 297 

remained freely moving in the interior of the water-filled cavity (Fig, 5d and Video 4). 298 

In conclusions, a strategy has been developed that overcomes fundamental difficulties 299 

associated with assembling lipid vesicles with cellulosic nanofibers, which represents an 300 

important step towards advanced synthetic plant cells. The approach brings together different 301 

plant mimicking features and integrates lipid-mediated internalized structuration, expansion and 302 

tubular lipid structure growth in the same microcapsule structures. Just like in natural 303 

parenchyma cells, our studies show the pivotal role that the cellulosic nanofiber network has on 304 

restraining the expansion power of the interior aqueous environment. With our model, we show 305 

for the first time that a primitive fatty-acid-based membrane can form tubular structures that 306 

stretch across a plant-cell-wall and we hypothesize that the cage-like plant-cell-wall and turgor 307 

pressure might have played an important role in the formation of PD in primitive plant cells. The 308 

development of PD is a critical aspect of cell communication and the evolution of more 309 

hierarchical plant structures. The presented fabrication method opens up for future studies on 310 

more advanced plant cell models, permeability properties through plant-cell-wall/plasma 311 

membrane and intercellular ER models in different physiologically relevant settings and greater 312 

understanding of the evolution of plant cells. Finally, the fabrication protocol of plantosomes is 313 
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useful, not only for model-plant-cells, but also in the production of model systems for algae, 314 

yeast and bacteria. 315 

 316 

AUTHOR INFORMATION 317 

Corresponding Author 318 

*svagan@kth.se 319 

Author Contributions T.P. performed and analysed light microscopy, POM, QCM-D, AFM 320 

measurements and designed the modified Ibidi well experiments. T.P. and S.W. performed and 321 

analysed the CLSM measurements. D.C.F.W and A.D. performed and analysed SAXS-data. 322 

A.J.S. designed the experiments and preparation protocol of the plantosomes/microcapsules. 323 

A.J.S, M.C. and T.G.P. outlined the manuscript and all authors contributed to the writing of the 324 

manuscript. 325 

Funding Sources 326 

T.P and A.J.S would like to acknowledge SSF (ICA14-0045) for financial support.  327 

 328 

ACKNOWLEDGMENT Dr. P. Purhonen is acknowledged for help with TEM imaging. Prof. 329 

S. Mann is acknowledged for valuable feed-back.  330 

 331 

REFERENCES 332 

1 Villar, G., Graham, A. D. & Bayley, H. A Tissue-Like Printed Material. Science 340, 48-333 
52, doi:10.1126/science.1229495 (2013). 334 

2 Luisi, P. L. The emergence of life : from chemical origins to synthetic biology.  335 
(Cambridge University Press, 2006). 336 

3 Kumar, B. V. V. S. P., Patil, A. J. & Mann, S. Enzyme-powered motility in buoyant 337 
organoclay/DNA protocells. Nature Chemistry 10, 1154-1163, doi:10.1038/s41557-018-338 
0119-3 (2018). 339 



 17

4 Joesaar, A. et al. DNA-based communication in populations of synthetic protocells. 340 
Nature Nanotechnology 14, 369-378, doi:10.1038/s41565-019-0399-9 (2019). 341 

5 Szostak, J. W., Bartel, D. P. & Luisi, P. L. Synthesizing life. Nature 409, 387-390, 342 
doi:Doi 10.1038/35053176 (2001). 343 

6 Xu, C., Hu, S. & Chen, X. Artificial cells: from basic science to applications. Materials 344 
Today 19, 516-532, doi:https://doi.org/10.1016/j.mattod.2016.02.020 (2016). 345 

7 Rodríguez-Arco, L., Li, M. & Mann, S. Phagocytosis-inspired behaviour in synthetic 346 
protocell communities of compartmentalized colloidal objects. Nature Materials 16, 857, 347 
doi:10.1038/nmat4916 348 

https://www.nature.com/articles/nmat4916#supplementary-information (2017). 349 
8 Lucas, W. J. et al. Selective Trafficking of KNOTTED1 Homeodomain Protein and Its 350 

mRNA Through Plasmodesmata. Science 270, 1980-1983, 351 
doi:10.1126/science.270.5244.1980 (1995). 352 

9 Grison, M. S. et al. Specific Membrane Lipid Composition Is Important for 353 
Plasmodesmata Function in Arabidopsis. The Plant Cell 27, 1228-1250, 354 
doi:10.1105/tpc.114.135731 (2015). 355 

10 Brunkard, J. O., Runkel, A. M. & Zambryski, P. C. The cytosol must flow: intercellular 356 
transport through plasmodesmata. Current Opinion in Cell Biology 35, 13-20, 357 
doi:https://doi.org/10.1016/j.ceb.2015.03.003 (2015). 358 

11 Navon, Y., Radavidson, H., Putaux, J.-L., Jean, B. & Heux, L. pH-Sensitive Interactions 359 
between Cellulose Nanocrystals and DOPC Liposomes. Biomacromolecules 18, 2918-360 
2927, doi:10.1021/acs.biomac.7b00872 (2017). 361 

12 Buchanan, B. B., Gruissem, W. & Jones, R. L. Biochemistry & molecular biology of 362 
plants.  (American Society of Plant Physiologists, 2000). 363 

13 Cosgrove, D. J. Growth of the plant cell wall. Nature Reviews Molecular Cell Biology 6, 364 
850, doi:10.1038/nrm1746 365 

https://www.nature.com/articles/nrm1746#supplementary-information (2005). 366 
14 Svagan, A. J., Samir, M. A. S. A. & Berglund, L. A. Biomimetic polysaccharide 367 

nanocomposites of high cellulose content and high toughness. Biomacromolecules 8, 368 
2556-2563, doi:10.1021/bm0703160 (2007). 369 

15 Svagan, A. J. et al. Cellulose Nanofiber/Nanocrystal Reinforced Capsules: A Fast and 370 
Facile Approach Toward Assembly of Liquid-Core Capsules with High Mechanical 371 
Stability. Biomacromolecules 15, 1852-1859, doi:10.1021/bm500232h (2014). 372 

16 Weiss, M. et al. Sequential bottom-up assembly of mechanically stabilized synthetic cells 373 
by microfluidics. Nature Materials 17, 89, doi:10.1038/nmat5005 374 

https://www.nature.com/articles/nmat5005#supplementary-information (2017). 375 
17 Kalashnikova, I., Bizot, H., Cathala, B. & Capron, I. New Pickering Emulsions Stabilized 376 

by Bacterial Cellulose Nanocrystals. Langmuir 27, 7471-7479, doi:10.1021/la200971f 377 
(2011). 378 

18 Hanczyc, M. M., Fujikawa, S. M. & Szostak, J. W. Experimental models of primitive 379 
cellular compartments: Encapsulation, growth, and division. Science 302, 618-622, 380 
doi:DOI 10.1126/science.1089904 (2003). 381 

19 Mansy, S. S. et al. Template-directed synthesis of a genetic polymer in a model protocell. 382 
Nature 454, 122-U110, doi:10.1038/nature07018 (2008). 383 



 18

20 Mele, S. et al. Phase behavior in the biologically important oleic acid/sodium 384 
oleate/water system. Chemistry and Physics of Lipids 211, 30-36, 385 
doi:https://doi.org/10.1016/j.chemphyslip.2017.11.017 (2018). 386 

21 Suga, K., Kondo, D., Otsuka, Y., Okamoto, Y. & Umakoshi, H. Characterization of 387 
Aqueous Oleic Acid/Oleate Dispersions by Fluorescent Probes and Raman Spectroscopy. 388 
Langmuir 32, 7606-7612, doi:10.1021/acs.langmuir.6b02257 (2016). 389 

22 Edwards, K., Silvander, M. & Karlsson, G. Aggregate Structure in Dilute Aqueous 390 
Dispersions of Oleic Acid/Sodium Oleate and Oleic Acid/Sodium Oleate/Egg 391 
Phosphatidylcholine. Langmuir 11, 2429-2434, doi:10.1021/la00007a020 (1995). 392 

23 Han, H. S., Song, J., Hong, J., Kim, D. & Kang, T. Immiscible Oil–Water Interface: Dual 393 
Function of Electrokinetic Concentration of Charged Molecules and Optical Detection 394 
with Interfacially Trapped Gold Nanorods. Analytical Chemistry 86, 6160-6165, 395 
doi:10.1021/ac501378x (2014). 396 

24 Ohlrogge, J. & Browse, J. Lipid Biosynthesis. Plant Cell 7, 957-970, doi:Doi 397 
10.1105/Tpc.7.7.957 (1995). 398 

25 Murphy, A. S., Peer, W. & Schulz, B. The plant plasma membrane.  (Springer, 2011). 399 
26 Zhu, T. F. & Szostak, J. W. Coupled Growth and Division of Model Protocell 400 

Membranes. Journal of the American Chemical Society 131, 5705-5713, 401 
doi:10.1021/ja900919c (2009). 402 

27 Parker, R. M. et al. Hierarchical Self-Assembly of Cellulose Nanocrystals in a Confined 403 
Geometry. Acs Nano 10, 8443-8449, doi:10.1021/acsnano.6b03355 (2016). 404 

28 Svagan, A. J. et al. Liquid-core nanocellulose-shell capsules with tunable oxygen 405 
permeability. Carbohyd Polym 136, 292-299, doi:10.1016/j.carbpol.2015.09.040 (2016). 406 

29 Hentrich, C. & Szostak, J. W. Controlled Growth of Filamentous Fatty Acid Vesicles 407 
under Flow. Langmuir 30, 14916-14925, doi:10.1021/la503933x (2014). 408 

30 Jagalski, V. et al. Biophysical study of resin acid effects on phospholipid membrane 409 
structure and properties. Biochimica et Biophysica Acta (BBA) - Biomembranes 1858, 410 
2827-2838, doi:https://doi.org/10.1016/j.bbamem.2016.08.008 (2016). 411 

31 Marinov, R. & Dufourc, E. J. Thermotropism and hydration properties of POPE and 412 
POPE-cholesterol systems as revealed by solid state2H and31P-NMR. European 413 
Biophysics Journal 24, 423-431, doi:10.1007/bf00576714 (1996). 414 

32 Bayer, E. M., Mongrand, S. & Tilsner, J. Specialized membrane domains of 415 
plasmodesmata, plant intercellular nanopores. Front Plant Sci 5, doi:Artn 507 416 

10.3389/Fpls.2014.00507 (2014). 417 

 418 



1 
 

SUPPLEMENTARY INFORMATION 1 

Assembly of Primary Cell-Wall inspired Micro-2 

containers, Plantosomes, as a step towards a 3 

Synthetic Plant-Cell 4 

T. Paulraj, S.Wennmalm, D.C.F. Wieland, Andra Dėdinaitė, T. Günther Pomorski, 5 

M. Cárdenas, A. J. Svagan* 6 

 7 

1. Experimental Section 8 

Materials. Cellulose nanofibrils (CNF) modified with cationic quaternary ammonium groups (1.17 9 

mmol g-1 fiber) were prepared from never-dried softwood pulp (Nordic Paper Seffle AB, Sweden) 10 

as described earlier.1 The CNF fibrils have a high aspect ratio: the height is 2.5 ± 0.8 nm, obtained 11 

from AFM height measurements, and length is in micrometer range (Fig. 1a).1 The sugar beet 12 

pectin is a high methyl ester and naturally acetylated pectin (Genu®BETA-pectin) extracted from 13 

sugar beet pulp. It was a kind gift from CP Kelco (Lille Skensved, Denmark). The pectin has a 14 

degree of esterification around 55% and a degree of acetylation above 20%. Oleic acid (OA, purity 15 

≥ 99%), Sodium chloride, Chloroform (HiPerSolv ≥ 99.8%), Rhodamine 6G (Rh-6G), 16 

Sulforhodamine 101 (SR-101), Calcofluor-white stain stock solution (contains Calcofluor White 17 

M2R, 1 mg mL-1 and Evans blue 0.5 mg mL-1), Sodium hydroxide, Hydrochloric acid, 1-palmitoyl-18 

2-oleoyl-sn-glycero-3-phosphocholine (POPC), 1-palmitoyl-2-oleoyl-sn-glycero-3-19 

phosphoethanolamine (POPE), 1,2-dioleoyl-sn-glycero-3-phosphoethanolamine-N-(lissamine 20 

rhodamine B sulfonyl) (Rh-DOPE), FITC-dextran (4 kDa, FITC:Glucose = 1:250), were all 21 

purchased from Sigma-Aldrich (Sweden). Ammonium acetate (97%) was purchased from Alfa 22 

Aesar GmbH (Germany) and ammonium solution (25%) was purchased from Merck. µ-slides (4 23 



2 
 

well) was purchased from Ibidi GmbH (Germany). All chemicals were used without further 24 

purification.  25 

Preparation of working and stock solutions. All working solutions were prepared just prior to the 26 

experiments. A suspension of CNF (0.059 wt%) in 100 mM NaCl was prepared by diluting a 27 

concentrated CNF suspension (0.39 wt%) with MilliQ water and adding NaCl to obtain 100 mM 28 

NaCl. Afterwards, the CNF suspension was magnetically stirred overnight (350 rpm) at room 29 

temperature (RT). The pH of the final suspension was 7.0 ± 0.2. 30 

    To prepare 50 mL of the 0.2 wt% sugar beet pectin solution, 106 mg of pectin was dissolved in 31 

MilliQ water in the presence of ca. 180 µl of 1 M NaOH solution and magnetically stirred overnight 32 

at RT. The pH of the obtained solution was ca. 6.8.   33 

   A 288 mM OA in chloroform solution was prepared by mixing 0.94 g of OA with 15.64 g 34 

chloroform. The solution was stored at 4 °C prior to use.  35 

   The POPC/POPE phospholipid stock solution was prepared by mixing POPC and POPE in a 36 

molar ratio of 5:1 in chloroform. The final concentration was 1 mM POPC and 0.2 mM POPE in 37 

chloroform and it was stored at -20 °C.  38 

  The Rh-DOPE/POPC/POPE phospholipid stock solution was prepared by mixing the fluorescently 39 

labelled phospholipid (Rh-DOPE) with POPC and POPE, the final concentration was 1 mM POPC, 40 

0.14 mM POPE and 0.09 mM Rh-DOPE. The stock solution was stored at -20 °C. 41 



3 
 

42 

 43 
Supplementary Figure 1. Photographic images of the preparation of CNF stabilized lipid 44 
droplets. CNF (0.059 wt% in 100 mM NaCl, pH 7 ± 0.2), OA (288 mM) in chloroform: a) before 45 
mixing, b) immediately after mixing and c) after 15 min. Photographic images of the preparation of 46 
CNF stabilized OA/phospholipid/chloroform droplets. CNF, OA/phospholipids in chloroform: d) 47 
before mixing, e) immediately after mixing and f) after 15 min. The CNF stabilized oil droplets, 48 
taken from the middle phase in the Falcon tubes shown in c) and f), were used for microcapsules 49 
preparation.  50 

 51 

Preparation of CNF stabilized lipid droplets.  52 

Prior to the experiments all stock solutions were brought to RT.  53 

To prepare CNF-stabilized OA/chloroform droplets: From the working solutions, 1.5 g of CNF 54 

suspension (0.059 wt% CNF in 100 mM NaCl, pH 7 ± 0.2) and 2.23 g of OA in chloroform (288 55 

mM) was added to a 15 mL Falcon tube (Supplementary Fig. 1a). The CNF-stabilized lipid droplets 56 

were obtained by mixing with an IKA T25 digital Ultra Turrax (24,000 rpm), Supplementary Fig. 57 
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1b. The mixing was carried out in a sequential way i.e. 15 seconds mixing and 10 seconds pause, 58 

repeated three times, to ensure extensive mixing. After that, the droplets were allowed to settle for ~ 59 

15 min prior to use. They phase-separated into the upper water phase, middle CNF stabilized oil 60 

droplets and lower chloroform phase, Fig. 1c. The droplets, obtained from the middle part of the 61 

Falcon tube in Supplementary Fig. 1c, were immediately utilized to prepare microcapsules (see next 62 

section ”Preparation of microcapsules with OA/oleate cores”).  63 

 To prepare CNF-stabilized OA/phospholipid/chloroform droplets: An amount of 0.5 mL of the 64 

POPC/POPE stock solution (1 mM/0.2 mM POPC/POPE), 0.5 mL of chloroform, 1 mL of OA (288 65 

mM stock solution) and 2.3 g of the CNF suspension (0.059 wt% CNF in 100 mM NaCl, pH 7 ± 66 

0.2) was added into a 15 mL Falcon tube and mixed an IKA T25 digital Ultra Turrax (24,000 rpm, 67 

15 s mixing, 10 s pause, three repetitions). When the droplets also contained Rh-DOPE, 40 µL of 68 

the Rh-DOPE/POPC/POPE phospholipid stock solution was included in the above mixture and 69 

0.48 mL of the POPC/POPE stock solution was used instead of 0.5 mL. The droplets were allowed 70 

to settle for ~ 15 min prior to use, see Supplementary Fig. 1f. A light microscopy image of the 71 

obtained droplet is found in Fig. 3a in the main manuscript, which shows that some of them 72 

contained very large water cavities in the interior. Droplets, obtained from the middle part of the 73 

Falcon tube, were collected and used in the next microcapsule preparation steps (see next section 74 

“Preparation of plantosomes”). 75 

The importance of CNF in stabilizing the oil/water (O/W) interface (for all lipid composition 76 

mentioned above) could be understood from comparing with a system that was mixed with a 100 77 

mM NaCl solution (pH 7.0) devoid of CNF, results in Supplementary Fig. 2. No droplets were 78 

obtained in the absence of CNF, which clearly shows that CNF is very important in stabilizing O/W 79 

interface. 80 
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81 

 82 
Supplementary Figure 2. Lipid droplet formation requires CNF. Photographic image of 100 83 
mM NaCl (pH 7.0) and 288 mM OA in chloroform in absence of CNF: a) before mixing, b) 84 
immediately after mixing and c) after 15 min. Photographic image of 100 mM NaCl (pH 7.0; 85 
without CNF) and OA, phospholipids in chloroform: d) before mixing, e) immediately after mixing 86 
and f) after 15 min. Compare with results in Supplementary Fig. 1. 87 

 88 

Preparation of Microcapsules and Plantosomes.  89 

Preparation of microcapsules with OA/oleate cores: Equal amounts of the 0.2 wt% pectin working 90 

solution and a 200 mM NaCl in MilliQ-water solution (10 g each) were mixed (in a 40 mL glass 91 

vial) and the pH was adjusted to 10.0 with a 1 M or 0.1 M NaOH solution. The final working 92 

concentration of the pectin solution was 0.1 wt% in 100 mM NaCl. An amount of 300 µL of the 93 

CNF stabilized OA/chloroform droplets (middle phase, Supplementary Fig. 1c) was carefully taken 94 

and transferred into the pectin in 100 mM NaCl solution and the chloroform was evaporated under 95 
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magnetic stirring (350 rpm) overnight (15-18 h). Though the initial pH of the pectin was 10.0, 96 

immediately after adding the CNF stabilized oil droplets to the pectin solution, the pH of the 97 

dispersion was continuously dropping down during evaporation and stabilized at around pH 6.1. 98 

This is a consequence of the dissociation of oleic acid into oleate. Oleic acid is an oil-soluble fatty 99 

acid, which dissociates and forms oleate in the presence of salt and/or at higher pHs.2-4 100 

	( 	 ) ⇋ + ( )    (1) 101 

     After evaporation, the microcapsules float to the surface of the solution due to the entrapped 102 

OA/oleate. Then, the pH of the solution was adjusted to 2.0 with 100 mM HCl, and after 30 min the 103 

pH was raised to 6.5 with 100 mM NaOH to obtain the final microcapsules. For microcapsules used 104 

in SAXS measurements (see Section 3), the pH was raised to 6 or 7. Supplementary Fig. 3c and 3d 105 

show the overall transformation of CNF stabilized lipid droplets into microcapsules as derived from 106 

the microscopy images in Fig. 3a. As can be seen, after evaporation the microcapsules display a 107 

deflated/buckled shape, see “after evaporation” in Supplementary Fig. 3a. The shape of the 108 

microcapsules after chloroform evaporation highly depends on the initial pH of the surrounding 109 

pectin solution, see Section 9. However, despite the deflated/buckled shapes, the lipids (and also 110 

small water droplets) were well retained within the core, very little free (or none) OA/oleate were 111 

observed after evaporation in the bulk.  112 

 113 
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 114 
Supplementary Figure 3. Preparation of the microcapsules with OA/oleate cores only. (a) 115 
Light microscopy images of the microcapsules at different stages of the preparation: prior to 116 
chloroform evaporation, after chloroform evaporation, at pH 2.0 and pH 6.5 and the corresponding 117 
size distribution (b) determined by Light microscopy. Schematic illustration (c) of the different 118 
steps in the microcapsule formation and (d) cross-section of the final microcapsules obtained. 119 
Green - pectin, brown - CNF, blue – water, yellow – lipid. Scale bars: 50 µm 120 
 121 

During the pH decrease to 2.0, the capsule shape transforms from a buckled structure to a more 122 

apparent spherical shape, “At pH 2.0” in Fig. 3a (and Video 1). No coalescence, flocculation or 123 

breaking/leaking was observed. The resulting capsules were 22 ± 11 µm in size. By increasing the 124 

pH to 6.5, a minor influence on the average capsule size, 27 ± 11 µm, was observed, results in Fig. 125 

3a “At pH 6.5”. The microcapsule suspensions were stored at RT prior to further characterization. 126 

Preparation of plantosomes: The CNF stabilized OA/phospholipid/chloroform droplets (taken from 127 

the middle phase, see Supplementary Fig. 1f) could not be directly transferred to a 0.1 wt% pectin 128 

in 100 mM NaCl solution (pH 6.3), because aggregates were observed. To circumvent this, 300 µL 129 
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of the CNF stabilized OA/phospholipid/chloroform droplets was first dispersed in 1.5 mL 130 

Eppendorf tube containing 0.7 g of the 200 mM NaCl in MilliQ-water solution. The droplets were 131 

dispersed by repeatedly (trice) sucking and releasing the suspension with a Pasteur pipette, 132 

followed by transferring the dispersion to 9.3 g of 200 mM NaCl in MilliQ-water solution. 133 

Afterwards, the suspension was transferred to the 0.2 wt% pectin solution (10 g, pH 6.8) present in 134 

a 40 mL glass vial. Now the droplets were in a 0.1 wt% pectin in 100 mM NaCl solution with pH 135 

6.3. The chloroform was evaporated under magnetic stirring (350 rpm) overnight (15-18 h). The pH 136 

of the solution dropped (due to deprotonation of oleic acid) during evaporation and stabilized at 137 

around pH 5.8-5.9. The tubes and glass vials were protected from light using aluminium foil when 138 

Rh–DOPE was present. The final suspension was a mixture of capsules with large water-filled 139 

cavities (plantosomes), and in some cases, the water cavity was missing (microcapsules), see Fig. 140 

3b in the main manuscript. The suspensions were stored at RT prior to further experiments. 141 

 142 

Characterization 143 

    Light microscopy. Microcapsules, plantosomes, both during preparation and final structures 144 

(Fig. 1e-f and Fig. 3a-b in main manuscript and Supplementary Figs. 3a, 7 and 11), were studied 145 

with up-right light microscope (VisiScope, VWR, Sweden) equipped with VisiCam 16 Plus camera 146 

and 40x, 20x air objectives. 147 

    The size distribution for microcapsules (Fig. 1d and Supplementary Fig. 3b) prior to chloroform 148 

evaporation, after chloroform evaporation, at pH 2 and 6.5 was obtained from at least 400 149 

measurements (Image J, NIH, USA).  150 

    Polarized optical microscopy (POM). The organization of lipids in the interior of the 151 

microcapsules, plantosomes and expanded plantosomes was studied using an inverted Axio 152 
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Vert.A1 Light Microscope (Carl Zeiss, Germany) equipped with cross-polarized light filters and 153 

with 10x, 20x and 40x air objectives. 154 

      POM was used to monitor the change of molecular organization of OA/oleate inside 155 

microcapsules (microcapsule with only OA/oleate cores) in acidic and alkaline conditions, as well 156 

as the lipid release from microcapsule interior and microcapsule wall expansion. The results 157 

presented in Supplementary Video 1. A 100 µL microcapsule suspension, containing crumpled 158 

microcapsule structures obtained after chloroform evaporation, see light microscopy image “after 159 

evaporation” in Supplementary Figure 3a, was dropped on a microscopic slide and covered with a 160 

coverslip. The experimental setup is shown in Scheme 1. A 100 mM HCl solution was added at the 161 

rate of 2 µl/ min using a syringe pump (New Era Pump systems, USA), until the microcapsule 162 

became spherical in shape. Afterward, a 100 mM NaOH was added at the same rate to observe lipid 163 

release and microcapsule expansion. The empty microcapsule walls were stained with calcofluor-164 

white stain stock solution (1.5 mg mL-1), with the same pumping rate. After the dye reached the 165 

observation point, the flow was stopped and different capsules were imaged.  166 

167 
Scheme 1. Experimental setup to monitor the change in the microcapsules’ morphology as well as 168 
the lipid organization within microcapsules’ OA/oleate cores under acidic and alkaline conditions. 169 

 170 
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Atomic Force Microscopy (AFM). CNF (0.05 wt%) was dispersed in water and stirred overnight 171 

(350 rpm) at RT then the CNF was sonicated with Sonics Vibra-Cell, 80% amplitude, 750 W, 1/2″ 172 

tip for 60 s, (30 s on, 10 s off). Then the CNF was further diluted with water and 0.0025 wt % CNF 173 

was obtained. Plasma activated clean silicon wafer was dipped (1 min) in the CNF suspension and 174 

dried with nitrogen and AFM images were obtained (Scanasyst-air cantilever) using Bruker 175 

NanoScope V (U.S.A.). Images of 2 x2 µm in size with 512 × 512-pixel resolution were recorded 176 

using the software NanoScope 8.15.  177 

   Small-angle X-ray scattering (SAXS). The organization of the OA/oleate inside the 178 

microcapsules with OA/oleate cores at different final pH (2.0, 6.0 and 7.0) were also examined by 179 

Small-angle X-ray scattering (SAXS). The SAXS investigations were performed on Bruker 180 

Nanostar using an X-ray wavelength λ=1.54 Å and a sample to detector distance of 1.1m. X-ray 181 

data is plotted as a function of the scattering vector q which is defined as q = 4π/λ sin(Θ), with Θ 182 

being the scattering angle. The resulting q regime was 0.07 to 2.7 Å-1. The samples were measured 183 

in glass capillaries having a diameter of 2 mm and a wall thickness of 0.01mm. The samples along 184 

with the buffer were measured, which was later on subtracted for background correction. The data 185 

integration was performed using Fit2D. Further data processing was done in Matlab. For the data 186 

evaluation Gaussians were fitted to observable peaks. As the signal was quite low, no advanced 187 

fitting of model functions was possible.  188 

  Quartz Crystal Microbalance with Dissipation monitoring (QCM-D). The interaction of CNF 189 

and pectin was examined by QCM-D (Q-Sense, E4 model, Sweden) using Au-coated quartz 190 

crystals. Before the experiments, the crystals were thoroughly cleaned with the procedure described 191 

early5 and the adsorption steps were carried out at 25°C with a constant flow rate of 100 μL/min. 192 

The QCM-D results for CNF (0.059 wt% in 100 mM NaCl, pH 7 ± 0.2) and pectin (0.1 wt% pectin 193 

in 100 mM NaCl, pH 6.3) interaction and only the adsorption of pectin on the Au-sensor is shown 194 
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in Supplementary Fig. 5. Prior to and after the adsorption of CNF or pectin, a washing step was 195 

included using 100 mM NaCl in MilliQ-water. Sufficient time was allowed until a steady QCM-D 196 

signal was attained for each step. 197 

Cryo-TEM. Samples were imaged with a JEM-2100f (Jeol Ltd., Japan). A drop of the suspension 198 

containing vesicles was added to a Quantifoil holey carbon grid (R2/2, 200 mesh) and plunge-199 

frozen (FEI Vitrobot Mark III). The vesicle suspension was prepared almost in the same way as 200 

plantosomes are prepared, but in the absence of CNF and pectin. A droplet of the lipid in 201 

chloroform (consisting of 173 µL of 288 mM OA stock solution, 83 µL of POPC/POPE stock 202 

solution and 6.92 µL of the Rh-DOPE/POPC/POPE phospholipid stock solution) was added to 20 g 203 

of a 100 mM NaCl solution in MilliQ-water (pH ca. 6). The solution was put on magnetic stirring 204 

(350 rpm) overnight (17 h) to allow the chloroform to evaporate. The following day, 20 g of a 205 

solution consisting of 0.4 M ammonium acetate and 100 mM NaCl solution in MilliQ-water (pH 206 

8.62, adjusted with ammonia) was added. The suspension was shaken by hand and the pH was 207 

adjusted to 8.6 with ammonia. Afterwards, the suspension was passed 6 times through a 0.2 µm 208 

syringe filter. The lipid concentration in the final suspension was 1.2 mM.  209 

   Confocal Laser Scanning Microscopy (CLSM). CLSM imaging was performed using a Zeiss 210 

780 UV/Vis (Zeiss, Germany) equipped with C-Apichromat 40x/1.2 NA water immersion 211 

objectives at RT (Figures 2a-d and 3d-f in the main manuscript and Supplementary Fig. 8) or a 212 

LSM 510 UV/Vis (Zeiss, Germany) equipped with 40x/1.3 NA air objectives (Figure 4 and 5 and 213 

Supplementary Figs. 10, 12 and 14). Just prior to the experiments, the fluorophores Rh-6G, SR-101, 214 

and 4 kDa FITC-dextran with concentrations 0.02, 1.0 and 2 mg mL-1 respectively were prepared in 215 

100 mM NaCl and the pH was adjusted to 6.5 (Fig. 2 and 3 in the main manuscript). An equal 216 

volume of the freshly prepared fluorophores and the microcapsule (or plantosome) suspension were 217 

mixed and the microcapsules were studied with CLSM. The excitation/emission wavelengths in 218 
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water was 530/566 nm (Rh-6G), 586/605 nm (SR-101), 488/515 nm (FITC-dextran) and 562/583 219 

nm (Rh-DOPE). 220 

    The location of the lipid in the interior of microcapsules with OA/oleate cores, was studied by 221 

exposing microcapsules to the lipophilic Rh-6G dye, which has a much higher solubility in the 222 

OA/oleate phase compared to the water phase at pH 6.5, see section 5.6 The final concentration of 223 

Rh-6G was 0.01 mg mL-1 (Fig. 2a and 2b). It is important not to use a too high concentration of Rh-224 

6G in order to avoid self-quenching. 225 

  The location of water in the interior of microcapsules (OA/oleate core) (Fig. 2c, d) and 226 

plantosomes (Fig. 3d) was revealed by exposing the microcapsule suspension to hydrophilic SR-227 

101. The final concentration of the SR-101 was 0.5 mg mL-1. 228 

   The permeability of 4 kDa FITC-dextran through expanded plantosomes (that also contained Rh-229 

DOPE, results in Supplementary Fig. 12) was studied using 4 kDa FITC-dextran (Stokes radius of 230 

~1.4 nm, producer’s information). The concentration of the FITC-dextran was 1 mg mL-1. The 231 

dextran solution was prepared using a medium that contained 0.2 M ammonium acetate, 100 mM 232 

NaCl, pH 8.8 or 8.7 (adjusted with ammonia). Details of the experimental setup used to expand and 233 

study the plantosomes are given in the next section. 234 
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235 
Scheme 2. Experimental setup for imaging the plantosomes at different pH, 4 kDa FITC-dextran 236 
and different MgCl2 concentration. For details see text. 237 
 238 
 239 
 240 
 241 
Experimental setup for in situ monitoring with CLSM and a modified Ibidi well (pH, Mg2+, 242 

FTIC-dextran) 243 

The effect of different pH values and MgCl2 concentrations was studied (in the presence of 244 

ammonium acetate and NaCl) by using the plantosomes/microcapsule/expanded plantosomes with 245 

Rh-DOPE and CLSM. Details of the CLSM instrument and objectives used are found in the 246 

previous section. To study the effect of pH, 0.2 M ammonium acetate was prepared in 0.1 M NaCl 247 

solution and the pH was adjusted to 6.5, 8.2, 8.4 and 8.7 - 8.8 with ammonia (25%). A 0.4 M 248 

ammonium acetate in 0.1 M NaCl solution, pH 6.5, was also prepared. Different concentrations of 249 

MgCl2 (2, 5 and 10 mM) were prepared in a solution composed of 0.1 M NaCl and 0.2 M 250 

ammonium acetate and the pH was adjusted to 8.7 or 8.8 (with ammonia).  251 
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In situ observations were performed using a modified µ-slide well (Ibidi, Germany), as shown in 252 

Scheme 2. The spacer, cover-slide and tubes were glued using thiol resin. First 100 µL of capsule 253 

suspension (plantosomes and microcapsules) was added, and plantosomes/capsules entered the 254 

space between the cover slides (space ca. 400 µm in height) due to capillary forces. Then 500 µL of 255 

a 0.1 M NaCl solution in Milli-Q water was added. The setup was placed in the microscope and the 256 

tubes were connected to pumps and the area of interest was located. Then 500 µL of 0.2 M 257 

ammonium acetate (pH 6.5) followed by 500 µL of 0.4 M ammonium acetate (pH 6.5) was added 258 

carefully with the pipette and equilibrated for ~ 1 hour. Now the surrounding medium was a 0.19 M 259 

ammonium acetate, 0.1 M NaCl, pH~6.5. After that 0.2 M ammonium acetate with different pH 260 

(8.2, 8.4 and 8.7 or 8.8) was pumped (using syringe pump) one by one at the rate of 200 µL min-1 261 

and the solution was pumped out (using a peristaltic pump) from the chamber at the same speed and 262 

collected (Scheme 2). For the collected liquid (1.5 mL aliquot) at the outlet, the pH was recorded 263 

and reported. During the final pH-increase (from 8.3 to 8.6), the targeted pH was set to 8.60-8.69, 264 

and either a solution with pH 8.7 or 8.8 was used to reach this final pH. Results are found in Fig. 4, 265 

Fig 5a, Video 2 and Video 3, Supplementary Figs. 10, 12 and 14. After that, MgCl2 (2, 5 and 10 266 

mM) was pumped (200 µL min-1) and the changes were recorded (results in Fig. 5b-d and Video 4). 267 

Here the pH was also set to a pH between 8.60-8.69 and to achieve this, MgCl2 solutions 268 

(composition described above) with either pH 8.7 or 8.8 was used. Each solution was pumped for 269 

45- 60 min. 270 

 271 

 272 

 273 

 274 

 275 
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2. The importance of pectin  276 

 277 
Supplementary Figure 4. Importance of pectin. Photographic images of CNF stabilized oil 278 
droplets (OA/oleate/chloroform) during chloroform evaporation in (a) the presence and (b) absence 279 
of pectin. In (b) only a 100 mM NaCl solution at pH 10.0 was used. In the absence of pectin, a clear 280 
suspension was obtained and the arrow points to the formation of CNF aggregates around the 281 
magnetic stir bar.  282 

 283 

The importance of the pectin during the preparation of the microcapsules with OA/oleate cores is 284 

illustrated in Supplementary Fig. 4: in the absence of pectin the obtained material got stuck at the 285 

magnet (b), whereas microcapsules were well-dispersed (a) when pectin is present and adsorbed 286 

onto the microcapsules. 287 
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 288 
Supplementary Figure 5. Adsorption of pectin on top of CNF. QCM-D result showing the net 289 
changes in the frequency (∆F5, black lines) and dissipation (∆D5, blue lines) for the adsorption of 290 
cationic CNF followed by adsorption of pectin (solid lines). A reference measurement (dotted 291 
lines), showing direct adsorption of pectin onto the Au-sensor is also included. Pectin (● or ●) and 292 
CNF (■ or ■). Data are for the fifth overtone. 293 

 294 

QCM-D results for cationic CNF and pectin layer formation is presented in Supplementary Fig. 5. 295 

An Au-sensor was used in the experiments and the pectin was able to adsorb directly onto the Au 296 

surface (see reference measurement in the same figure). However, when CNF was first deposited 297 

(layer 1, Supplementary Fig. 5), more pectin adsorbed (layer 2), which clearly demonstrates that 298 

pectin has affinity to CNF. 299 

 300 

 301 

 302 

 303 
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3. Small-angle X-ray scattering (SAXS)  304 

 305 
Supplementary Figure 6. SAXS data of the microcapsules with OA/oleate cores at the 306 
indicated pH values. Inset is the Gaussian-fitted curves to SAXS data for a microcapsule 307 
suspension at pH 6 and 7. 308 

 309 

Supplementary Fig. 6 shows the SAXS data of the microcapsules at different pH values. The 310 

overall data quality is quite poor due to the low concentration of microcapsules in the solution. 311 

Nevertheless, for increased pH values the occurrence of a faint diffraction peak can be observed at 312 

q-values of 1.449 ± 0.005 nm-1 (pH 6) and 1.441± 0.005 nm-1 (pH 7). The positions were 313 

determined by fitting a Gaussian to the data which provided the corresponding d-spacing of the 314 

OA/oleate membrane of 4.33 ± 0.05 and 4.35 ± 0.05 nm at pH 6 and pH 7, respectively. Thus, in 315 

the frame of the errors capsules, at both pH values, have a similar radial oleic acid/oleate structure. 316 

The SAXS data suggest a lamellar organization.2 No further scattering signal like from the outer 317 

shape of the microcapsules can be seen as they are most likely too big (compare microscopy 318 

images) and the concentration might be too low. We note that no proper model fitting was possible 319 

as the peaks are very faintly.  320 

 321 
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4. Microcapsule wall stained with Calcofluor-white stain stock 322 

solution. 323 

 324 
Supplementary Figure 7. Bright field image of empty microcapsules. The CNF/pectin wall has 325 
been stained with calcofluor-white stain stock solution. Scale bar: 50 µm 326 

 327 

Empty CNF/pectin capsule walls (where the OA/oleate core had been removed as in Video 1) that 328 

were stained with Calcofluor-white stain stock solution immediately after lipid release. The 329 

experimental setup is shown in Scheme 1, however, in this case, the up-right light microscope 330 

(VisiScope, VWR, Sweden) was used.  331 

 332 

 333 

 334 
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5. Solubility of Rhodamine 6G in the oil and water phase 335 

The solubility of Rhodamine 6G (Rh-6G) in a mixture of water (containing salt) and oleic acid at 336 

pH 6.5 was investigated. The dye was dissolved in the aqueous phase (1 mg mL-1, 9 mL solution) 337 

and salt (100 mM NaCl in the aqueous phase) and 500 µL oleic acid was added. The pH was 338 

adjusted using 0.1 M NaOH solution to 6.5, where-upon the dye was redistributed within the oil 339 

and water phases. The dye was soluble in both the oil and water phase, although the dye had a 340 

higher affinity to the oil phase. The amount of dye in the different phases was oil phase; 17.4 mg 341 

dye/g oil and in the water phase; 0.17 mg dye/g water. The amount of dye was obtained by 342 

fluorescence spectroscopy by analysing the amount of dye present in the water phase (λex= 500 nm, 343 

λem= 554 nm, Microplate Reader Infinite M200PRO, TECAN). From this concentration, the 344 

amount of dye in the oil phase was obtained. 345 

 346 

 347 

 348 

 349 

 350 

 351 

 352 

 353 

 354 

 355 

 356 
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6. Plantosomes 357 

 358 
Supplementary Figure 8. Close-up of plantosomes. CLSM images of the plantosomes containing 359 
OA/oleate, POPC, POPE and fluorescently labelled phospholipids (Rh-DOPE, red). In (a) a 360 
lamellar structure appeared at the periphery, (b) the orthogonal view of the plantosome is shown in 361 
Fig. 3e in the main manuscript. The orthogonal view clearly shows that the plantosomes’ interior 362 
was filled only with water. The scale bars: 10 µm. 363 

 364 

A close-up of plantosomes, which revealed a lamellar lipid structure at the periphery 365 

(Supplementary Fig. 8a). The orthogonal view of the plantosome in Supplementary Fig. 8b shows 366 

that the interior was filled with water. 367 

 368 

 369 

 370 

 371 

 372 
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7. OA/oleate/POPC/POPE mixture forms vesicles in buffer 373 

 374 
Supplementary Figure 9. OA/oleate/POPC/POPE mixture forms vesicles in buffer. Cryo-TEM 375 
micrograph showing vesicles formed from a lipid mixture containing OA/oleate/POPC/POPE/Rh-376 
DOPE in 0.2 M ammonium acetate and 100 mM NaCl in MilliQ-water. The composition of the 377 
lipid mixture was 99.78 mol% OA and 0.18 mol% POPC and 0.035 mol% POPE. The pH was 8.6. 378 
The lipid preparation was filtered through a 200 nm filter. 379 

 380 

The cryo-TEM micrograph shows that a neat OA/oleate/POPC/POPE/Rh-DOPE mixture in 0.2 M 381 

ammonium acetate and 100 mM NaCl was able to assemble into vesicles at pH 8.6, in line with 382 

previous reports.2,4,7 The lipid concentration was 1.2 mM. The cryo-TEM micrograph shows that 383 

some of the vesicles had a tendency to aggregate. This has previously been reported in literature for 384 

OA/oleate vesicles.4 The same authors showed that larger clusters were formed at pH close to 8.0, 385 

whereas less was observed as the pH increased to 9.00. However, they observed no increase in size 386 
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with time despite the tight aggregation.4 The present vesicles were stable up for at least 3 days as 387 

measured by dynamic light scattering. 388 

8. Formation of Expanded Plantosomes 389 

390 

 391 
Supplementary Figure 10. Preparation of Expanded Plantosomes. CLSM images of a 392 
plantosomes at different pH values and media: (a) 100 mM NaCl solution, (b) transferred into 0.19 393 
M ammonium acetate solution (with 100 mM NaCl) at pH 6.5. pH increase to (c) 8.0 (d), 8.3, and 394 
finally to (e) 8.6. In (f) after one hour at pH 8.6. (g-j): microcapsules and one plantosome at 395 
different pH values: The pH is 6.5 (g and h) and 8.6 (i and j). Both fluorescence and corresponding 396 



23 
 

transmission images are included. The lipid phase contained OA/oleate, POPE, POPC and Rh-397 
DOPE (red). Scale bars: 10 µm. 398 

 399 

The effect of pH was shown in Fig. 4 in the main manuscript (fluorescence images). The same is 400 

shown in Supplementary Fig. 10, which also include the corresponding transmission images. 401 

 402 

9. Effect of the (initial) pH on the microcapsule shape after 403 

chloroform evaporation.  404 

The initial pH of the pectin solution is also an important factor that affects the shape of the 405 

microcapsules after chloroform evaporation. If the initial pH of the pectin solution was 10, a 406 

deflated/buckled morphology is obtained (the pH of the microcapsule suspension after chloroform 407 

evaporation is 6.15, Supplementary Fig. 11a). However, if a lower pH of the pectin solution was 408 

used (starting pH 6.1), then a more apparent spherical structure was obtained (pH after evaporation 409 

was 5.7 Supplementary Fig. 11b). Our light microscopy observations, however, suggest that the 410 

capsule wall even in this case was crumpled and not perfectly spherical, see arrows in 411 

Supplementary Fig. 11b, that point to a thin capsule wall expanding from the capsule surface. Note 412 

that the exact morphology of the capsule wall cannot be resolved with light microscopy. The more 413 

deflated structure obtained the higher pH is a consequence of the stiff semi-crystalline CNF in 414 

combination with a higher fraction of oleate present (as a consequence of the higher pH) during 415 

chloroform evaporation, Fig. 11a.  416 

 417 
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418 

 419 
Supplementary Figure 11. Microcapsule shape as a function of the pH of the pectin solution. 420 
Bright field images of microcapsules with OA/oleate cores obtained after chloroform evaporation 421 
when (a) the initial pH of the pectin solution was 10 and (b) when the initial pH of the pectin 422 
solution was 6.1. Scale bars: 50 µm. 423 

 424 

 425 
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10. Permeability properties 426 

427 

428 
Supplementary Figure 12. Permeability properties of expanded plantosomes. CLSM images of 429 
expanded plantosome structures at pH 8.6 (100 mM NaCl and 0.2 M ammonium acetate) prior to 430 
FITC-dextran addition (a) and after the addition of FITC-dextran (b and c). The expanded 431 
plantosomes were prepared as described previously and had a capsule wall of CNF/pectin and a 432 
core and tubular protrusions containing OA/oleate, POPE and POPC and Rh-DOPE (red). In (b) Rh 433 
red channel and (c) combined Rh and FITC channels are shown. The FITC-dextran (M = 4 kDa, 1 434 
mg mL-1) permeated through the expanded plantosome walls within seconds. The 435 
contrast/brightness has been adjusted in (a) and (b) to reveal the tubular protrusions. Inset shows the 436 
fluorescence intensity profile of the expanded plantosome dotted in (c). Scale bars: 20 µm. 437 

 438 
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The expanded plantosomes in 0.2 M ammonium acetate were highly permeable to 4 kDa FITC-439 

dextrans, Fig. 12. The dextran permeated the CNF/pectin/lipid wall within seconds. 440 

 441 

11. POM of expanded plantosomes  442 

The expanded plantosomes, at pH 8.6 and present in modified wells (Scheme 2), were imaged with 443 

POM to understand the organization of the lipids in the interior, see Supplementary Fig. 13a-b. 444 

Very few Maltese crosses were observed, see arrows in Fig. 13b, and their absence in most 445 

expanded plantosomes signified that the formed lamellar structures were thin and below the 446 

detection limit of an ordinary polarized optical microscope.  447 

 448 
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449 

 450 
Supplementary Figure 13. POM of expanded plantosomes. POM image of expanded 451 
plantosomes (pH 8.6, 100 mM NaCl and 0.2 M ammonium acetate) prepared as described 452 
previously. These had a CNF/pectin wall and interior lipids (OA/oleate, POPE, POPC and Rh-453 
DOPE). (a) Light microscopy image and (b) the corresponding POM. The arrows point to the very 454 
few Maltese crosses observed. Scale bars: 50 µm. 455 
 456 
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12. Tubular protrusion from surface of expanded plantosomes 457 

Due to the inner pressure inside the expanded plantosomes, lipid started escaping out through the 458 

CNF/pectin walls in the form of elongated tubular protrusions (see white arrow in Supplementary 459 

Fig. 14a). The strong encasing CNF network structure played a pivotal role in this case. In some 460 

cases, however, the capsule wall also fractured and released the entire content (Supplementary Fig. 461 

14b). Interestingly, in the latter case, all of the lipid content (OA/oleate, POPC, POPE and Rh-462 

DOPE (red)) was always encased inside a spherical lipid membrane structure, the whole thing 463 

observed as a red dot, see white arrow in Supplementary Fig. 14b. Some lipid also remained 464 

adsorbed at the inner surface of the capsule wall, see green arrow in Supplementary Fig. 14b. 465 
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 466 
Supplementary Figure 14. Expanded plantosomes. CLSM (fluorescence and transmission) 467 
images showing (a) lipid tubular protrusions from the surface of expanded plantosomes (prepared 468 
as described previously). These had a CNF/pectin wall and interior lipids (OA/oleate, POPE, POPC 469 
and Rh-DOPE (red)). In (b) the capsule wall broke during the expansions, due to the inner pressure, 470 
and the lipid content (observed as a large red dot, white arrow) was released. The green arrow 471 
points to the CNF/pectin capsule wall which also contained adsorbed lipids. Scale bars: 20 µm. 472 

 473 
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Sensing
Thomas Paulraj,† Stefan Wennmalm,§ Anastasia V. Riazanova,† Qiong Wu,† Gaston A. Crespo,‡

and Anna J. Svagan*,†

†Department of Fibre and Polymer Technology, KTH Royal Institute of Technology, Teknikringen 56, SE-100 44 Stockholm,
Sweden
‡Applied Physical Chemistry Division, Department of Chemistry, KTH Royal Institute of Technology, Teknikringen 30, SE-100 44
Stockholm, Sweden
§SciLifeLab, Department of Applied Physics, Experimental Biomolecular Physics, KTH Royal Institute of Technology,
Tomtebodavag̈en 23a, 171 65 Solna, Sweden

*S Supporting Information

ABSTRACT: Cellulose nanofibers (CNFs) have recently
attracted a lot of attention in sensing because of their
multifunctional character and properties such as renewability,
nontoxicity, biodegradability, printability, and optical trans-
parency in addition to unique physicochemical, barrier, and
mechanical properties. However, the focus has exclusively
been devoted toward developing two-dimensional sensing
platforms in the form of nanopaper or nanocellulose-based
hydrogels. To improve the flexibility and sensing performance
in situ, for example, to detect biomarkers in vivo for early disease diagnostics, more advanced CNF-based structures are needed.
Here, we developed porous and hollow, yet robust, CNF-based microcapsules using only the primary plant cell wall
components, CNF, pectin, and xyloglucan, to assemble the capsule wall. The fluorescein isothiocyanate-labeled dextrans with
MW of 70 and 2000 kDa could enter the hollow capsules at a rate of 0.13 ± 0.04 and 0.014 ± 0.009 s−1, respectively. This
property is very attractive because it minimizes the influence of mass transport through the capsule wall on the response time.
As a proof of concept, glucose oxidase (GOx) enzyme was loaded (and cross-linked) in the microcapsule interior with an
encapsulation efficiency of 68 ± 2%. The GOx-loaded microcapsules were immobilized on a variety of surfaces (here, inside a
flow channel, on a carbon-coated sensor or a graphite rod) and glucose concentrations up to 10 mM could successfully be
measured. The present concept offers new opportunities in the development of simple, more efficient, and disposable
nanocellulose-based analytical devices for several sensing applications including environmental monitoring, healthcare, and
diagnostics.

KEYWORDS: cellulose nanofibers, microcapsules, glucose oxidase, sensing, sensor, layer-by-layer

1. INTRODUCTION

Micro- and nanocapsules pose immense advantages in a number
of applications, ranging from biology and medicine to
environmental and industrial applications, due to the controlled
release and isolation of the encapsulated molecules from a
potentially harmful external environment.1 Capsules offer
several benefits over films, for example, the possibility of
multicompartmentalization and liquid mobility, improved
protection of the encapsulated molecules, and enhanced
flexibility in terms of composition and functionality; capsules
can be embedded in various matrices, for example, printable inks
that adhere to different surfaces.2−6 From a materials point of
view, various types of molecules and nanoparticles, such as
plasmonic or photoluminescent nanoparticles and biological
compounds, can be encapsulated.5,7−10

During the last decades, there has been an on-going debate on
the negative impact of microplastic pollution (small particles of

plastic <5 mm in size) on the environment and much emphasis
has been placed on how synthetic materials should be replaced
with more environmentally benign materials.11,12 Consequently,
there has been an increased focus on green materials from
bioresources not only to fully meet the set environmental goals
but also due to the outstanding inherent properties of many
biomass-based polymers.13 In particular, recent developments in
plant-based biopolymers materials have shown that cellulose
nanofibers (CNFs) constitute an attractive material that offers
new opportunities due to its unique barrier, chemical, interfacial,
mechanical, and optical properties.14−17 To date, nanocellulose
has been extensively studied and used in the creation of 2D and
three-dimensional (3D) materials such as nanocomposite films
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and foams; however, the potential of nanocellulose for the
synthesis of microcapsules has only recently been ex-
plored.3,18−24 In general, by using capsules, we address the
challenge of preparing new types of nanocellulose-based 3D
morphologies with new functionalities, together with a high
degree of control over all dimensions, as recently demonstrated
by Rojas et al.25 and Nordenström et al.3 Advantages of
nanocellulose-based capsules, in particular, include the porous
structure offered by the nanofibrous capsule wall, which allows
molecules or even particles of quite large sizes (above 10 nm, but
less than 100 nm in size) to diffuse freely through the capsule
shell in both directions.20 The permeability of the capsule wall
can also be either suitably modified by changing its composition,
or change in response to the composition and ionic strength of
the surrounding media.18,19 The large pore size of the
nanocellulose-based capsules is unique compared to capsules
made from synthetic polymers or biopolymer, which are only
permeable to small and midsized macromolecules that are well
below 1000 kDa.20 Despite this, nanocellulose-based micro-
capsules are mechanically robust, which is due to the reinforcing
network of nanocellulose present in the capsule wall.21 These
properties make nanocellulose-based microcapsules very
attractive in the context of sensing, as such capsules can be
used for rapid detection of larger analytes, with little influence
from mass transport through the capsule wall.
Encapsulation is advantageous in sensing applications because

the performance of, for example, colloidal sensors can be
significantly improved in vivo, as recently reported by Anderson
et al. for polymeric capsules.7 Kazakova et al. used polymeric
layer-by-layer (LbL) capsules to enhance the performance of
fluorescent sensors.26 Similarly, Park et al. used pH-responsive
microcapsules for monitoring and treating cancer27 and Saxl et
al. used engineered microcapsules for glucose sensing based on
fluorescence lifetime changes.28

The aim of the present study is to evaluate the potential of
CNF-based microcapsules in sensing applications. The present
study is, to our knowledge, the first one on a CNF-based
microcapsule used for biosensing applications.29 As a proof-of-
concept, an enzyme (glucose oxidase, GOx) was loaded inside
the synthesized microcapsules and the microcapsules were
immobilized (via adsorption) on top of different surfaces, and
their use in glucose sensing was evaluated. Loading, cross-
linking, and distribution of GOx within the microcapsules were
studied by confocal laser scanning microscopy (CLSM) and
Fourier transform infrared spectroscopy (FTIR), and the loaded
microcapsules’ enzyme activity as well as the generated current
from the oxidation of hydrogen peroxide was studied as a
function of different glucose concentrations.

2. EXPERIMENTAL SECTION
2.1. Materials. Cellulose nanofibrils (CNF) modified with cationic

quaternary ammonium groups (1.17 mmol g−1 fibers) were produced
from never-dried softwood sulfite pulp from spruce (purchased from
Nordic Paper Seffle AB, Sweden), as described previously.30 The pulp
contained 86 wt % cellulose, and the rest mainly hemicellulose. The
prepared fibrils had a high aspect ratio. The thickness was ∼3 nm and
the length was in the micrometer range. A transmission electron
microscopy (TEM) image of the CNF is shown in Figure S1. Pectin
from apple (AP, degree of esterification 70−75%), with relative
molecular mass 30 000−100 000 g mol−1, sodium carbonate, calcium
chloride dihydrate, sodium chloride (NaCl), ethylenediaminetetra-
acetic acid (EDTA), citric acid, glutaraldehyde (GA), fluorescein
isothiocyanate (FITC), FITC−dextran (average molecular weight 70
and 2000 kDa), Dulbecco’s phosphate-buffered saline (DPBS, 2.7 mM

KCl, 1.5 mM KH2PO4, 137.9 mM NaCl, and 8.1 mM Na2HPO4, pH
adjusted to 6), D-glucose, and lyophilized glucose oxidase (GOx)
powder from Aspergillus niger (Type X-S) were purchased from Sigma-
Aldrich (Sweden). Xyloglucan-amyloid (XyG) from tamarind seeds
was purchased fromMegazyme (Ireland), with viscosity of 14.0 dL g−1.
μ-Slide VI 0.1 and Luer Connector Male were purchased from Ibidi
GmbH (Germany). Poly(tetrafluoroethylene) (PTFE) tubing (1/16
in. OD) was purchased from ELVESYS (France), SYLGARD 182
Silicone Elastomer purchased from DOW and Screen-printed Carbon
Electrodes (DRP150) from Metrohm.

2.2. FITC Labeling of Glucose Oxidase (FITC−GOx). One
milliliter of FITC solution (1 mg mL−1) in 0.1 M carbonate buffer (0.1
M sodium carbonate and 0.1M sodium bicarbonate were mixed in a 1:9
ratio) of pH 9 was added dropwise under stirring to a 5 mL GOx
solution in the same buffer (1 mg GOx mL−1). After 4 h (room
termperature (RT), no magnetic stirring), the solution was transferred
to dialysis sacks (molecular cutoff around 15 kDa) and dialyzed against
Milli-Q water (3 L) at 4 °C. The Milli-Q water was replaced once, after
10 h. The total dialysis time was one day. The obtained FITC-labeled
GOx was stored at −20 °C before use.

2.3. Preparation of Neat CaCO3 Microparticles or Loaded
with GOx. CaCO3 microparticles were prepared according to the
procedure described elsewhere.31 To prepare GOx-loaded CaCO3
particles, equal volumes of 1 M CaCl2 (300 μL) and 1 M Na2CO3
(300 μL) solutions inMilli-Q water were mixed with 1 mL FITC−GOx
or GOx (1 mg FITC−GOx or GOx mL−1) in Milli-Q water, followed
first by a vortex-shaking for 1 min and then by an incubation for 15 min
(without shaking). The co-precipitated particles were collected by
centrifugation (3000 rpm for 60 s). The particles were then thoroughly
washed with Milli-Q water and GOx-loaded CaCO3 microparticles
were collected. To cross-link the GOx, freshly prepared 2%GA solution
in Milli-Q water (2 mL) was added to the GOx−CaCO3 particles and
the reaction proceeded for 15 min under gentle shaking. The particles
were then thoroughly washed with Milli-Q water and immediately used
for LbL microcapsule fabrication. Approximately 10−15 mg of
microparticles was obtained each time (one batch).

The encapsulation efficiency (EE) was estimated by dissolving the
total batch (10−15 mg) of GOx−CaCO3 particles obtained in 1 mL of
100 mM EDTA in water, and the concentration of GOx in solution was
estimated byNanodrop 2000c Spectrophotometer (Thermo Scientific)
at a wavelength at 280 nm. TheGOx in the GOx−CaCO3 particles were
not cross-linked with GA to keep the GOx in a soluble form. Pure
CaCO3 was also dissolved and used as a control. The same amount of
lyophilized GOx powder that was used in the preparation of the GOx−
CaCO3 was dissolved in water and the amount of enzyme was
estimated. The encapsulation efficiency (EE) was calculated from

m

m
EE 100particles

GOx
= ×

(1)

where mparticles is the mass of GOx present in the dissolved particles and
mGOx is the total mass of GOx used in the preparation of these particles.

2.4. LbL Microcapsules Fabrication. The microcapsules were
fabricated according to the procedure described earlier.18,19 Briefly,
CNF, AP, and XyGwere dispersed in 100 mMNaCl inMilli-Q water to
obtain solutions with different concentrations; CNF (0.05 wt %), AP
(0.1 wt %), and XyG (0.2 wt %). The pH of these solutions was adjusted
to 7.5 ± 0.2. NaCl solution (100 mM) with pH 7.5 ± 0.2 was used for
the intermittent washing steps. LbL was performed on three kinds of
CaCO3 particles (1) CaCO3, (2) CaCO3 with FITC-labeled GOx, and
(3) CaCO3 with unlabeled GOx. After absorbing the desired number of
layers (CNF/XyG/CNF/AP)2CNF on top of the (GOx-loaded)
CaCO3 particles, the microparticles were washed with Milli-Q water.
The suspension was then dispersed into the Ibidi channels
(approximately 1.6 to 2.5 mg of particles per channel) and dried at
37 °C overnight (ON). CNF was used as a terminating layer, as it was
observed that such microcapsules adhered better to the different
surfaces in the present study. During the drying process, the
microparticles were immobilized on the surface of the Ibidi channels.
The channels were stored at RT and before the experiments; the
particles were rehydrated with water for 10 min. Then, to remove the
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CaCO3 core, the particles were exposed to 100 mM EDTA in water
(around 5 min). Afterward, the microcapsules were thoroughly washed
with Milli-Q water and then the water was replaced with buffer.
2.5. Characterization. 2.5.1. Confocal Laser Scanning Micros-

copy (CLSM). The distribution of the GOx enzymes (FITC−GOx)
within both the cross-linked CaCO3−GOx particles and the LbL
microcapsules were studied with CLSM (LSM 510 UV/vis equipped
with 40× 1.3 oil immersion objectives, Zeiss, Germany). The
excitation/emission wavelengths were 488/515 nm.
The permeability properties of the (CNF/XyG/CNF/AP)2CNF

microcapsule wall over time (5 min, 17, and 25 h) in DPBS buffer using
2000 kDa FITC−dextran as the diffusing macromolecule was also
studied with the same CLSM.
To calculate the entrance rate of FITC and FITC-labeled dextran

molecules into the microcapsules, fluorescence imaging measurements
were performed on a Zeiss 780 confocal fluorescence microscope. The
recordings generated movies with 116 ms time resolution. FITC and
FITC-labeled dextrans (70 and 2000 kDa) were added directly after the
the start of the measurement of a capsule to include the appearance of
the FITC−dextran into the monitored area. The microcapsules were
present in Ibidi channels. The ratio between the fluorescence inside and
outside the capsules was plotted versus time and fitted to a two-
component exponential model

f t A f f DC( ) (1 (1 ) e e )k t t k t t( ) ( )1 0 2 0= − − · − · +− − − − (2)

where DC is the fluorescence signal inside the capsule at the onset of
fluorescence increase, A is the amplitude of the total fluorescence
increase, f is the fraction of the second exponential component, k1 and
k2 are the rates (1 s

−1) of entrance of the normalized fluorescence into
the capsules, and t0 is the time of onset of the increase in fluorescence.
The transit rate, k, is the weighted mean value of k1 and k2.
2.5.2. Scanning Electron Microscopy (SEM). High-resolution

scanning electron micrographs were taken by using a Hitachi SEM S-
4800 (Japan) with an accelerating voltage of 1 kV. The microcapsules
(with and without GOx) were thoroughly washed with water and air
dried after core removal. The CaCO3−GOx (CNF/XyG/CNF/
AP)2CNF microparticles were mechanically disturbed to reveal
different parts of the particles. All the samples were Pt/Pd (60:40)
sputtered for 30 s at a current of 80 mA using a Cressington 208HR
sputter coater before imaging.
2.5.3. Transmission Electron Microscopy (TEM). After LbL

assembly, CaCO3 core was removed with 100 mM EDTA in water
and microcapsules were obtained. A drop (25 μL) of a microcapsules
suspension (ca. 0.5 wt %) was deposited onto ultrathin carbon type A,
400 mesh copper grids (TED PELLA) and left to dry. Afterward, one
drop of 2% uranyl acetate negative stain was added on the grid and the
excess liquid was absorbed after 1 min and allowed to dry at air
atmosphere. The grid was observed using a Hitachi HT7700
microscope operated at 100 kV. All the micrographs were obtained
with a charge-coupled device camera.
2.5.4. Fourier Transform Infrared Spectroscopy (FTIR). FTIR

measurements were taken, using a PerkinElmer (Spectrum 2000), in

the range of 4000−600 cm−1 with 4 cm−1 resolution. The GA cross-
linked GOx−CaCO3 microparticles (without multilayers coating),
prepared as described in the previous section, were thoroughly washed
with water. Then, the CaCO3 template was removed by adding 100mM
EDTA in water and the obtained cross-linked GOx particles were
dialyzed and subsequently freeze-dried. Pure GOx (from the suppliers)
was suspended in water (1mgmL−1), dialyzed, and freeze-dried. Before
the measurement, the samples were vacuum-dried ON at 37 °C.

2.5.5. Electrochemical Measurements. All the electrochemical
measurements were performed with Autolab PGSTAT101, Metrohm-
Nordic at RT. DropSens screen-printed electrodes (DRP150)
(working electrode 4 mm diameter: carbon base; auxiliary electrode:
platinum; reference electrode: silver) integrated into an external flow
cell (DRP-FLWCL, DropSens, volume: 8 μL) were used to carry out
the continuous amperometric measurements.

Before sensing experiments, cyclic voltammetric measurements were
performed with a H2O2 solution diluted in DPBS buffer in the applied
voltage range of +1.0/−1.0 V to determine the optimal potential
needed to oxidize H2O2 (Figure S2). For continuous-flow glucose
monitoring, the GOx-loaded microcapsules were immobilized inside
the Ibidi channel and the water was replaced with DPBS buffer (pH 6).
Then, the connections to the ibidi channel, flow cell, peristaltic pump,
and the Autolab PGSTAT101 were made according to the setup
described in Section 3.4. PTFE tube was inserted into the male luer
connector and fixed with silicone elastomer to omit the Ibidi’s reservoir
volume. The dimensions of the used Ibidi channel are 17 mm× 3.8 mm
× 0.4 mm. The total volume of the channel was 30 μL.

Before the experiments, DPBS buffer was passed through the system
with the flow rate of 60 μL min−1 until the current reached a steady
state. Then, a solution of 1 mM glucose in DPBS buffer was passed
through the channel ON and the current was recorded for every 15 s,
and the results are shown in Figure S3 in the Supporting Information
(SI). This was done to remove any loosely bound enzyme and also to
monitor and reach the plateau for the enzyme activity (Figure S3).
Then, different concentrations of 0.01−10 mM glucose in DPBS buffer
(pH 6) were measured in between washing steps (with buffer), and the
amperometric readings (taken every 5 s) were recorded. The applied
voltage was always 0.8 V and measurements were performed at RT.
Enough time was given to reach steady state for all steps. Care was taken
to avoid the formation of air bubbles throughout the experiments. The
presented data (data points ≥ 0.1 mM) are an average of two separate
measurements performed on different capsule-loaded Ibidi-channels,
unless otherwise stated. Data point below 0.1 mM glucose are single
measurements. As the different channels contained slightly different
amounts of capsules, the measured current (I) at different glucose
concentrations was normalized against reference readings (I0) obtained
at 1 mM glucose.

3. RESULTS AND DISCUSSION
3.1. Morphology of the Microcapsules. The micro-

capsules were assembled by adsorbing the plant cell wall
polysaccharides CNF, pectin, and hemicellulose in a specific

Scheme 1. Simplified Scheme of the Preparation of Lbl Microcapsules with or without GOxa

a(a) Preparation of CaCO3 microparticles with or without GOx (b) Schematic illustration showing the multilayer build up on top of templating
CaCO3.
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sequential manner on top of templating CaCO3 particles, as
depicted in Scheme 1. Our previous study and experience have
shown that a successful formation of a homogeneous multi-
layered capsule wall, that is, devoid of defects, highly depends on
the size of the templating CaCO3 particles. Small templating
CaCO3 particles have been observed to give more aggregation
between particles during sorption of CNF, AP, and XyG because
the biomacromolecules (in particular CNFs) bridge between
particles, which, in turn, enhances the amount of defects in the
capsule wall. In a previous study, slightly larger templating
CaCO3 particles (16 ± 4 μm) were used compared to
templating particles used in the present study.18 Despite this,
after removal of the templating core, most of the resulting
(CNF/XyG/CNF/AP)2CNF microcapsules in the present
study were spherical and uniform, see Figure 1a,b.

Both the synthesized microcapsules as well as the CaCO3
microparticles were identical in size (12.1 ± 2.3 μm) and shape.
Upon drying, the microcapsules collapsed (Figures 1c and S4 in
SI) and the resulting structures displayed distinct wrinkles that
are characteristic for microcapsules obtained with the LbL
technique. The high-magnification TEM image of the micro-
capsules wall (Figure 1d) shows the nanofibrous structure of the
capsule wall, which fits well with previous results.18 The TEM
images were obtained in the dry state; however, upon hydration,
pore formation in the capsule wall is expected because
polysaccharide-based materials are known to swell significantly
when going from dry to wet state.16

3.2. Permeability Properties. The permeability and the
porosity of the multilayer capsule walls highly depend on the
composition of the capsule wall as well as the type of
surrounding media.18,19 In a previous report, the permeability
properties of CNF-based capsules, with slightly different
composition and larger diameters compared to those presented

here, differed in pure water compared to a saline solution with
250 mM NaCl.18 A biological medium, Dulbecco’s modified
Eagle’s medium, further influenced the permeability properties
for those capsules.18 In the present study, because all further
experiments will be carried out in DPBS, the permeability of the
capsules was studied in DPBS buffer. The permeance through
the capsule wall (nonloaded capsules) was investigated by fast
fluorescence imaging by exposing the microcapsules to three
different molecules, namely, FITC and FITC-labeled dextrans
with an average molecular weight of 70 and 2000 kDa (Figure
2).
The permeability properties are a function of both the

solubility coefficient and diffusion coefficient.32 For the present
systems, the solubility was not a limiting mechanism because a
fluorescence signal could be observed in the capsule wall even at
an early stage, immediately upon the addition of the FITC-
labeled molecules. Furthermore, the diffusivity for both FITC
and FITC-labeled dextrans of 70 kDa was very fast. The amount
of FITC−dextrans, expressed as the fraction of the normalized
fluorescence (final value of 1 at steady state), that was transiting
the capsule wall per second was k = 0.13 ± 0.04 s−1 for the 70
kDa FITC-labeled dextrans (Figure 2a). A k-value could not be
resolved in the case of FITC because the transit was too fast
(Figure S5). A high transit rate through the capsule wall is
attractive in sensing applications because it will minimize effects
of the mass transport through the capsule wall on the response
time of the sensor. The results clearly showed that medium-sized
(70 kDa dextran, ca. 12 nm in hydrodynamic diameter) and
small molecules could move freely through the capsule wall.
Synthetic-polymer- or biopolymer-based capsules usually
possess dense shells that contain pores that are typically a few
nanometers in size.20 In contrast, the present porous capsules
have a more open nanofibrous structure (when hydrated) that
allowed rapid movement of medium-sized molecules (∼12 nm
in hydrodynamic diameter).
The permeability of larger dextran molecules was also

evaluated; but in that case, the transport across the microcapsule
wall was not as fast, compare the two curves in Figure 2a. For
FITC−dextrans with an average molecular weight of 2000 kDa,
the transit rate, 0.014 ± 0.009 s−1, was almost 1 order of
magnitude lower compared to that of the 70 kDa dextrans. In
addition, only a portion of the 2000 kDa dextrans was able to
permeate the capsule wall (Figure 2b), whereas almost all of the
70 kDa dextrans could pass the capsule wall. The values in Figure
2a were normalized to 1 at steady state; but, in reality, the ratio
between the fluorescence inside the capsule divided by the
fluorescence outside the capsule only reached about 97 ± 0.5
and 51 ± 7% for the 70 and 2000 kDa dextrans, respectively.
Results in Figure 2b also show the amount of 2000 kDa dextrans
that permeated the capsule wall as a function of time (5 min, 17,
and 24 h). Dextrans have a distribution in the molecular weight,
and the dextrans in the upper end of this distribution were most
likely too large to permeate through the capsule walls, as
schematically illustrated in Figure 2c.

3.3. Loading Microcapsules with Enzymes. To demon-
strate the potential of the present porous microcapsules in
sensing applications, a microcapsule-based glucose sensor was
designed. To ensure a high loading efficiency, GOx was loaded
directly in CaCO3 particles via a co-precipitation step (Scheme
1a). In this way, a high encapsulation efficiency of 68 ± 2% was
successfully achieved. Direct loading in CaCO3 via co-
precipitation has several advantages, including a straightforward
way to prepare different sizes and shapes of the micro-

Figure 1. CLSM images of (CNF/XyG/CNF/AP)2CNF micro-
capsules (a) stained with FITC and (b) trans channel. The scale bars
in (a) and (b) are the same. (c) Low-magnification TEM image of a
collapsed multilayer microcapsule and (d) high-magnification image of
the outer rim of the capsule wall marked by a dotted square in (c),
demonstrating the nanofibrous capsule wall.
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capsules.26,33,34 The synthesized GOx−CaCO3 particles were
spherical, with a diameter of ∼11.6 ± 1.6 μm (Figure 3).
The distribution of FITC-labeled GOx within the particles is

presented in Figure 3a, which shows that an abundant amount of
enzyme was located near the microparticle’s periphery and less
enzyme was found in the center of the CaCO3 particles (Figure

3a), which is related to the CaCO3 particle formation process
and also the porosity distribution within suchCaCO3 particles.

35

The obtained FITC−GOx−CaCO3 particles were cross-linked
(see cross-linked GOxmicroparticles and FTIR results in Figure
S6 in the SI) with glutaraldehyde and then used as templates to
fabricate LbL microcapsules containing GOx by adsorbing the

Figure 2. (a) Entry of FITC-labeled dextrans intomicrocapsules. The curves are representative examples of the fluorescence inside a capsule divided by
the fluorescence outside the capsule for FITC-labeled 70 kDa dextran molecules (blue curve) and 2000 kDa dextran molecules (black curve). The
curves have been normalized to one at steady state. Red lines are fitted models containing two exponential terms (see eq 2). (b) Microcapsules were
exposed to 2000 kDa FITC−dextrans in DPBS and representative fluorescence profiles are plotted at different time points (5 min, 17, and 25 h). The
black arrows point to microcapsules with defects. All the scale bars are 50 μm. (c) Simplified schematic representations of the present microcapsules
that act as a porous cage, only allowing FTIC-labeled dextran molecules of specific sizes to permeate through the capsule wall.

Figure 3. CLSM images of (a, b) FITC−GOx-co-precipitated CaCO3 microparticles cross-linked with GA (without LbL) and (d, e) FITC−GOx-
loaded (CNF/XyG/CNF/AP)2CNF microcapsules. In (a) and (b), a minor population of unwanted nonspherical CaCO3 particles (calcite crystals)
could be observed. Scale bars in (a) and (b) are 20 μm. The inset in (e) is a simplified schematic representation of a GOx-loaded microcapsule. SEM
images of (c) the GOx-loaded (CNF/XyG/CNF/AP)2CNFmicroparticles before the removal of the CaCO3 template and (f) after removal of CaCO3
template. In (c), the LbL coating (white arrow) was partially destroyed on purpose to reveal the underlying GOx−CaCO3 template (black arrow).
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polysaccharides according to the following sequence: (CNF/
XyG/CNF/AP)2CNF. CLSM images of the resulting LbL
microcapsules are presented in Figure 3d,e. These show that the
FITC−GOx enzyme was successfully retained inside the
microcapsules. The distribution of the FITC−GOx loaded
within the produced microcapsules (Figure 3d) was comparable
to that of the FITC−GOx present within the co-precipitated
CaCO3 particles (Figure 3a). The microcapsules are spherical
and structurally stable (Figure 3d−f) but a slightly more
aggregation between microcapsules was observed when GOx
was introduced, compared with Figures 1 and S4 in the SI. The
nanoparticulate surface of CaCO3 and uniform LbL coating can
be seen in Figure 3c (before core removal). The microcapsules
collapsed upon drying, and the GOx-loaded (CNF/XyG/CNF/
AP)2CNF microcapsules after core removal are shown in Figure
3f. Compared to the hollow microcapsules in Figure S4a in SI,
the GOx-loaded microcapsules in Figure 3f are bulged in the
periphery and the typical wrinkles were not observed. This
further confirms the successful encapsulation of the GOx
enzyme inside the microcapsules.
3.4. Electrochemical Performance. The GOx-loaded

microcapsules were immobilized inside the flow channels in a
simple manner and used for measuring glucose in a clinical
range. In the present study, GOx was chosen as a proof of
concept, but the microcapsules could potentially be loaded with
any other enzyme of choice or even with different types of
nanoparticles. As glucose might interact with the components
present in the capsule wall, QCM-D experiments were also
performed to understand if any adsorption occurred, but such
interactions were negligible (Figure S7).

A schematic illustration of the setup used is included in Figure
4a, which shows the different parts of the experimental setup and
its connections. As shown in Figure 4a, H2O2 was produced by
the reaction between glucose and GOx, with the consumption of
oxygen present in the buffer solution. The produced H2O2 was
then transported through the channels to an external flow-cell
containing a screen-printed carbon electrode, where the H2O2

was oxidized electrically (O2 + 2H+ + 2e) and the produced
current was recorded.36 Representative amperometric response
curves for the measured glucose concentrations of 0.5, 1, and 2
mM are shown in Figure 4b with intermediate buffer washing
steps. The produced current was 257, 133, and 440 nA (at RT)
for 1, 0.5, and 2 mM glucose solutions, respectively. Washing
with buffer effectively removed all the glucose from the system
and thus the current rapidly fell to zero, which again confirmed
that any interactions between the glucose and the capsule wall
were negligible and did not influence the measurements. The
current showed a sharp increase and reached 95% of a maximum
stable value within 7−9 min, which is typically significantly
longer compared to the commercial GOx-based glucose sensor
system.37−39 The reaction of the GOx enzyme is rapid, but it
took a while to obtain a steady-state current response with the
present measurement setup (Figure 4a). The time to reach such
a steady state depended on the flow rate, temperature, and total
volume in the flow cell containing the carbon electrode and the
channel containing microcapsules, and the length of the tubing.
For the present setup, it took approximately 6 min just to fill the
entire system with liquid. Hence, by optimizing these
parameters, the response time could further be shortened. For
example, by doubling the flow rate, the time to reach 95% of a

Figure 4. (a) Schematic illustration showing the experimental setup. (b) Representative amperometric response curves for the GOx-loaded
microcapsules at different glucose concentrations. Before changing to the next glucose concentration, a washing step (DPBS buffer) was introduced. In
(c) and (d), the measured current for different glucose concentrations of (c) 0.5−10 mM and (d) 0.01−2 mM. (c) Data acquired from the same Ibidi
channel. In (d), the values have been normalized to the current I0 obtained at 1 mM glucose. Inset in (d) shows the normalized current for glucose
concentrations below 0.1 mM. The measurements were taken at RT at a constant flow rate of 60 μL min−1.
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maximum stable current value was reduced to around half the
value (3.4−3.9 min).
In Figure 4c,d (also Figure S8 in the SI), the amperometric

response to 0.5−10 mM glucose and 0.01−2 mM glucose in
DPBS buffer is presented, respectively. Clearly, the sensitivity for
detecting the glucose, taken as the slope of the response curve in
Figure 4c, changed with increasing glucose concentration. The
sensitivity was the highest in the beginning, between 0.5 and 2
mM glucose (slope 90 nA mM−1, R2 = 0.999), after which it
changed to 15 nA mM−1 between 5 and 10 mM glucose
concentration (R2 = 0.978). Unfortunately, there are some
limitations to the use of GOx enzymes, which is already well-
known and previously reported in the literature. For example,
the enzyme activity will decrease when GOx is exposed to high
concentrations of glucose, which is due to a pH decrease owing
to the produced D-gluconic acid and the higher concentrations
of H2O2 formed.40−44 Therefore, the present setup was primarily
used for glucose concentrations lower than 3 mM, where the
enzyme activity was stable. The linear amperometric response
range from 0.01 to 2 mMwas measured again, and the results are
shown in Figure 4d. The sensitivity of the present setup was high
enough to detect glucose concentrations as low as of 0.01 mM
(inset in Figure 4d). The data in Figure 4d were collected from
different Ibidi channels for each set of measurements, and
because there might be a slight variation in the number of
microcapsules present in each channel, all the measurements
were normalized to a reference value obtained at 1 mM glucose.
The presented results demonstrate that the microcapsules not
only immobilized the GOx but also provided a favorable
microenvironment that maintained the biocatalytic activity of
the enzyme.
To demonstrate the practical use of the designed biosensor for

the measurement of unknown glucose concentrations, a new
Ibidi channel was loaded with microcapsules. This new channel
was exposed to four concentrations of glucose solutions in DPBS
buffer (0.4, 0.8, 1.0, and 1.5 mM glucose). After the
amperometric responses had been normalized with the value
obtained for 1 mM glucose solution, the calibration curve in
Figure 4d is used to calculate the glucose concentrations in the
three samples, with the obtained values of 0.4, 0.81, and 1.51
mM glucose. This is in good agreement with the actual
concentrations. After the electrochemical measurements, the
microcapsules’ structural morphology was evaluated with SEM.
The micrographs showed that the microcapsules were well
retained inside the Ibidi channel even after 1.5 days of
measurements (see Figure S9 in the SI).
To demonstrate the flexibility with the present microcapsule

concept in sensing applications, the microcapsules were
immobilized on a surface with a different surface chemistry,
such as directly on the screen-printed electrode, see Figure 5a
(and Figure S10 in the SI). The obtained current values for 1
mM and 0.5 mM glucose concentration are shown in Figure 5b.
The produced current was almost 4 times higher when
compared with the flow through system in Figure 4. As
expected, the amperometric response was proportional to the
glucose concentration. The current reached 95% of a maximum
stable value within ∼5 min, which is shorter compared to the
setup in Figure 4 and again confirms that the experiment setup
design influenced the response time. However, even in this case,
the response time depended on the time needed to replace the
volume in the flow cell, which contained the screen-printed
electrode.

The microcapsules were also successfully immobilized on a
graphite rod, as shown in Figure 6. These were prepared by first
adsorbing multilayer coated CaCO3 on top of the graphite rod.
After drying, the CaCO3 core was removed with a 100 mM
EDTA in water and immobilized microcapsules were obtained
on the respective surfaces. The CLSM images of microcapsules
(loaded with 2000 kDa FITC−dextran) on the tip and along the
sides of the graphite rod are shown in Figure 6a,b, respectively.
The microcapsules were loaded with the 2000 kDa FITC−
dextran according to the procedure mentioned earlier.18

To conclude, the ease of preparing the different types of
biosensor demonstrates the flexibility of the present micro-
capsules-based systems. The biocompatible properties of the
polysaccharide exploited in the capsule wall build up45,46 also
provide the capsules with a high potential for drug delivery and
implantation applications, as well as in vivo monitoring of
analytes for early time disease diagnosis or real-time monitoring
of biological events occurring in the biochemical environment.

4. CONCLUSIONS
Environmentally benign and biomimetic microcapsules based
on the plant cell wall polysaccharides, CNF, AP, and XyG, have
been prepared using the Layer-by-Layer technique. The present
capsules were porous, with an open nanofibrous structure that
permitted very rapid mass transport of small and medium-sized
molecules (around 12 nm in hydrodynamic diameter) across the
capsule wall (k = 0.13 ± 0.04 s−1 for 70 kDa FITC-labeled
dextrans), as demonstrated by confocal fluorescence imaging
studies. At the same time, the porous microcapsules were
structurally stable and successfully loaded with a GOx enzyme
(encapsulation efficiency of 68± 2%) in their interior. The GOx
was cross-linked and remained active within the microcapsules,
and a reasonable amount of H2O2 was generated upon exposure

Figure 5. (a) Schematic illustration showing the experimental setup. In
this case, the microcapsules were directly deposited on the working
electrode. (b) The amperometric response as a function of different
glucose concentrations. The measurements were taken at RT at a
constant flow rate of 60 μL min−1.
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to glucose. Glucose concentrations ranging from 0.01 to 10 mM
were successfully measured. The microcapsules were immobi-
lized on different surfaces, such as a plastic surface (inside an
Ibidi channel), directly on a working electrode on a sensor
(carbon surface), and a graphite rod, which demonstrates the
flexibility of the present capsule-based systems compared to
previous CNF-based sensors (films). The present concept could
potentially be exploited either as disposable single-use devices or
for a long-term use on a continuous basis. As the reported CNF-
based microcapsules possess a wall that is based on all-
polysaccharide, they could be used in everything ranging from
industrial applications to diagnostics, for example, point-of-care
systems and personalized medical devices, food quality control,
and environmental monitoring.
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A.; Svagan, A. J. Bioinspired Layer-by-Layer Microcapsules Based on
Cellulose Nanofibers with Switchable Permeability. Biomacromolecules
2017, 18, 1401−1410.
(20) Ye, C.; Malak, S. T.; Hu, K.; Wu, W.; Tsukruk, V. V. Cellulose
Nanocrystal Microcapsules as Tunable Cages for Nano - and
Microparticles. ACS Nano 2015, 9, 10887−10895.
(21) Svagan, A. J.; Musyanovych, A.; Kappl, M.; Bernhardt, M.;
Glasser, G.; Wohnhaas, C.; Berglund, L. A.; Risbo, J.; Landfester, K.
Cellulose Nanofiber/Nanocrystal Reinforced Capsules: A Fast and
Facile Approach Toward Assembly of Liquid-Core Capsules with High
Mechanical Stability. Biomacromolecules 2014, 15, 1852−1859.
(22) Mohanta, V.; Madras, G.; Patil, S. Layer-by-Layer Assembled
Thin Films and Microcapsules of Nanocrystalline Cellulose for
Hydrophobic Drug Delivery. ACS Appl. Mater. Interfaces 2014, 6,
20093−20101.
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Morphology of the CNF  

Figure S1. TEM images of the pure CNFs a) Low magnification and b) High magnification.  

For TEM imaging, 0.02 wt% CNF was dispersed in water and stirred overnight at RT followed 

by ultra-sonication for 60 s (80% amplitude) using Sonics Vibra-Cell, with 1/2″ tip.  As shown 

in Figure S1. (a, b) the prepared fibrils had a high aspect ratio and the fibrils were uniform in 

thickness (ca. 3 nm), with a length in the micrometer range.  

Cyclic voltammetry (CV) curves for H2O2  

Figure S2. Cyclic voltammetry (CV) curves for H2O2. (a) Cathodic part of different 

concentrations of H2O2 (M), (b) the redox behavior of the electrode at 10
-5

 M H2O2 

concentration. 
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Cyclic voltammetry measurements were performed in the presence of different concentration of 

H2O2 in order to study the electro-catalytic property of the electrode. Figure S2a shows that the 

produced current depended on the H2O2 concentration and Figure S2b is a close-up on one of the 

CV curves (10
-5

 M
 
H2O2). Below 10

-5 
M

 
H2O2 concentration the produced current was low and 

could not be clearly resolved. 

The initial amperometric response for GOx-loaded microcapsules as a function of time 

 

 

The DPBS was passed through the system with the flow rate of 60 µL min
-1

 until the 

amperometric response reached a steady state value close to zero. Care was taken to avoid the 

formation of air bubbles throughout the experiments. Afterwards, a solution of 1 mM glucose in 

DPBS was passed through the setup overnight and the current was recorded every 15 s and the 

results are shown in Figure S3. The data clearly shows that the enzymes are active and that the 

Figure S3. Amperometric response curves for the GOx-loaded microcapsules over time. 

The microcapsules were exposed to a 1 mM glucose solution in DPBS at RT. The flow rate 

was 60 µL min
-1

. 
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produced current rapidly increased at first and then gradually declined. After a certain time (~ 5 

h), the current reached a steady state value. Subsequent washing with buffer removed glucose 

from the system and the current rapidly fell to zero. The results show that any glucose adsorption 

to the microcapsule wall was negligible and the results coincide with conclusions made from the 

QCM-D data (Figure S7).  

Morphology of the microcapsules 

 

Upon drying, the microcapsules collapsed and the resulting structures displayed distinct wrinkles 

that are characteristic for microcapsules obtained with the LbL technique (Figure S4a). A fibrous 

capsule wall structure was observed in Figure S4b.  

Figure S4.  SEM images of (CNF/XyG/CNF/AP)2CNF microcapsules. (a) low magnification 

and (b) high magnification. 
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The permeability properties of the microcapsule wall  

 

 

It was difficult to determine the entry rate for FITC molecules because the entry was very fast, as 

shown in Figure S5. 

 

GOx crosslinked with GA  

The crosslinking of the GOx enzymes was evaluated by both CLSM and FTIR. The GOx-loaded 

CaCO3 particles were cross-linked with glutaraldehyde (GA) and the CaCO3 was subsequently 

removed. After core removal, GOx particles were obtained as shown in Figure S6, which clearly 

demonstrates the successful cross-linking with GA. In Figure S6, FITC-GOx was used and the 

particles were not coated with CNF, AP nor XyG. The GOx particles were stable and exhibited 

shapes and sizes similar to that of the spherical CaCO3 templates.  

Figure S5. The fluorescence inside and outside a microcapsule as a function of time. The 

entry of FITC molecules were very rapid, hence the fluorescence signal inside the capsule is 

almost overlapping with the signal observed outside the capsule. 
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       The FTIR spectra for GOx particles cross-linked with GA, pure GA, pure CaCO3 and pure 

GOx enzyme are shown in Figure S6c. For GA (orange) the intensity bands at 3341, 2959 and 

1639 cm
-1

 correspond to O-H stretching, C-H stretching and C=O stretching, respectively.
1
 In 

case of CaCO3 (green) the FTIR spectrum showed that the produced CaCO3 microparticles 

exhibit typical bands for vaterite (polymorph of CaCO3).
2
  

      For the pure GOx enzyme (red), the spectrum displayed typical bands found in literature.
3
 

The N-H stretching vibrations gave rise to the bands 3284 cm
-1

, 3072 cm
-1

 which correspond to 

amide A and amide B bands. Symmetric and asymmetric vibrations of the CH2 group appeared 

at 2876 and 2935 cm
-1

,
 
respectively.  The stretching of the C=O in the amide bond appeared at 

1642 cm
-1

 and N-H bending vibrations in a secondary amide and C-N stretching vibrations was 

Figure S6. CLSM images of the glutaraldehyde (GA) crosslinked FTIC-GOx particles 

obtained after core removal. (a) FITC channel, (b) Trans channel and (c) FTIR spectra for 

pure GA (orange), CaCO3 template particles (green), pure GOx (red) and cross-linked GOx 

(blue).  
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observed at ~1534 cm
-1

. The bands at 1451 and 1387 cm
-1 

corresponded to symmetric and 

asymmetric vibrations of COO
-
 groups respectively.

3
 

     Glutaraldehyde reacts with the functional groups of proteins in a number of different ways.
4
 

For the GOx-GA (blue line) a new band appeared at 1578 cm
-1

, which could be due C=N 

stretching in newly formed Schiff base linkages, obtained from the reaction between 

glutaraldehyde and –NH2 in the GOx.
3
 This new band overlaps the bands for the stretching of 

the C=O in the amide bonds and the N-H bending vibrations (in the secondary amide) and C-N 

stretching vibrations, see Figure S6. 

 

Quartz crystal microbalance measurements (QCM-D)  

High methoxyl pectin typically forms a rigid gel in acetic conditions, presence of high glucose 

concentration and increased temperature.
5-6

 In the present study, microcapsules containing pectin 

in the capsule wall were exposed to glucose, and therefore it was necessary to understand if 

glucose had high affinity to the microcapsules’ wall. In such a case, the present microcapsules 

Figure S7. QCM-D results showing the successful build-up a (CNF/AP)3 multilayer. 

Exposure to 10 and 100 mM glucose solution in MilliQ, subsequent washing with MilliQ-

water (W), Results shown for the 3
rd

 overtone  
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might not be suitable for glucose measurements. To better understand the system, the 

interactions between glucose and CNF/AP multilayers was studied with QCM-D. The QCM-D 

measurements were carried out in water and the net change in resonance frequency ΔF3, as well 

as the dissipation ΔD3 for the third overtone as a function of the number of layers for (CNF/AP)3 

and 10 mM, 100 mM glucose in water, are shown in Figure S7. The working solutions and the 

QCM-D experiments were performed according to the procedure described early.
7
 The overall 

change in ΔF3 and ΔD3 for (CNF/AP)3 was -100.5 Hz, 35.7 Hz respectively. The resonance 

frequency after adding 10 mM or 100 mM glucose was -103.4 Hz, -103.03 Hz and dissipation 

was 34.4 Hz, 34.1 Hz, respectively. The frequency decreased slightly – compare the frequency 

before exposure to glucose and after the multilayer had been washed with MilliQ water (black 

arrow). Also, there was a slight decrease in the dissipation, suggesting that the rigidity of the 

multilayer was increased slightly (blue arrow). In conclusion, the present LbL microcapsules are 

suitable for glucose monitoring applications, which is also in accordance with the conclusions 

made from the results in Figure S3. 

 

Amperometric measurements 

Figure S8. Amperometric measurements (raw data) at different glucose concentrations; (a) 

0.5 to 10 mM and (b) 0.01 to 0.1 mM  
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Morphology of the microcapsules after glucose measurements 

 

 

After electrochemical measurements, the GOx-loaded (CNF/XyG/CNF/AP)2CNF microcapsules 

were studied using SEM. As shown in Figure S9a, the microcapsules were still present on the 

ibidi surface. The high magnification SEM image (S9b) shows the fibrous structure of the 

microcapsule surface, which was similar to that observed prior to amperometric measurements. 

Figure S9. SEM images of the GOx-loaded (CNF/XyG/CNF/AP)2CNF microcapsules after 

amperometric measurements. Low magnification (a) and high magnification (b). 
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After measurements, the electrode was thoroughly washed with water and air dried. The SEM 

micrograph (Figure S10) of the screen printed electrode clearly shows the successful 

immobilization of GOx-loaded microcapsules on the electrode surface.  

 

REFERENCES 

(1) Patro, T. U.; Wagner, H. D. Influence of graphene oxide incorporation and chemical cross-

linking on structure and mechanical properties of layer-by-layer assembled poly(Vinyl alcohol)-

Laponite free-standing films. Journal of Polymer Science Part B: Polymer Physics 2016, 54 (22), 

2377-2387, DOI: doi:10.1002/polb.24226. 

(2) Sato, M.; Matsuda, S. Structure of vaterite and infrared spectra, 1969; Vol. 129, p 405-410. 

Figure S10. SEM image of the microcapsules immobilized on the screen printed electrode, 

after the measurements. The white arrows point to the microcapsules. The dotted line 

separates the rough screen printed electrode from the ceramic surface of the electrode.  



S-11 
 

(3) Ang, L. F.; Por, L. Y.; Yam, M. F. Study on Different Molecular Weights of Chitosan as an 

Immobilization Matrix for a Glucose Biosensor. PLOS ONE 2013, 8 (8), e70597, DOI: 

10.1371/journal.pone.0070597. 

(4) Migneault, I.; Dartiguenave, C.; Bertrand, M. J.; Waldron, K. C. Glutaraldehyde: behavior 

in aqueous solution, reaction with proteins, and application to enzyme crosslinking. 

BioTechniques 2004, 37 (5), 790-802, DOI: 10.2144/04375rv01. 

(5) Rao, M. A.; Cooley, H. J. Influence of glucose and fructose on High-methoxyl pectin gel 

strength and structure development. Journal of Food Quality 1994, 17 (1), 21-31, DOI: 

doi:10.1111/j.1745-4557.1994.tb00128.x. 

(6) Löfgren, C.; Guillotin, S.; Evenbratt, H.; Schols, H.; Hermansson, A.-M. Effects of 

Calcium, pH, and Blockiness on Kinetic Rheological Behavior and Microstructure of HM Pectin 

Gels. Biomacromolecules 2005, 6 (2), 646-652, DOI: 10.1021/bm049619+. 

(7) Paulraj, T.; Riazanova, A. V.; Yao, K.; Andersson, R. L.; Müllertz, A.; Svagan, A. J. 

Bioinspired Layer-by-Layer Microcapsules Based on Cellulose Nanofibers with Switchable 

Permeability. Biomacromolecules 2017, 18 (4), 1401-1410, DOI: 10.1021/acs.biomac.7b00126. 

  

 



Thom
as Paulraj 

Plant cell-inspired m
icrocontainers: Fabrication, Characterization and Applications

ISBN 978-91-7873-328-6
TRITA-CBH-FOU-2019:52
ISSN 1654-1081

K
TH

 2019

Plant cell-inspired  
microcontainers:  
Fabrication,  
Characterization and 
Applications
THOMAS PAULRA J

doctoral thesis in Fibre and Polymer science
stockholm, sweden 2019

KTH royal insTiTuTe of TecHnology
School of EnginEEring SciEncES in chEmiStry, 
BiotEchnology and hEalth

www.kth.se


	1. Introduction
	1.1 General background
	1.2 The United Nations Sustainable Development Goals
	1.3 Thesis Objectives

	2. Background
	2.1 Structure of Parenchyma cells
	2.1.1 Primary cell wall structure
	2.1.2 Plasma membrane

	2.2 Plant cell wall constituents and functions
	2.2.1 Cellulose micro/nanofibrils
	2.2.2 Pectin
	2.2.3 Hemicellulose

	2.3 Microencapsulation techniques
	2.3.1 Microcapsule preparation using a CaCO3 template
	2.3.2 Microcapsule preparation using a ”liquid”-template


	3. Experimental
	3.2.1 Preparation of sacrificial CaCO3 template:
	3.2.3 Preparation of lipid and polysaccharide based microcapsules:
	3.3 Characterization techniques

	4. Results and Discussion
	4.1 The assembly of primary plant cell wall mimics
	4.2 LbL microcapsules
	4.2.1 Multilayer characteristics
	4.2.2 Microcapsules’ morphology
	4.2.3 Permeability of the microcapsule wall
	4.2.4 Switchable permeability of the microcapsule walls

	4.3 Synthetic plant cell-like microcapsules
	4.3.1 Microcapsules with oleic acid/ oleate cores
	4.3.2 Morphology of the OA microcapsules
	4.3.3 Microcapsules with oleic acid/ oleate/ phospholipids (Plantosomes)
	4.3.4 Manipulation of the Plantosomes

	4.4 Application of the LbL microcapsules (glucose sensor)

	5. Conclusions
	6. Future outlook
	7. Acknowledgments
	8. References
	Paper I.pdf
	Blank Page

	Paper II.pdf
	Bioinspired capsules based on nanocellulose, xyloglucan and pectin – The influence of capsule wall composition on permeability properties
	1 Introduction
	2 Materials and methods
	2.1 Materials
	2.2 Preparation of biopolymer solutions
	2.3 Microcapsules preparation
	2.4 Characterization
	2.4.1 Quartz Crystal Microbalance with Dissipation (QCM-D) measurements
	2.4.2 Scanning Electron Microscopy (SEM)
	2.4.3 Fourier Transform Infrared Spectroscopy (FTIR) analysis
	2.4.4 Confocal Laser Scanning Microscopy (CLSM) Imaging
	2.4.5 Cell studies


	3 Results and discussion
	3.1 QCM-D studies of the LbL build-up
	3.2 LbL microcapsule fabrication using CaCO3 particles
	3.3 Barrier properties in water and in the presence of NaCl
	3.4 Biocompatibility of microcapsules

	4 Conclusions
	ack19
	Acknowledgements
	Appendix A Supplementary data
	References



