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Abstract
To date, it is unclear how fluid dynamics stimulate mechanosensory cells to induce 
an osteoprotective or osteodestructive response. We investigated how murine hemat-
opoietic progenitor cells respond to 2 minutes of dynamic fluid flow stimulation with 
a precisely controlled sequence of fluid shear stresses. The response was quantified 
by measuring extracellular adenosine triphosphate (ATP), immunocytochemistry of 
Piezo1, and sarcoplasmic/endoplasmic Ca2+ reticulum ATPase 2 (SERCA2), and 
by the ability of soluble factors produced by mechanically stimulated cells to modu-
late osteoclast differentiation. We rejected our initial hypothesis that peak wall shear 
stress rate determines the response of hematopoietic progenitor cells to dynamic fluid 
shear stress, as it had only a minor correlation with the abovementioned parameters. 
Low stimulus amplitudes corresponded to activation of Piezo1, SERCA2, low con-
centrations of extracellular ATP, and inhibition of osteoclastogenesis and resorption 
area, while high amplitudes generally corresponded to osteodestructive responses. At 
a given amplitude (3 Pa) and waveform (square), the duration of individual stimuli 
(duty cycle) showed a strong correlation with the release of ATP and osteoclast num-
ber and resorption area. Collectively, our data suggest that hematopoietic progenitor 
cells respond in a viscoelastic manner to loading, since a combination of high shear 
stress amplitude and prolonged duty cycle is needed to trigger an osteodestructive 
response.
Plain Language Summary: In case of painful joints or missing teeth, the current 
intervention is to replace them with an implant to keep a high-quality lifestyle. When 
exercising or chewing, the cells in the bone around the implant experience mechani-
cal loading. This loading generally supports bone formation to strengthen the bone 
and prevent breaking, but can also stimulate bone loss when the mechanical loading 

www.wileyonlinelibrary.com/journal/fsb2
mailto:﻿
mailto:cornelia.bratengeier@liu.se


3756 |   BRATENGEIER ET Al.

1 |  INTRODUCTION

Aseptic loosening is a major clinical problem in total joint ar-
throplasty. Excessive migration of a knee or hip arthroplasty 
during the first six months after surgery predicts later pros-
thetic loosening.1 Weight-bearing movements by patients 
with a migrating prosthesis produce pressurized fluid flow 
at the periprosthetic interface.2 Clinical and experimental 
observations suggest that this fluid pressure and fluid veloc-
ity drive mechanical loading-induced bone loss in peripros-
thetic bone.3,4 Loading-induced fluid flow has generally been 
associated with an increase rather than a decrease of bone 
mass,5,6 so what defines the apparent tipping point where the 
flow-induced stimulus changes from being osteoanabolic to 
osteocatabolic? How does fluid flow impact mechanosensi-
tive cells at the molecular level?

At the periprosthetic interface, impact loading quickly 
causes a thin layer of interstitial fluid to flow at a very high 
velocity.7 In a rat model for pressure-induced periprosthetic 
osteolysis, a short duration impact loading with a high load-
ing rate induces osteoclast differentiation.8 In cultured mouse 
osteocyte-like cells, loading induces a stronger response if 
initiated by a strong acceleration of the flow, known as a 
stress kick.9,10

We note that fluid mechanical stimulation as the result of 
impact loads and stress kicks accelerates fluid flow––that is, 
it enhances the rate of change of the fluid velocity. In cul-
tured mouse osteocyte-like cells, the rate of change of fluid 
velocity is linearly correlated with the release of nitric oxide 

and prostaglandins.11 This goes along with the findings that 
low amplitude high frequency loading results in an osteo-
protective response and recent studies demonstrate that high 
amplitude low frequency loading results in an osteodestruc-
tive response.12,13 These data suggest that the initial rate of 
change of fluid velocity influences how bone cells respond 
to mechanical loading, and thus perhaps defines the tipping 
point between an osteoanabolic and osteo-catabolic mechan-
ical stimulus.

The mechanism through which mechanoresponsive cells, 
in general, convert mechanical stimuli such as fluid flow into 
biochemical responses includes a multitude of interconnected 
mechanosensitive intracellular and extracellular structures, 
such as stretch-activated ion channels, caveoli, and the actin 
cytoskeleton. More specifically, a cell subjected to fluid flow 
experiences pressure and shear stresses acting on the surface 
of the cell, stretching the cell membrane and redistributing 
the forces into intracellular structures, most notably the cy-
toskeleton. The internal forces inside the cytoskeleton and 
the biomechanical properties of the cell, together determine 
the precise nature of the cell deformation. If a cell responds 
immediately to an applied force by exhibiting a local stretch 
proportional to the local stress and returns to its original 
shape when the force ceases––like a spring––the deformation 
is elastic; if a cell responds after a prolonged duration of the 
applied force, the deformation is viscoelastic; and if a cell 
responds with a deformation that is nonreversible, the defor-
mation is plastic. Astrocytes, for example, respond in a visco-
elastic manner to fluid shear stress applied with a high rate of 

becomes too high around orthopedic and dental implants. We still do not fully under-
stand how cells in the bone can distinguish between mechanical loading that strength-
ens or weakens the bone. We cultured cells derived from the bone marrow in the 
laboratory to test whether the bone loss response depends on (i) how fast a mechani-
cal load is applied (rate), (ii) how intense the mechanical load is (amplitude), or (iii) 
how long each individual loading stimulus is applied (duration). We mimicked me-
chanical loading as it occurs in the body, by applying very precisely controlled flow 
of fluid over the cells. We found that a mechanosensitive receptor Piezo1 was acti-
vated by a low amplitude stimulus, which usually strengthens the bone. The potential 
inhibitor of Piezo1, namely SERCA2, was only activated by a low amplitude stimu-
lus. This happened regardless of the rate of application. At a constant high amplitude, 
a longer duration of the stimulus enhanced the bone-weakening response. Based on 
these results we deduce that a high loading amplitude tends to be bone weakening, 
and the longer this high amplitude persists, the worse it is for the bone. 

K E Y W O R D S

aseptic loosening, bone marrow, Piezo1, SERCA2, viscoelastic
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change of the fluid velocity. At this high rate of change of the 
fluid velocity, the astrocytes showed sharp gradients in cyto-
skeletal tension, leading to a corresponding rapid increase in 
intracellular calcium levels. When the rate of change of the 
fluid velocity was slower, the cells deformed more uniformly 
and the calcium influx was a lot slower as well, suggesting 
that fluid dynamics determine viscoelastic behavior of cer-
tain cell types, and perhaps also the type of mechanosensi-
tive molecular complexes that are activated.14 Plasticity and 
viscoelastic behavior of cells profoundly affect the activa-
tion of the evolutionary-conserved Piezo proteins.15 Piezo1 
channels are located in the membrane bilayer and respond 
shear stress-induced membrane stretch within milliseconds 
after mechanical loading, independent of the cytoskeleton, 
leading to the release of adenosine triphosphate (ATP) in 
the extracellular environment.16-18 A recent study found that 
co-localization of sarcoplasmic/endoplasmic Ca2+ reticulum 
ATPase 2 (SERCA2) with Piezo1 suppresses mechanosensi-
tivity of Piezo1.19 However, it is unknown how activation of 
Piezo1 and co-localization of Piezo1with SERCA2 are gov-
erned by fluid flow with different dynamic properties, and 
whether activation of these molecules is related to the stimu-
lation of osteoclast formation.

To understand the biophysical mechanism that induces 
osteoclast differentiation, we determined the range of fluid 
flow characteristics (rate, amplitude, and duration) that in-
duce the release of osteoclast-stimulating factors by hemato-
poietic progenitor cells. Here, we hypothesize that peak shear 
stress rate drives the production of osteoclast-stimulating or 
inhibiting factors by cultured hematopoietic progenitors sub-
jected to fluid shear stress.

2 |  MATERIAL AND METHODS

2.1 | Isolation of mouse hematopoietic 
progenitor cells

The animal care and use committee of Linköping 
University Ethical Board approved the use of experimen-
tal animals (#4-15, #1605). Bone marrow from the long 
bones of sacrificed male C57bl/6J wild-type mice (7-10 
weeks) (Janvier Labs, Le Genest-Saint-Isle, France) were 
isolated. Hematopoietic progenitor cells were generated 
as previously described.20 Briefly, whole bone marrow 
was incubated for 48  hours on untreated culture dishes 
in the presence of 100 ng/mL recombinant mouse mac-
rophage colony stimulating factor (M-CSF) protein (R&D 
Systems, Inc., Minneapolis, MN, USA). After 48 hours, 
the cells were harvested using a 0.02% EDTA solution 
(Sigma-Aldrich Sweden, Stockholm, Sweden) and seeded 
at 1.0  ×  105 cells/cm2 onto 5  µg/cm2 fibronectin-coated 

glass slides (Sigma-Aldrich Sweden) for 24 hours before 
mechanical stimulation. Hematopoietic progenitor cell cul-
tures were obtained from separate mice and analyzed sepa-
rately (n = 6, separate experiments).

2.2 | Application of pulsating fluid flow

Murine hematopoietic progenitor cells were subjected to  
2 or 60 minutes of pulsating fluid flow using a parallel-plate 
flow chamber as previously described.12,13 MEMα (Life 
Technologies Europe, Stockholm, Sweden) supplemented 
with 1%PSF (Life Technologies Europe) was used as a fluid 
flow medium. The conditioned medium was stored for fur-
ther experiments.

Adaptations of the loading profiles were performed using 
LabVIEW Professional Development System (V 15.0F2, 
National Instruments Corporation, Austin, TX, USA) based 
on previous studies12,13,21 (Figures 1 and S1). To rapidly 
and smoothly increase (or decrease) the control signal to the 
pump, we implemented a waveform using the error function 
(erf) as defined in (1). We introduced the adjustable scaling 
parameter tau (t-0), which determines how “sharply” the tran-
sition from the low to the high value occurs between 0 and t.  
The waveform was completed by implementing the same 
function with T-t, where T is the time of the midpoint of the 
desired fall in the signal:

Using the volume flow rate in the flow chamber, we es-
timated the shear stresses experienced by the cells placed on 
the bottom wall of the chamber. The peak wall shear stress 
rate [Pa/s], plateau stimulation duration [s], and plateau wall 
shear stress [Pa] were estimated from a volume flow rate de-
termined as the average of the recording at the inlet and out-
let of the parallel flow chamber with a ME3PXN320 inline 
flow sensors (Transonic Europe B.V., Elsloo, Netherlands). 
The pulsatile volume flow rate was recorded using a TS410 
Tubing Flow Module (Transonic Europe) with a 0.1 Hz Filter 
at a 1/4 flow scale. Recording of the flow profiles was re-
peated three times for 30 seconds each time (n = 3).

The wall shear stress at the peak or at the plateau was es-
timated using formula (2) within one loading cycle, repeated 
on six random loading cycles recorded before and after the 
parallel flow chamber, where Q = volume flow rate [m3/s], 
µ = dynamic viscosity [Pa s], b = channel width [m], and  
h = channel height [m]:

(1)erf (x)=
2

√

�

×
t

∫
0

e−t2

dt.

(2)�PEAK or PLAT =
6×Q×�

b×h2
.
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The peak wall shear stress rate (τPWSSR) (ie, the initial 
rate of change of the wall shear stress or kick stress) was es-
timated using formula (3) within one loading cycle, repeated 

on six random loading cycles recorded before and after the 
parallel flow chamber, where τPEAK = average of the top 
5% of the positive peak values recorded by the flow meter,  

F I G U R E  1  Estimated fluid flow-induced stimuli experienced by cells estimated from the average of recordings before and after the parallel 
fluid flow chamber. The peak wall shear stress rate [Pa/s], plateau duration [s], and plateau wall shear stress [Pa] were estimated from a volume 
flow rate determined as the average of the recording at the inlet and outlet of the parallel flow chamber with a ME3PXN320 inline flow sensors. 
The approximate area under the curve (AuC)[Pa × s] was estimated as the product formed by plateau wall shear stress and plateau duration. n = 3,  
separate records
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τ0 = average of recorded values in which no signal was applied, 
tPEAK = time point where the peak amplitude was highest , and 
t0 = time point where the positive signal was initiated:

The approximate area under the curve (AUCSQUARE/ERF)22 
was defined per duty cycle for stimuli with a plateau shear 
stress for square or erf as a surrogate for stimulus intensity 
using formula (4), where τPLAT = average of the values at 
the constant level after the resonance of the initial peak and 
tPLAT = duration where a constant positive amplitude was 
measured:

2.3 | Osteoclast differentiation assay

Briefly, pooled whole bone marrow of two male C57bl/6J 
wild-type mice (8-10 weeks; Janvier Labs) were cultured 
in a mixture of 50% freshly prepared medium and 50% 
of condition medium. Each well, including the positive 
control, contained 30 ng/mL recombinant murine M-CSF 
(R&D Systems, Inc.) and 20 ng/mL recombinant murine 
receptor activator of nuclear factor kappa-β ligand/ tumor 
necrosis factor ligand (RANKL) (R&D Systems, Inc.).20 
RANKL was omitted in the negative control. After 6 days 
of culture, cells were fixed with 4% formaldehyde and 
stained with a tartrate-resistant acid phosphatase (TRACP) 
kit according to the manufacturer’s instructions (Sigma-
Aldrich Sweden). Nuclei were stained with DAPI (Life 
Technologies Europe). The TRAP-positive multinucle-
ated cells (≥ 3 nuclei/cell) were counted manually. The 
conditioned medium after 2 minutes or 60 minutes of me-
chanical loading was analyzed separately (n = 6, separate 
experiments).

2.4 | Bone resorption assay

Bone marrow pooled from three male C57bl/6J wild-type 
mice (7-12 weeks; Janvier Labs) were cultured in the pres-
ence of 100 ng/ml recombinant mouse M-CSF protein 
(R&D Systems) for 72 hours, after which the adherent cells 
were seeded at a density of 1.5x104 cells per 4 × 4 × 0.2 mm 
bovine bone slices. Cells were cultured in a mixture of 
50% fresh medium and 50% of condition medium for  
14 days. Each well, contained 50 ng/mL recombinant mu-
rine M-CSF (R&D Systems, Inc.) and 10 ng/mL recombi-
nant murine RANKL (R&D Systems, Inc.). RANKL was 
omitted in the negative control. After 14 days of culture, the 

medium was collected and c-terminal telopeptides of type I  
collagen (CTX-I) was quantified in the CrossLaps for 
Culture (CTX-I) ELISA (#AC-07F1, Immunodiagnostic 
Systems Holdings PLC, United Kingdom) (n = 6, separate 
experiments). Bone slices were sonicated for 30 minutes 
in 10% ice-cold NH4OH (Sigma-Aldrich Sweden), thor-
oughly washed and incubated in saturated Alum solution 
(10%, KAl[SO4]2  ×  12H2O, Sigma-Aldrich Sweden) for 
10 minutes. Resorption pits were stained with Coomassie 
Brilliant Blue (PhastGel Blue R, Sigma-Aldrich). Images 
were taken using an Olympus BX51 bright field micro-
scope (Olympus Europe GmbH, Hamburg, Germany) with 
an UPlanFI 10×/0.30  na air objective (Olympus Europe 
GmbH). The 4x4mm bone slide was virtually divided into 
four quarters and region of interest (ROI) was adjusted to 
the center of each quarter, covering approximately 70% of 
each quarter using cellSens Entry software (version 1.8.1 
[build 10891], Olympus Europe GmbH). Percent of re-
sorbed area in relation to total area in the selected ROI was 
quantified using Fiji ImageJ23 as described in the supple-
mentary data. (n = 6, separate experiments).

2.5 | ATP and LDH measurements

Extracellular ATP was measured using the ATP determi-
nation kit (Fisher Scientific Sweden, Göteborg, Sweden) 
according to the manufacturer’s instructions. Extracellular 
levels of Lactate dehydrogenase (LDH) were measured using 
the CytoTox96 nonradioactive cytotoxicity assay (Promega 
Biotech AB, Nacka, Sweden) according to manufacturer’s 
instructions. Snap frozen conditioned medium after 2 min-
utes of mechanical loading was analyzed separately (n = 6, 
separate experiments).

2.6 | Cellular co-detection of 
Piezo1 and SERCA2

Immediately after 2 minutes of mechanical loading, hemat-
opoietic progenitor cells were fixed in 4% formaldehyde 
(Merck, Stockholm, Sweden). Fixed and permeabilized 
cells were stained with anti-SERCA2 ATPase monoclo-
nal antibody [2A7-A1] (1:100, Abcam, Cambridge, UK) 
for 36 hours and subsequently with PIEZO1 polyclonal 
antibody (1:400, Fisher Scientific Sweden) for 24 hours. 
Donkey anti-Mouse IgG highly cross-adsorbed secondary 
antibody (Alexa Fluor Plus 594, 1:200; Fisher Scientific 
Sweden) and Goat anti-Rabbit IgG highly cross-adsorbed 
secondary antibody (Alexa Fluor Plus 488, 1:200; Fisher 
Scientific Sweden) were used for detection. Filamentous 
actin (F-Actin) was stained with Alexa Fluor Plus 405 

(3)�PWSSR =

(

�PEAK −�0

)

(

tPEAK− t0
) .

(4)AUCSQUARE/ERF = �PLAT× tPLAT.
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Phalloidin (1:1000, Fisher Scientific Sweden). The stained 
samples were examined using an inverted Nikon Eclipse 
Ti microscope with a Plan Apo 100x/1.40 oil DIC H ob-
jective (Nikon Instruments Europe B.V., Amsterdam, 
Netherlands). The exposure time was held constant for 
each color channel.

To detect cellular levels of Piezo1 and SERCA2, the 
“look-up-table” (LUT) generated by the negative control 
staining, where the primary antibodies were omitted, was 
applied to all images using NIS-Elements imaging software 
(version 4.50.00 (build 1117) patch03, Nikon Instruments 
Europe) to correct for unspecifically bound detection an-
tibodies. Each stimulating group included six separate 
glass slides for analysis, which occurred randomized and 
blinded. On average, 75 ± 6 single cells in approximately 
20 randomly taken images per glass slide were analyzed, 
resulting in 442 ± 52 single cells analyzed per treatment. 
Fiji ImageJ23 was used to determine the corrected total cell 
fluorescence (CTCF)24 of Piezo1 and SERCA2 for each 
treatment and estimated using formula (5) (n = 6, separate 
experiments):

2.7 | Statistics

This study measures the soluble factors stimulated by me-
chanical loading that modulate osteoclast formation as the main 
variable. To evaluate the induction or suppression of osteoclast 
formation and osteoclast activity via resorption area, we used 
the ratio of osteoclasts or resorbed areas resulting from the dif-
ferent mechanical loading regimes and osteoclasts or resorbed 
area in the assay positive control. We used direct measurements 
for the statistical analysis of extracellular ATP, LDH, CTX-I, 
and Corrected Total Cell Fluorescence (CTCF) measurements 
for Piezo1 and SERCA2 and parameter for cellular morphol-
ogy. SPSS Statistics, version 24.0.0.0 (IBM, New York, NY, 
USA) was used to determine correlation by linear regression 
analysis. Biological data (eg, ATP, osteoclast number, and 
Piezo1) were correlated with the average of the recorded Peak 
wall shear stress rate [Pa/s], Loading amplitude [Pa], Loading 
duration [s], or approximate area under the curve [Pa  ×  s]. 
Because unloading is not considered an active mechanical 
loading profile, it was omitted in all linear regression analyses. 
GraphPad Prism8 for Windows, version 8.0.1(224) (GraphPad 
Software, San Diego, CA, USA) was used to generate graphs 
and to evaluate statistical differences between treatment groups 
by one-way analysis of variance (ANOVA) with Bonferroni 
correction. Figures were generated with the GNU Image 
Manipulation Program (GIMP) for Windows, version 2.10.10 
(www.gimp.org/). Data are shown as mean ± SD. P < .05 was 
considered statistically significant.

3 |  RESULTS

3.1 | Peak wall shear stress rate is 
not related to the mechanoresponse in 
hematopoietic progenitor cells

We compared the response of hematopoietic progenitor cells 
to three different peak wall shear stress rates: (i) a sine wave 
(Sine-LAHF) with a low peak wall shear stress rate (~20 Pa/s); 
(ii) two square waves (Square-HALF 6% and Square-HALF 
50%) with a high peak wall shear stress rate (~180 Pa/s); and 
(iii) unloaded cells, which did not experience any peak wall 
shear stress rate (0 Pa/s) (Figure 2A).

After applying mechanical loading, we confirmed 
that hematopoietic progenitor cells remained attached 
to the fibronectin-coated glass slide and that these cells 
did not exhibit loading-induced morphological changes 
of the cell area, cell perimeter, and cell feret’s diameter 
(Figure S2A-C).

Piezo1, a mechanoreceptor that reacts to mechanical load-
ing within milliseconds, was detected after 2 minutes of me-
chanical loading in all treatment groups. A low peak wall shear 
stress rate (Sine-LAHF) increased levels of Piezo1 (CTCF of 
70.633 ± 18.202), compared to both stimuli with a high peak 
wall shear stress rate (Square-HALF 6%, 4.0-fold and Square-
HALF 50%, 1.8-fold) and no peak shear stress rate (unloading, 
5.8-fold). High peak wall shear stress rate (Square-HALF 6% 
and Square-HALF 50%) did not significantly increase levels of 
Piezo1 compared to no peak shear stress rate (Figure 2B,C). 
A linear regression analysis revealed a very moderate negative 
linear correlation (Pearson R2 = 0.31) between peak wall shear 
stress rate [Pa/s] and the CTCF of Piezo1 (Figure 2D).

ATP is released into the extracellular environment by he-
matopoietic progenitor cells in response to mechanical stim-
ulation. Compared to no peak shear stress rate, the regimes 
with a high peak wall shear stress rate (Square-HALF 6% 
and Square-HALF 50%, ~180 Pa/s) stimulated ATP release 
by 3.4-fold and 9.8-fold, respectively, but Sine-LAHF did 
not. One mechanical stimulus with a high peak wall shear 
stress rate (Square-HALF 50%, ~180 Pa/s) also enhanced 
the release of extracellular ATP compared to Sine-LAHF by 
4.8-fold (Figure 2E). A linear regression analysis revealed a 
moderate positive linear correlation (Pearson R2 = 0.47) be-
tween peak wall shear stress rate [Pa/s] and the release of 
extracellular ATP [nM] (Figure 2F). To ensure that the ex-
tracellular ATP was loading-induced and not due to rupture 
of cell membranes, we determined the level of extracellular 
LDH, verifying that none of the mechanical loading regimes 
tested impaired cell membrane integrity (Figure S2D).

Osteoclast-modulating factors are released by hemato-
poietic progenitor cells as a result of mechanical stimula-
tion. After 60 minutes of mechanical loading, a low peak 
wall shear stress rate of ~20 Pa/s (Sine-LAHF) reduced the 

(5)
CTCF = IntergratedDensityCell

−
(

AreaCell×MeanIntegratedDensityBackground

)

.

http://www.gimp.org/
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formation of osteoclasts by 0.5-fold compared to the osteo-
clast assay positive control (#OC 65 ± 5). No peak wall shear 
stress rate (Unloading) had a tendency to increase osteoclast 
formation (1.2-fold, P  =  .0507), whereas a high peak wall 
shear stress rate of ~180 Pa/s (Square-HALF 50%) increased 

the formation of osteoclasts by 1.3-fold. In contrast, the other 
stimulation with a high peak wall shear stress rate of ~180 
Pa/s (Square-HALF 6%) did not change osteoclast formation 
(Figure 2H). After only 2 minutes of mechanical loading, a 
similar modulation of osteoclast formation was observed. 
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A low peak wall shear stress rate of ~20 Pa/s (Sine-LAHF) 
reduced the formation of osteoclasts by 0.6-fold compared 
to the osteoclast assay positive control (#OC 116.7.2 ± 2.3), 
whereas a high peak wall shear stress rate of ~180 Pa/s 
(Square-HALF 50%) increased the formation of osteoclasts 
by 1.7-fold. Neither the other stimulation with a high peak 
wall shear stress rate of ~180 Pa/s (Square-HALF 6%) nor 
unloading affected the modulation of osteoclast formation by 
hematopoietic progenitor cells (Figure 2G). A linear regres-
sion analysis revealed a moderate positive linear correlation 
(Pearson R2 = 0.34) between peak wall shear stress rate [Pa/s] 
and number of TRAP-positive multinucleated osteoclasts 
(Figure 2I).

3.2 | Amplitude and active loading duration 
per cycle are related to a stronger osteoclast-
inducing response

We rejected our initial hypothesis that peak shear stress rate 
drives the production of osteoclast-stimulating or inhibit-
ing factors by cultured hematopoietic progenitors because 
we found that the peak wall shear stress rate played a minor 
role in the mechanoresponse of hematopoietic progenitor 
cells. Therefore, we formulated a new hypothesis: loading 
amplitude and/or active loading duration per cycle play a 
major role in the release of extracellular ATP and osteoclast- 
inducing soluble factors.

First, we evaluated the effect of loading amplitude alone. 
A high average loading amplitude of ~3Pa (Square-HALF 
50%) released 3.2-fold more extracellular ATP than a low 
average loading amplitude of ~0.7Pa (Square-LALF 50%). 
An alternative waveform with a similar high average loading 
amplitude of ~3Pa, but a lower shear stress rate (Error-HALF 
50%) released only 1.7-fold more extracellular ATP than a 
low average loading amplitude of ~0.7Pa (Error-LALF 50%) 
(Figure 3A,B). A linear regression analysis was performed 
to examine the relationship between loading amplitude [Pa] 

and the release of extracellular ATP [nM], which resulted in 
a positive linear correlation (Pearson R2 = 0.55) (Figure 3C). 
In terms of osteoclast modulation, both regimes with a low 
average loading amplitude of ~0.7Pa (Square-LALF 50%, 
0.8-fold and Error-LALF 50%, 0.8-fold) reduced the amount 
of osteoclast differentiation compared to the osteoclast assay 
positive control, regardless of their difference in shear stress 
rate. In contrast, both regimes with a high average loading 
amplitude of ~3Pa (Square-HALF 50%, 1.7-fold and Error-
HALF 50%, 1.6-fold) increased the amount of osteoclast dif-
ferentiation (Figure 3A,D). As a result, a linear regression 
analysis revealed a very strong positive linear correlation 
(Pearson R2 = 0.94) between loading amplitude [Pa] and 
the number of TRAP-positive multinucleated osteoclasts 
(Figure 3E). Taken together, we observed that at a similar 
length of the loading duration per cycle, loading amplitude 
determines the directionality of the effect on osteoclastogen-
esis. In Sine-LALF and Sine-HALF, a very similar modu-
lation of osteoclast formation was observed, depending on 
loading amplitude (Figure S3).

Next, we evaluated the effect of active loading dura-
tion per cycle in the high amplitude square loading profiles 
(~3Pa). The longer the active loading per cycle (Figure 3F), 
the more extracellular ATP was released by the loaded 
hematopoietic progenitor cells compared to the unloaded 
cells: 6% (3.40-fold), 14% (5.78-fold), 22% (6.41-fold), 
36% (7.24-fold), and 50% (9.77-fold). Unloaded hemato-
poietic progenitor cells released much lower extracellular 
ATP (0.03 ± 0.02; Figure 3G). A linear regression analysis 
revealed a strong positive linear correlation (Pearson R2 = 
0.72) between the length of the loading duration per cycle 
[s] and the release of extracellular ATP [nM] (Figure 3H) 
if the shear stress rate and amplitude were kept constant. 
In addition, the longer the active loading duration per cycle 
(Figure 3F), the greater the osteoclast formation compared to 
the osteoclast assay positive control (#OC 117.8±7.8): 22% 
(1.24-fold), 36% (1.37-fold), and 50% (1.70-fold). Unloaded 
cells, as well as short active loading duration per cycle  

F I G U R E  2  Peak wall shear stress rate does not explain changes in the detection of the mechanoreceptor Piezo1, the release of extracellular 
ATP, or changes in osteoclast formation. Loading profiles with a variation in peak wall shear stress rate [A] were applied for 2 minutes on 
hematopoietic progenitor cells. Higher levels of the mechanoreceptor Piezo1 were detected in cells exposed to low peak wall shear stress rate 
(Sine-LAHF) compared to cells exposed to high peak wall shear stress rate (Square-HALF 6% and 50%) or unloaded cells [B, C]. Correlation 
analysis between peak wall shear stress rate [Pa/s] and Piezo1 fluorescence intensity [CTCF] gives a moderate negative linear relationship [D]. 
The concentration of extracellular ATP was highest in cells exposed to high peak wall shear stress rate (Square-HAHF 50%) compared to the other 
loading profiles [E]. Correlation analysis between peak wall shear stress rate [Pa/s] and extracellular ATP [nM] gives a moderate positive linear 
relationship [F]. Changes in osteoclast formation after 2 minutes [G] and 60 minutes [H] were similar––increased in high peak wall shear stress rate 
(Square-HAHF 50%) and decreased in low peak wall shear stress rate (Sine-LAHF). [I] Correlation analysis between peak wall shear stress rate 
[Pa/s] and number of TRAP-positive multinucleated osteoclasts gives a moderate positive linear relationship. In the correlation analysis (1D, F, and 
I) data obtained at additional shear stress rates, with regimes not displayed in figure 2A, have been included. a = statistical significance to Sine-
LAHF; b = statistical significance to Square-HALF 50%; c = statistical significance to Unloading. Pink* = statistical significance to osteoclast 
assay positive control (CTRL), **P < .01, ****P < .001, one-way analysis of variance with Bonferroni post hoc test. n = 6, separate experiments.  
Scale bars: 25 µm
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(6% and 14%), did not change osteoclast differentiation com-
pared to the osteoclast assay positive control (Figure 3I). 
Linear regression analysis revealed a strong positive linear 
correlation (Pearson R2 = 0.90) between the length of the 
loading duration per cycle [s] and number of TRAP-positive 
multinucleated osteoclasts at a given loading amplitude and 
rate (Figure 3J).

3.3 | The combination of loading 
amplitude and duration is related 
to the mechanoresponse in hematopoietic 
progenitor cells

Loading duration per cycle at a constant amplitude, as well as 
loading amplitude at a constant duration strongly correlated 

F I G U R E  3  Loading Amplitude and loading duration per cycle explain changes in extracellular ATP and induction of osteoclast formation. 
Loading profiles with a variation in loading amplitude [A] were applied for 2 minutes on hematopoietic progenitor cells. The concentration of 
extracellular ATP [B] and formation of osteoclast [D] was higher in loading profiles with high amplitude (Square-HALF 50% and Error-HALF 
50%) compared to loading profiles with low amplitude (Square-LALF 50% and Error-LALF 50%). Correlation analysis between loading amplitude 
[Pa/s] and extracellular ATP gives a moderate positive linear relationship [C], and the number of TRAP-positive multinucleated osteoclasts 
gives a strong positive linear relationship [E]. Loading profiles with a variation in loading duration per cycle [F] were applied for 2 minutes on 
hematopoietic progenitor cells. The concentration of extracellular ATP [G] and formation of osteoclast [I] was higher in loading profiles with a 
longer loading duration per cycle (Square-HALF 22%-50%). Correlation analysis between loading duration and extracellular ATP gives a strong 
positive linear relationship [H], and the number of TRAP-positive multinucleated osteoclasts gives a strong positive linear relationship [J].  
a = statistical significance to Unloading, b = statistical significance to Square-HALF 50%, Pink* = statistical significance to osteoclast assay 
positive control (CTRL), *P < .05, **P < .01, and ****P < .001, one-way analysis of variance with Bonferroni post hoc test. n = 6, separate  
experiments
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with the release of extracellular ATP and induction of osteo-
clast formation. However, we observed that Square-HALF 50% 
increased the release of extracellular ATP and increased osteo-
clast formation, while Square-HALF 6% did not, suggesting 
that it is the combination of a higher amplitude with a longer 
active loading duration that promotes an osteo-catabolic re-
sponse. Together, duration and amplitude could be a compound 
parameter for stimulus intensity. Therefore, we further investi-
gated the role of the combination of both factors, loading am-
plitude and length of loading duration per cycle for the square 
and error functions, where we could most easily approximate 
the area under the curve during the plateau phase of the stimuli 
(Figures 1 and S1). We included data from square and error 
functions in a wide range of shear stress rates (~20Pa/s up to 
~180Pa/s), durations (0.06s up to 0.42s), and both average am-
plitudes tested (~0.7Pa and ~3Pa). We found no strong correla-
tion between ATP and the intensity of the stimulus (Pearson  
R2 = 0.43; Figure 4A). Moreover, the number of TRAP-positive 
multinucleated osteoclasts has a strong linear correlation to the 
stimulus intensity (Pearson R2 = 0.66; Figure 4B).

3.4 | Low amplitude flow regimes enhance 
Piezo1 and SERCA2 levels

Understanding now that a combination of the length of load-
ing duration per cycle and loading amplitude highly influenced 
the direction and magnitude of the mechanoresponse of hemat-
opoietic progenitor cells, it remains elusive how these cells dis-
tinguish between osteoprotective and osteodestructive loading 
regimes. We noticed that the level of Piezo1 staining seems to be 
higher when osteoprotective stimuli are present compared to no 
mechanical stimulus. These observations led us to look further 

into the regulation of this mechanoreceptor. As such, we inves-
tigated the potential interaction of SERCA2 and Piezo1 after  
2 minutes of mechanical loading. SERCA2, an ATPase that in-
teracts with Piezo1 at the endoplasmic reticulum (ER) plasma 
membrane (PM) junctions, suppresses its mechanogating.

Piezo1 was visualized in hematopoietic progenitor cells 
subjected to a wide range of loading regimes. We confirmed our 
earlier observation that Piezo1 was detected with higher levels 
in loading regimes resulting in an osteoprotective response 
(Sine-LAHF, CTCF 70.633 ± 18.202 and Square-LALF 50%, 
CTCF 53.049 ± 12.337) compared to loading regimes that ei-
ther did not change osteoclast formation (Unloading, Square-
HALF 6%, and Square-HALF 14%) or induced osteoclast 
formation (Square-HALF 50%) (Figure 5A-C).

After 2 minutes of loading, SERCA2 was highest in load-
ing regimes that induced an osteoprotective response (Sine-
LAHF, CTCF 40.843  ±  19.600, and Square-LALF 50%, 
CTCF 41.025  ±  10.170). Loading regimes that either did 
not change osteoclast formation (Unloading, Square-HALF 
6%, and Square-HALF 14%) or induced osteoclast formation 
(Square-HALF 22%, Square-HALF 36%, and Square-HALF 
50%) had very low levels of SERCA2 (Figure 5A,B,D). 
Linear regression analysis comparing the measured levels of 
SERCA2 with Piezo1 revealed a strong positive linear cor-
relation (Pearson R2 = 0.63) (Figure 5E).

3.5 | Soluble factors released after 
mechanical loading affect osteoclast 
resorption area and level of CTX-I

To investigate whether the decrease of osteoclast number in 
some loading regimes and the increase of osteoclast numbers 

F I G U R E  4  The combination of loading amplitude and duration strongly correlates with osteoclast formation. Correlation analysis between 
approximate area under the curve [Pa*s] and extracellular ATP gives a moderate positive linear relationship [A]. Correlation analysis between 
approximate area under the curve [Pa × s] and TRAP-positive multinucleated osteoclasts gives a strong positive linear relationship [B]. n = 6,  
separate experiments
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in other loading regimes, reflects cells capable of resorption, 
we quantified the area of resorption of bovine bone slices and 
measured CTX-I.

The area of resorbed bone was significantly lower in load-
ing regimes that reduced osteoclast number (Sine-LAHF, 
0.67 ±-fold, and Square-LALF 50%, 0.66-fold), compared to 

F I G U R E  5  Osteoclast-inhibiting loading regimes result in higher levels of Piezo1 and SERCA2, while osteoclast-stimulating loading 
regimes (Square-HALF 22%, 36%, and 50%) may also increase levels of Piezo1, but not of SERCA2. Loading profiles with a variation in loading 
amplitude and loading duration per cycle [A] were applied for 2 minutes on hematopoietic progenitor cells. Loading profiles (Sine-LAHF and 
Square-LALF 50%) that decreased osteoclast formation [B] revealed higher levels of Piezo1 [A, C] compared to unloaded cells, Square-HALF 6%, 
and Square-HALF 14%. SERCA2 [A, D] increased only in loading profiles (Sine-LAHF and Square-LALF) that decreased osteoclast formation. 
Correlation analysis between the cellular level of Piezo1 and cellular level of SERCA2 gives a strong positive linear relationship [E]. # indicates 
groups where outliers (higher or lower than mean ± 2xSD) were removed. a = statistical significance to Sine-LAHF. b = statistical significance to 
Square-LALF 50%. Pink* = statistical significance to osteoclast assay positive control (CTRL), ***P < .001, ****P < .001, one-way analysis of 
variance with Bonferroni post hoc test. n = 6, separate experiments. Scale bars: 25 µm
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the assay positive control (CTRL, resorbed area 28.4 ± 1.9%). 
The loading regime that induced the most osteoclast formation 
(Square-HALF 50%, 1.35-fold) increased the area of resorbed 
bone compared to the assay positive control. Compared to the 
assay positive control, the remaining loading profiles did not 
change osteoclast resorption. (Figure 6A,B).

Resorption was further quantified by evaluating the lev-
els of CTX-I from the bovine bone slices. In loading re-
gimes that reduced osteoclast number, the levels of CTX-I 
were lower (Sine-LAHF, 0.58-fold, and Square-LALF 50%, 
0.58-fold) compared to the assay positive control (CTX-I 
77.8 ± 4.9 nM). The loading regime that inducted osteoclast 
formation the strongest (Square-HALF 50%, 1.52-fold) also 
increased levels of CTX-I compared to the assay positive 
control. (Figure 6C).

4 |  DISCUSSION

Although mechanical loading from daily activity induces 
bone formation, clinical, and experimental evidence reveal 
that mechanical overloading also induces bone loss. It re-
mains elusive what mechanical stimuli results in an osteo-
protective or an osteodestructive response. The current study 
elucidates how fluid flow-derived mechanical stimuli affect 
hematopoietic progenitor cells to either enhance or sup-
press osteoclast formation. Specifically, we wanted to dis-
tinguish between the response to (i) peak wall shear stress 
rate (PWSSR), (ii) wall shear stress amplitude, (iii) duration 
of wall shear stress stimuli per cycle, and (iv) a surrogate for 
stimulus intensity defined as the product of (ii) and (iii). In 
addition, this study attempted to shed light on how different 

F I G U R E  6  Soluble factors released after 2 minutes of mechanical loading that modulate osteoclast formation affects resorption area and 
CTX-I levels. Loading profiles with a variation in loading amplitude and loading duration per cycle [A] affected the area of resorbed bone by 
osteoclasts. Sine-LAHF and Square-LALF 50% reduced resorbed area on bovine bone slides compared to assay positive control and compared to 
all remaining loading profiles, except for Square-HALF 6%. The loading regime that had highest number in osteoclasts formation (Square-HALF 
50%) also had highest amount of resorbed area on bovine bone slides [A, B]. The levels of soluble CTX-I were lower in both Sine-LAHF and 
Square-LALF 50% compared to the control, while the loading profile that increased osteoclast number the strongest (Square-LALF 50%) increased 
levels of CTX-I [C]. Please note: For improved visualization the Hue-saturation of the blue channel was enhanced by 100% for all images.  
# indicate groups where repetition had to be excluded due to ill-prepared bone slices (improper sonication). a = statistical significance to Sine-
LAHF. b = statistical significance to Square-LALF 50%. Pink* = statistical significance to assay positive control (CTRL), *P < .05, **P < .01,  
one-way analysis of variance with Bonferroni post hoc test. n = 6, separate experiments. Scale bars: 100 µm 
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stimuli (i-iv) affect hematopoietic progenitor cells at the mo-
lecular level, focusing on the mechanoreceptor Piezo1 and 
the Ca2+ ATPase SERCA2. Understanding how bone cells 
differentiate between mechanical loading that induces osteo-
protective or osteodestructive signaling cascade will provide 
crucial knowledge that can be used to prevent or decelerate 
bone degradation and thus implant loosening in orthopedic 
and dental applications.

Numerous studies have addressed the problem by at-
tempting to isolate the “one” mechanical stimulus that 
affects mechanoresponsive bone cells. In line with these 
discussions, previous studies have reported that mecha-
noresponsive bone cells are influenced by the initial fluid 
displacement defined by the peak wall shear stress rate. 
Osteoblast-like MC3T3-E1 cells stimulated by fluid flow 
shear stress responded significantly to an initial rapid rate of 
change of shear stress (stress-kick) induced by an increased 
release of nitric oxide (NO), where the amount of NO de-
pends on the peak wall shear stress rate.9 An animal model 
of osteolysis found that osteoclast formation and bone re-
sorption due to initial fluid displacement is caused by impact 
loading, resulting in a sharp spike-like loading with high 
peak wall shear stress rate.8 These observations suggest that 
the initial peak wall shear stress rate is clinically relevant to 
how bone cells respond to fluid flow-induced mechanical 
loading. However, we found that in hematopoietic progen-
itor cells the peak wall shear stress rate seems to play only 
a minor role, if any, in the observed mechanical loading- 
induced response. Neither Piezo1 levels nor extracellular 
ATP nor the osteoclast-modulating effect of released soluble 
factors could be strongly linked to different peak wall shear 
stress rates. Instead, loading amplitude and loading duration 
per cycle potentially offer a better explanation of modulation 
of osteoclast formation.

Loading amplitude is a highly discussed issue in the bone 
field. Early studies on turkey ulnar revealed the importance 
of loading frequency and rate on bone adaptation.25 Since 
these studies, several others have investigated the anabolic 
effects of either high amplitude––low frequency, or low 
amplitude––high frequency mechanical stimuli on bone 
mineral density,26,27 osteoporosis prevention,28 and fracture 
healing.29 Low amplitude––high frequency loading has ben-
eficial effects on bone-implant osseointegration.30 Moreover, 
few studies have investigated loading duration by focusing on 
the active loading per cycle with a constant loading repetition 
and duration of loading. In hematopoietic progenitor cells, 
low amplitude loading was associated with an osteoprotective 
response that resulted in a decreased osteoclast number, re-
sorbed bone area, and CTX-I levels, whereas high amplitude 
loading was associated with an osteodestructive response and 
increased osteoclast number. The osteodestructive loading 
profile with the highest number of osteoclast formation also 
increased resorbed area and CTX-I levels. Loading duration 

seems to have a tremendous influence on osteoclast formation 
at a constant high loading amplitude. However, the opposite 
could be seen at low amplitude where a decrease in osteo-
clast formation and resorption activity was demonstrated. A 
similar response has been seen in terms of the release of ex-
tracellular ATP. At a low amplitude loading, lower concentra-
tion of extracellular ATP was measured compared to a high 
loading amplitude. Equally, at a high amplitude, a prolonged 
loading duration per cycle resulted in a higher concentration 
of extracellular ATP compared to a shorter loading duration 
per cycle. Thus, the overall loading intensity seems to regu-
late the release of ATP. However, using the applied loading 
amplitude or loading duration as solitary factors to explain 
the observed modulation of osteoclasts, or release of ATP, 
might lead to a wrong interpretation since some of the osteo-
protective flow regimes increase ATP release, while reducing 
osteoclast number. ATP release and osteoclast formation are 
thus not linearly correlated over the entire range of possible 
mechanical stimuli.

Therefore, we used a combination of loading amplitude 
and loading duration per cycle to describe the response of 
hematopoietic progenitor cells. This approach is supported 
by studies of red blood cells where shear stress-induced cel-
lular deformation has been reported to depend on a combi-
nation of loading amplitude and duration.31 Furthermore, the 
application of strain in cell stretching devices32,33 provided 
strong evidence that several deformation signals highly in-
fluence the cellular response to mechanical strain. This was 
summarized in a mathematical expression, where amplitude, 
frequency, duty cycle (loading duration, duration of resting 
phase), number of cycles, wall shear stress rate, wall shear 
stress, and substrate stiffness were discussed as potential crit-
ical factors for strain-induced responses on cells.34 Although 
in these early observations the number of suggested con-
tributing factors was quite large, we were able to formulate 
a simpler mathematical expression to describe the cellular 
response to a relatively wide range of fluid shear stresses, 
including loading amplitude and duty cycle. When applying 
the approximate area under the curve for square functions 
and error functions as a compound factor for loading am-
plitude and duration to explain the modulation of osteoclast 
formation, a strong correlation could be seen, suggesting that 
it is the combination of those two parameters that determine 
the directionality and strength of the osteoclast-modulating 
response. We could further eliminate that wall shear stress 
rate is a contributing factor to loading-induced osteoclast 
modulation in hematopoietic progenitor cells. Interestingly, 
the release of ATP, in contrast to the release of osteo-
clast-modulating soluble factors, seems to be more likely 
related directly to loading amplitude or duration per cycle at 
a given amplitude as a solitary factor. The strong correlation 
observed with extracellular ATP and loading amplitude or 
loading duration as solitary factors were diminished when 
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applying the approximate area under the curve for square 
functions and error functions.

The mechanical response of a cell to shear stress is to de-
form or stretch. If the deformation is reversible immediately 
upon the cessation of loading and independent of the loading 
duration, the cell deforms as a perfectly elastic body, analo-
gous to a spring. Our results indicate that the cell deformation 
is reversible since we were unable to detect any changes in the 
cell area, cell perimeter, or cell feret’s diameter after loading. 
Furthermore, our results established that the magnitude of the 
mechanically induced osteo-catabolic response of the cells 
depends on the loading duration for a given amplitude. If we 
assume that this biochemical response reflects the mechanical 
response in the form of cell deformation, we can further hy-
pothesize that the deformation of the cell depends on the load-
ing duration. Hence the cells do not deform as perfect elastic 
bodies, but rather as viscoelastic bodies, for which deformation 
is dynamic under constant stress. The biomechanical descrip-
tion of material can take the form of a constitutive law, which 
gives the relationship between the local stress and the resulting 
local deformation or stretches. An example of a viscoelastic 
constitutive law is the standard linear solid model, visualized 
by its Kelvin (Figure 7), in the form of a Hookean spring with 
elastic modulus E1 coupled in series to another Hookean spring 
with elastic modulus E2 coupled in parallel to a viscous damper 
with a viscosity η. As the cell starts to experience stress, the 
response is an immediate elastic deformation characterized by 
E1, followed by additional dynamic viscoelastic deformation 
determined by E2 and η.

In naïve tissue, cells with viscoelastic properties can re-
spond either directly due to external mechanical forces or in-
directly through their surrounding extracellular matrix. Cells 
have a variety of possibilities to detect external mechanical 
forces and respond accordingly.

One such mechanism is the mechanical loading-induced 
deformation of the cytoskeletal network, which changes the 
tension of the cellular membrane35 and increases the poroelas-
ticity in the cytoplasm.36 Actin filaments, microtubules, and in-
termediate filaments form an adjustable network that can resist 
deformation, protecting the intracellular compartments.37 This 

resistance results in a stiffening of the cytoskeletal network due 
to fiber elongation, fiber bending, or shorter cross-linking of the 
actin filaments, causing an increased elastic modulus38,39 and 
poroelasticity. In addition to stiffening, fluid shear stress (at ap-
proximately 1.5Pa) induces the alignment of actin filaments in 
cells in the fluid flow direction.40 The remodeling of the cyto-
skeleton and alignment of the actin filaments are results of shear 
stress-induced activation of signaling pathways.41,42 The cyto-
skeleton acts as a physical coupling mechanism to transduce ex-
ternal forces from the extracellular matrix directly to the outer 
nuclear membrane within milliseconds.43 However, loading- 
induced gene expression in bone persists hours after a loading 
episode,44 potentially due to shear stress-induced cytoskeletal 
rearrangement and subsequent transduction of the signal to the 
nucleus, inducing changes in gene expression. However, we 
demonstrated a response by hematopoietic progenitor cells to 
mechanical loading after only 2 minutes, making the involve-
ment of cytoskeletal rearrangements and resulting changes 
in gene expression questionable. Nevertheless, the observed 
viscoelastic deformation of cells might still depend in part on 
the cytoskeleton. Cytoskeletal changes in chondrocytes, osteo-
blasts, adipocytes, as well as breast cancer cells directly affect 
cellular viscoelasticity.45-47 As in our study, earlier studies have 
found that the viscoelastic deformation of cells increases with 
the applied loading amplitude and cyclic loading duration.48,49

The lipid bilayer of the plasma membrane is also known 
to have viscoelasticity properties,50 which influence lipid-pro-
tein or protein-protein interaction-induced cell signaling at the 
membrane surface.51 The mechanical properties of the lipid 
bilayer can change under tension,52 which affects mechano-
sensitive channels.53 These membrane-mediated mechanical 
sensors can experience shear stress-induced changes that, for 
example, expose cryptic binding sites, increase ion conductiv-
ity, produce conformational changes of membrane proteins, and 
increase tension in the lipid bilayer.54 Membrane tension highly 
regulates Piezo1, a cytoskeleton-independent Ca2+-permeable 
nonselective cation channel,55,56 which response to mechanical 
loading57 within milliseconds.18 Furthermore, Piezo1 is known 
to regulate the mechanotransductive release of ATP into the 
extracellular environment.16,17 Piezo1 possesses a self-regula-
tory gating mechanism at the globular C-terminal extracellular 
domain, which is crucial for frequency filtering of repetitive 
mechanical stimuli58 and loading intensity.59 This gating mech-
anism of Piezo1 allows the transitions between open, closed, 
and inactivated stages.60 However, the mechanism of Piezo1 
inactivation remains unknown.61 Our results demonstrate lev-
els of Piezo1 did not depend on wall shear stress applied on 
hematopoietic progenitor cells since all loading regimes, which 
seem to modulate osteoclast formation, also increased levels 
of Piezo1. Thus, Piezo1 alone cannot explain the tipping point 
between osteoanabolic and catabolic stimuli at the molecular 
level. On the other hand, SERCA2 levels of hematopoietic 
progenitor cells were only higher when stimulated with low 

F I G U R E  7  The standard linear model in Kelvin representation. 
A Hookean spring with elastic modulus E1 coupled in series to  
another Hookean spring with elastic modulus E2 coupled in parallel  
to a viscous damper with a viscosity η
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intensity loading regimes (osteo-protective), while SERCA2 
levels were lower in high intensity loading regimes. This find-
ing is in line with diastolic dysfunction in postinfarction heart 
failure where high mechanical stress in the heart is directly 
linked to SERCA2 down-regulation.62 Poking-induced loading 
leads to co-localization of SERCA2 with Piezo1, desensitizing 
Piezo1.19 SERCA2 is essential for maintaining Ca2+ homeosta-
sis by transporting cytosolic Ca2+ into SR/ER Ca2+ storage.63 
To store Ca2+ in the ER, ATP needs to be hydrolyzed intra-
cellularly rather than being secreted,64 the condition found in 
osteoprotective loading regimes. This regulatory mechanism 
of Piezo1 by SERCA2 could potentially be active in mechano-
sensitive cells to differentiate between low intensity osteopro-
tective and high intensity osteodestructive loading intensities. 
Other studies will be performed to further investigate the mech-
anism behind the regulatory involvement of SERCA2.

Although the focus of this study was on the mechanosen-
sitive receptor Piezo1, it needs to be addressed that bone cells 
possess several mechanisms to sense and respond to mechan-
ical loading, some of which have been directly linked to ATP 
release. First, primary cilia are present on a variety of differ-
ent cells, including cells of the hematopoietic lineage.65 Fluid 
flow stimulation in vitro deflects primary cilia on osteocytes, 
which causes an immediate rise in cytosolic Ca2+.66,67 This 
initial rise in intracellular Ca2+ is amplified by the release 
of ATP and the subsequent purinergic response through P2X 
and P2Y receptors.68 In bone, a variety of P2X and P2Y re-
ceptors have been identified.69,70 We have previously demon-
strated the ATP-depended release of osteoclast-modulating 
soluble factors by murine hematopoietic progenitor cells  
specifically through the P2X7 receptor upon mechanical 
loading.20 However, little is known about the involvement 
of other sub-receptors in the family of P2X and P2Y recep-
tors in the loading-induced release of osteoclast-modulation 
soluble factors. Another cellular structure, well known to be 
involved in bone responses to mechanical loading, are con-
nexin (Cx) channels, more specifically the (hemi)channels 
consisting of Cx43. Mechanical loading enhances the release 
of prostaglandin E2 (PGE2) and ATP through connexin he-
michannels.71 Also on cells in the hematopoietic lineage, the 
presence of Cx43 supports directly intercellular communica-
tion and strong adhesion of immune cells, such as monocytes 
and macrophages.72,73 Although primary cilia, P2X and P2Y 
receptors, and connexins undoubtedly play a role in the sens-
ing of––and response to––mechanical loading, their role in 
the loading-induced release of osteoclast-modulating soluble 
factors still needs to be investigated.

Mechanical loosening, osteolysis, and infections are the 
most commonly reported reasons for loosening of an implant 
in orthopedic areas74,75 and dental applications.76 Using a 
model to investigate and isolate the underlying mechanism 
for micromotion-induced high-pressurized fluid flow at the 

bone-implant interface is crucial for developing counter mea-
surements. In this study, we used a 2D-model to evaluate the 
influence of fluid shear stress on hematopoietic progenitor 
cells. Although one might point out that using a 2D-model 
instead of a more complex 3D-model is a limitation in this 
study, we argue otherwise. The periprosthetic interface mem-
brane is a very thin layer (20-40µm)77 formed between the 
bone and the implant and defines the area where the implant 
becomes loose. This thickness resembles the parallel flow 
chamber used in our in-vitro model for bone implant loos-
ening and thus a 2D-model appears more clinically relevant 
than a 3D-model. In addition, the most dominant cell pop-
ulation found in this periprosthetic interface membrane are 
fibroblasts and macrophages.78 Therefore, the cell popula-
tion chosen for this study is highly clinically relevant as we 
include a mixed population of monocytes, megakaryocytes, 
and macrophages.5 In addition to macrophages, monocytes 
play a crucial role in the osseointegration of bone implants. 
Monocytes support the recruitment and attachment of mes-
enchymal stromal cells onto the implant surface, which 
promotes osseointegration.79-81 However, a disturbing me-
chanical environment due to micromotions by the loosening 
implant at the periprosthetic interface might interfere with 
the attachment of mesenchymal stromal cells, further advanc-
ing the loosening process.

A variety of studies have attempted to understand how me-
chanical loading affects bone cells. Although it was initially 
thought that peak wall shear stress rate coupled with initial 
fluid displacement regulates osteoclast formation, our results 
suggest otherwise. The mechanical factor driving the re-
sponse of hematopoietic progenitors is a combination of high 
amplitude and long-duration loading, consistent with a visco-
elastic response of the cells. Our current study might signify 
a new ground for understanding of how mechanosensitive 
cells induce either an osteoprotective or an osteodestructive 
response, critical information for delaying or stopping im-
plant loosening in orthopedic and dental medicine.
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